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Preface

Cell and Molecular Biology of the Cytoskeleton focuses on the three major fibrous
proteins in the cytoplasm that are collectively known as the cytoskeletal sys-
tem. These polymorphic cytoskeletal proteins are microtubules (25-nm diam-
eter), microfilaments (6-nm diameter), and intermediate filaments (10-nm
diameter). Microtubules consist of tubulin and several well-characterized mi-
crotubule-associated proteins (MAPs) such as MAP1, MAP2, and tau. Micro-
filaments consist of actin and associate with actin-binding proteins, including
alpha-actinin, filamin, myosin, tropomyosin, vinculin, and others. Intermedi-
ate filaments consist of at least five different tissue-specific classes, including
desmin or skeletin (muscle), prekeratin (epithelial), vimentin (mesenchymal),
neurofilament (nerve), and glial acidic fibrillary protein (astrocytes).

In this volume distinguished researchers in the field cover the interaction
of these fibrous proteins, not only with each other and other cytoplasmic
components, but also with such biological processes as cell shape changes,
growth, motility, secretion, and division. These comprehensive reviews ex-
plore the cytoskeleton’s molecular, biochemical, and structural properties
with an emphasis on their manifestation in the living cell.

Jerry W. Shay
Dallas, Texas
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Probing the Cytoskeleton
by Microinjection

Brigitte M. Jockusch, Annette Fiichtbauer,
Christiane Wiegand, and Bernd Héner

Dedicated to Professor Georg Melchers,
on the occasion of his 80th birthday

1. Introduction

Animal cells employ about 20-35% of their total protein synthesis to con-
struct the cytoskeleton—an intracellular cage of complex structures involved
in cellular motility, like intracellular transport, exo- and endocytosis, pro-
toplasmic streaming, locomotion, cellular polarity, anchorage, and cell divi-
sion. Commonly, the entity of the cytoskeleton is divided into three fibrillar
systems: microtubules, microfilaments, and intermediate (10-nm) filaments.
In this chapter, we include the coated vesicle system, since it fulfills the criteria
most commonly used to define cytoskeletal elements: it is composed of struc-
tural proteins that form supramolecular structures via self-assembly, it is in-
volved in transport phenomena, and it associates with cellular membranes as
well as with other cytoskeletal systems.

Whereas the cytoskeleton is intimately involved in cellular dynamics, the
cytoskeletal elements are dynamic structures themselves. Their organization
as well as their functions are, for example, subject to changes within the cell
cycle, the developmental stage, and the cellular environment. The mechanism
directing these changes probably involves protein:protein interactions with
weak affinities guided by subtle changes in the ionic milieu and posttransla-

Brigitte M. Jockusch, Annette Fiichtbauer, Christiane Wiegand, and Bernd Hiner o Develop-
mental Biology Unit, University of Bielefeld, 48 Bielefeld, Federal Republic of Germany.
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2 Brigitte M. Jockusch et al.

tional protein modification. To study the molecular basis of these processes,
one has to analyze synchronized cell populations or single cells.

Microinjection of specific drugs, structural proteins, or specific anti-
bodies into single tissue culture cells has proven a valuable approach to this
problem. Many cells have been shown to tolerate this experimental procedure
quite well. The development of microscale methods (e.g., minigels and fast
protein liquid chromatography) permits the biochemical analysis of approx-
imately 100 cells, a number that can easily be microinjected within 5 min.
Within the past few years, this technique has therefore become increasingly
popular and has already answered many questions about the intracellular
organization, the reversible assembly of cytoskeletal structures, and the func-
tional requirement of individual components in specific motile processes. In
this chapter, we shall discuss the most important results pertaining to the
organization and function of the cytoskeleton obtained from microinjection
with glass capillaries. We will concentrate on tissue culture cells but will com-
pare data obtained with these cells with similar studies on lower eukaryotic
cells.

2. The Microtubule System

2.1. Analyzing the Equilibrium between Tubulin and Microtubules

The dynamic character of intracellular microtubules is well known and is
the basis of multiple but very specific functions in determining cell shape,
polarity, and direction of migration of whole cells as well as of intracellular
particles (for review, see Dustin, 1985). Since Weisenberg’s first experiments
with polymerization of microtubules from subunits (Weisenberg, 1972), much
has been learned about the conditions for and the control of microtubule
polymerization in vitro (see, for example, Kirschner, 1978; Timasheff and
Grisham, 1980; Hill and Kirschner, 1982). Although there is no reason to
believe that the principles of microtubule assembly are in any way different in
vivo as compared to the in vitro situation, there must be many factors control-
ling microtubule-associated motility processes in the living cell, involving par-
ticles like microtubule organizing centers (MTOCs) and kinetochores, pro-
teins like microtubule-associated proteins (MAPs), GTP, or ions (for review,
see De Brabander et al., 1985a).

A coarse regulation of microtubule dynamics may be achieved by control-
ling the amount of building blocks: From experiments with microtubule in-
hibitors, it was evident that the depolymerization of microtubules is inversely
correlated with tubulin synthesis (cf. Cleveland and Kirschner, 1982). Micro-
injection of tubulin subunits has strongly supported the interpretation of the
experiments cited: it is the pool size of free tubulin subunits which is moni-
tored by the cell and is used to regulate tubulin synthesis, and probably
assembly. CHO cells injected with homologous or heterologous tubulin in
quantities to raise the presumed intracellular tubulin pool (2 mg/ml) by 100%
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reduce their tubulin synthesis to approximately 10% of the control level
(Cleveland et al., 1983). The role of free calcium ions (Ca®?*) as a potential
control factor for the in vitro polymerization of microtubules was discovered
13 years ago (Weisenberg, 1972) and is well accepted today. Microinjection of
Ca?* into mitotic echinoderm eggs has supplied good evidence that CaZ+
may indeed play such a role in the dynamics of cellular microtubules: at an
intracellular concentration of 3—7 pM, mitotic spindle fibers were rapidly
depolymerized. The velocity of this process (depolymerization of a half-spin-
dle in less than 1 sec postinjection, p.i.) indicates that the injected Ca2?* may
cause fracture of microtubules rather than loss of subunits from one end. The
effect is specific for CA?* and does not spread over the entire egg but seems
locally restricted. This finding suggests rapid sequestering of free Ca?* from
the cytoplasm into a vesicular system, functionally reminiscent of the sar-
coplasmic reticulum in striated muscle (Kiehart, 1981).

2.2. Studying Microtubular Dynamics

Incorporation of building blocks into microtubules and microtubular
growth could be directly visualized by injecting fluorochome-tagged tubulin
or MAPs into tissue culture cells (Keith et al., 1981; Scherson et al.; 1984). In
this type of experiment, it is extremely important to ascertain that the labeled
probe is not damaged in its affinity for the assembly site and is still fully and
reversibly polymerization competent. Fluorochromes that have been used
successfully to label microtubule or microfilament proteins include NH-reac-
tive (e.g., fluorescein isothiocyanate, FITC, lissamin-rhodamine B sulfhy-
drylchloride, RB 200 SC, dichlorotriazinyl amino fluorescein, DTAF) and
SH-reactive (e.g., iodoacetamide derivatives of tetramethylrhodamine or fluo-
rescein molecules) (cf. Taylor and Wang, 1980; Kreis and Birchmeier, 1982;
Glacy, 1983a,b). The results obtained with different probes will be discussed
in detail in the relevant section. Both the fluorochrome and the mode of
labeling the protein must be carefully chosen, depending on the protein used.
For example, tubulin labeled with DTAF was readily incorporated into cel-
lular microtubules, but DTAF-labeled brain MAPs were not (Keith et al.,
1981; Scherson et al., 1984). However, iodoacetamido fluorescein (IAF)-cou-
pled MAPs associated effectively with microtubules (Scherson et al., 1984). In
this case, attacking the sulfhydryl groups of the MAPs with IAF apparently
was tolerable, but modifying the amino agroups with DTAF probably inter-
fered with affinity of the MAPs for tubulin. Moreover, labeling of MAPs with
IAF within the assembled microtubule resulted in MAPs with better assembly
competence than labeling them in the disassembled state, probably because
the tubulin binding sites of MAPs are protected in the assembled microtubule
(Scherson et al., 1984).

For observation of cytoskeletal dynamics with fluorochromed building
blocks, it is furthermore important to minimize damage to cellular metabo-
lism by using weak illumination with suitable intensifying systems and a tem-
perature-controlled environment. However, even with all the precautions
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mentioned, it cannot be excluded that fluorochromed subunits behave differ-
ently from nonderivatized molecules. For example, such modified molecules
seem to have a faster turnover than the endogenous counterparts (Zavortink
et al., 1979).

DTAF-labeled tubulin, injected into mouse fibroblasts and gerbil fibroma
cells at the same concentration that drastically reduces tubulin synthesis (see
Cleveland et al., 1983), was incorporated into cellular microtubules within 15
min p.i. This system was used to study elongation of microtubules into cellular
extensions. Monitoring the growth of labeled microtubules with video inten-
sifying equipment revealed a growth rate of 1 pm/min at 37°C (Keith et al.,
1981).

DTAF- and FITC-labeled brain tubulins have been injected into sea
urchin eggs (Salmon et al., 1983; Wadsworth and Sloboda, 1983; Hamaguchi
et al., 1985). The fluorescent probes, introduced into fertilized eggs, were
rapidly incorporated into the growing spindle. When cells were injected in
metaphase or early anaphase, the label appeared within 20-30 sec in the
spindle fibers, indicating a very rapid exchange between microtubules and
subunit pools in this system (Hamaguchi et al., 1985). Similar conclusions can
be drawn from photobleaching experiments: after bleaching of fluorescent
spindle areas in metaphase with an argon laser beam, full fluorescence recov-
ery was measured within 1 min. This process is considerably slower than the
values obtained for free diffusion of labeled tubulin in the cytoplasmic matrix
(7 pm/sec). However, it is still much faster than can be explained by exclusive
addition of labeled subunits at the ends of the 5- to 7-pm-long spindle micro-
tubules (Salmon et al., 1983). Thus, these data point to the rather unorthodox
possibility that subunits may be incorporated all along the length of spindle
microtubules (Salmon et al., 1983; Hamaguchi ¢f al., 1985). In another study,
DTAF-labeled tubulin appeared rapidly in spindle asters, but failed to outline
the spindle proper (Wadsworth and Sloboda, 1983). The discrepancy of these
results must await further studies for explanation.

Injection studies with DTAF-labeled tubulin into mitotic PtK cells show
that the results obtained on the dynamic behavior of tubulin subunits in
dividing sea urchin eggs are of general relevance, at least for animal cells: the
probe was incorporated within seconds into metaphase microtubules. Pho-
tobleaching recovery showed that mobility within spindle fibers is also very
high, while incoporation of the labeled probe as well as recovery of fluores-
cence after photobleaching in interphase microtubuli is much slower (in the
order of several minutes, Saxton et al., 1983).

IAF-labeled MAPs were introduced into PtK, and chicken gizzard cells,
and into a mouse x rat neuronal hybrid cell line (NBr10-A). The protein
preparation was enriched for MAP2, a polypeptide that is probably specific
for neuronal cells (cf. Littauer and Ginzburg, 1984), but was found to readily
associate with cytoplasmic microtubules in the nonneuronal cells cited pre-
viously (Scherson et al., 1984). Another study describes that IAF-labeled
MAPs associate also rapidly with spindle fibers in mitotic PtK, cells, without
interfering with mitosis (Vandenbunder and Borisy, 1983). In conjunction
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with fluorescence photobleaching recovery measurements, the microinjected
fluorochromed MAPs were also used to determine treadmilling velocities
along individual microtubules: in analogy to the findings with fluorochromed
tubulin, it was found that there is slow fluorescence recovery (half-time ap-
proximately 5 min) of the bleached spot (diameter approximately 0.5 pm),
but no or a very slow (less than 4 wm/hr) migration of the fluorochrome-
tagged molecules along microtubules (Scherson et al., 1984). These results
allow several interpretations: either treadmilling is not an important feature
of microtubules in the living cell, or fluorochromed MAPs arrest treadmilling,
or photobleaching induces microtubular breaks that are healed by reanneal-
ing fractured microtubules with tubulin subunits and MAPs from cytoplasmic
pools.

A caveat for the interpretation of photobleaching experiments may be
deducted from another study with DT AF-labeled MAPs: when this probe was
bleached after incorporation into microtubules, gel analysis demonstrated
that the bleached DTAF can cross-link neighboring protein molecules.
DTAF-labeled tubulin, when bleached, lost its capacity for reversible assembly
(Leslie et al., 1983).

2.3. Analyzing Microtubule-Bound Organelle Transport

Some of the rules governing intracellular transport of organelles along
axoplasmic or cytoplasmic microtubules have recently been elucidated by mi-
croinjecting exogenous particles into various cell types. Polystyrene beads of
370- to 500-nm diameter, when injected through glass capillaries into giant
axons of a crab, moved rapidly in a saltatory fashion in the antegrade direc-
tion. Velocity and mode of transport were indistinguishable from those of
antegradely transported endogenous organelles (Adams and Bray, 1983). In-
jection of somewhat smaller (260-nm), fluorescein coupled carboxylated poly-
styrene beads into tissue culture cells (BS-C-I and PtK, cells) in combination
with video intensification optics gave essentially the same results (Beckerle,
1984). Such experiments indicate that, at least in these systems, exogenous
particles, like endogenous ones, associate with a microtubule-bound transport
mechanism. Transportation is dependent on ATP as well as on intact micro-
tubules and requires a negative surface charge of this particle. Not surprising-
ly, the particles must not exceed an upper size limit (800 nm).

Microinjected gold particles (polyethylene glycol stabilized) were also
found to be transported along microtubules in PtK, cells. With a video inten-
sifier camera and electronic background subtraction, reflections of polarized
light can be recorded even from particles much smaller (20—40 nm) than the
resolution limit of the light microscope. Again, in all parameters tested (fre-
quency of saltations, directionality and velocity of transport, travel distances)
these tiny particles introduced into the cell behave like endogenous organelles
(De Brabander et al., 1985a,b).

The question as to whether the force generator in these transports may
be dyneinlike is still under debate: there are conflicting reports on the effect
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of vanadate, a presumedly specific inhibitor of dynein ATPase (cf. Beckerle
and Porter, 1982; Forman, 1982; Buckley and Stewart, 1983).

2.4. Introducing Antitubulins

Microinjection of antibodies against tubulin into tissue culture cells has
led to interesting observations on structural stability, topography of subunits,
and cellular functions of microtubules. The results obtained naturally differ
with the antibody employed. A rat monoclonal antibody raised against yeast
tubulin (YL 1/2, Kilmartin et al., 1982) was found to react with the tyrosylated
carboxy-terminus of a-tubulin (Wehland et al., 1983). Blocking this epitope in
vitro by antibody binding does not interfere with microtubule polymerization.
Microtubules in the living cell were decorated by the antibody in interphase
and mitotic cells. Thus, the tyrosylated carboxy-terminus of a subunits must
be exposed at the microtubule surface in cytoplasmic and spindle micro-
tubules (Wehland et al., 1983). An inhibitory effect of this antibody on endo-
genous organelle and particle transport was seen at rather high antibody-
tubulin ratios. On the assumption of a tubulin concentration of approximately
2 mg/ml (cf. Hiller and Weber, 1978), an injected volume of approximately
5—10%, and an antibody concentration of 20 mg/ml in the injection solution,
an intracellular antibody:tubulin ratio of approximately 1 should be obtained.
Since only about 15% of total a-tubulin is tyrosylated (Thompson, 1982) and
probably only 50% of it is microtubule bound, much less of this particular
antibody should be required to saturate the relevant epitopes along the micro-
tubule. Concentrations of 6 mg/ml and above were found to inhibit saltatory
movement of endogenous organelles, to induce microtubular bundles, and to
interfere with mitosis (Wehland and Willingham, 1983). Injected at very high
concentrations (20 mg/ml), the antibody not only caused the microtubule
system to collapse but also dispersed the Golgi stacks into small vesicles. The
same antibody, when adsorbed to colloidal gold particles and injected into
PtK, cells, prevented saltatory movement of these particles, even when only a
few particles were injected (approximately 30 per cell, De Brabander et al.,
1985b). These results suggest that blocking the tyrosylated carboxy-termini of
a-tubulin subunits within the microtubule is incompatible with organelle or
particle transport.

The effect of introducing specific monoclonal mouse antibodies directed
against either a- or B-tubulin, as well as injecting a polyclonal guinea pig
antibody, on integrity and dynamics of the cytoskeleton has been described in
another study (Blose et al., 1984). These antibodies, injected in amounts to
yield a 1:1 ratio of tubulin:antibody, had little effect on mitosis as well as on
the distribution and integrity of intracellular microtubules, as seen in immu-
nofluorescence and in electron microscopy. However, they caused a severe
distortion of the intermediate filament system within the injected cells. The
vimentin system expressed in the cell line used (gerbil fibroma) collapsed into
either lateral aggregates or perinuclear caps within 1.5 hr p.i. Thus, it seems
that those antibodies, by coating the microtubules, disrupt microtubule—inter-
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mediate filament interactions, which have been postulated in many publica-
tions (cf. Geiger and Singer, 1980; Schliwa and Van Blerkom, 1981; Hiroka-
wa, 1982). In this work, it is not excluded that the antibody injection may have
led to a rapidly reversed (within 30 min p.i.) disruption of microtubules
which, for technical reasons, would have escaped recording. This possibility is
mentioned by the authors themselves (Blose et al., 1984).

Polyclonal antibodies with high affinities for a- or B-tubulin have been
raised by immunizing rabbits with hemocyanin (KLH)-coupled, SDS-de-
natured a- and B-tubulin, and affinity purification by cross-absortption. With
these methods, antibodies with an affinity of approximately 10 =8 M for half-
saturation with a- or B-tubulin have been obtained (Mandelkow et al., 1985a).
In immunoblots with chymotryptic and tryptic tubulin digests, the a-specific
antibody was found to react with the amino-terminus of the a polypeptide,
the B-specific antibody bound to the carboxy-terminus of the B-tubulin. Thus,
these antibodies can be used to identify the location of structural and func-
tional domains of tubulin within the microtubule (Mandelkow et al., 1983,
1985a,b). The effect of such antibodies (raised against B-tubulin, one B-specif-
ic moiety, another batch cross-reacting also with a-tubulin) was studied on
microtubules polymerized in vivo, on microtubules in detergent-extracted cell
models, and on microtubules in living cells. In all three systems, the antibodies
disrupted microtubules very effectively. Microtubules, polymerized in vitro
and stabilized by glycerol, were disrupted within 10 min at relatively high
antibody:tubulin ratios (1:2). Cell models, incubated with antibody or living
cells, injected with antibody, showed a rapid disintegration of microtubules (as
monitored by immunofluorescence and electron microscopy) even with low
antibody concentrations (varying between 1:10% and 1:10). In the living cell,
this effect was concentration-dependent and fully reversible (Mandelkow et
al., 1983; Fiichtbauer et al., 1985). To monitor the rapid and reversible disin-
tegration of microtubules on a background of breakdown products, the in-
jected antibody had to be either quenched with unlabeled second antibody
prior to immunofluorescence, or staining had to be performed with an unre-
lated antitubulin (Fig. 1). This was especially important for low antibody:
tubulin ratios, where the transient effect was overcome by the cell within 1 hr
after injection (Fiichtbauer et al., 1985). The effect of such antibody molecules
on microtubules is probably comparable to the effect of actin-severing pro-
teins on actin filaments: the cytoskeletal structure is disrupted by probes that
have a higher affinity for the relevant building block than the building blocks
have for each other. In the case of the antitubulins described here, their
affinity for tubulin is by two orders of magnitude higher than the affinity of
tubulin for tubulin (Gaskin et al., 1974).

The rapid restoration of the microtubular pattern (within 1-4 hr p.i,,
depending on the amount of antibody injected) is probably due to reanneal-
ing of microtubular pieces, as well as to outgrowth of new microtubules from
the MTOC in the perinuclear area. Tubulin:antitubulin complexes are proba-
bly cleared eventually from the cell. Since degradation of endogenous as well
as of microinjected proteins varies considerably, depending on molecular



Figure 1. Effect of a polyclonal antibody specific for B-tubulin on cytoplasmic microtubules in
PtKy cells. The antibody was raised in rabbits against SDS-denatured, hemocyanin-coupled B-
tubulin from bovine brain. B-Tubulin-specific IgG was purified by affinity chromatography on -
tubulin sepharose (Mandelkow et al., 1985b). PtKy cells were injected with either phosphate-
buffered saline (PBS) (A) or 1 mg/m! anti-B-tubulin in PBS (B—D). Cells were fixed with formal-
dehyde and stained with a rat monoclonal antibody against a-tubulin (YL 1/2, see Wehland et al.,
1983) and affinity-purified rabbit-anti-rat IgG coupled to lissamine~rhodamine. Cells were pro-
cessed this way at 0.5 hr (A, B), 2 hr (C), and 5 hr (D) after injection. Note the complete
breakdown of microtubules into short pieces in B, and their recovery in C and D. Bar: 50 pm.



Probing the Cytoskeleton by Microinjection 9

weight, isoelectric point, and susceptibility to proteases (cf. Goldberg and
Dice, 1974; Goldberg and St. John, 1976; Stacey and Allfrey, 1977; Neft et al.,
1981), the degradative rate of the complexed tubulin is unknown. However, it
seems unlikely that the injected cell can get rid of such aggregates within a
period of 4 hr. Thus, removal of tubulin:antibody does not seem to be a
necessary prerequisite for restoration of microtubules.

3. The Microfilament System

3.1. Studying Actin Dynamics

Like the microtubule system, the microfilament system in nonmuscle cells
is characterized by highly dynamic behavior. This implies that building blocks
must be readily exchanged between filamentous structures and subunit pools.
Microinjection of fluorochrome-labeled subunits, analogous to a pulse label, is
therefore also a suitable procedure to study microfilament dynamics.

This assumption was justified by the first experiments using IAF-labeled
actin. Taylor and Wang carefully studied polymerizability, incorporability
into actomyosin gels, and extent of myosin ATPase activity of the labeled actin
and thus ascertained the validity of this probe (Taylor and Wang, 1978, 1980;
Wang and Taylor, 1980).

Several studies used it to study actin dynamics in large single cells. Upon
injection into the giant ameba Chaos carolinensis, the labeled actin was found
distributed into both the exo- and endoplasm, while microplasmodia of Phys-
arum polycephalum retained the injected probe in the ectoplasm (Taylor and
Wang, 1978). In the early period of such microinjection experiments, kinetics
of actin dynamics could only be followed indirectly, by examining individual
cells for each time point. This may have been the reason for some unexpected
results. For example, no increase in fluorescence was detected in the cleavage
furrow of dividing sea urchin eggs labeled with IAF-actin. Since there is little
doubt that contracting filament bundles are responsible for cytokinesis in all
animal cells (cf. Schroeder, 1975), this result may be explained by the assump-
tion that rapid changes in fluorescence may have escaped the recording of
separate cells (Wang and Taylor, 1979).

Video intensifying systems greatly improved the fine analysis of actin
dynamics in objects with an unfavorable geometry, such as amebae and eggs:
fluorescent microfibrils were detected in the advancing pseudopods of IAF-
labeled Chaos carolinensis (Taylor and Wang, 1980; Taylor et al., 1980a), in the
cortical layer and the uropod region of locomoting Chaos and Amoeba proteus
cells (Taylor et al., 1980a; Gawlitta et al., 1980b), and in the cleavage furrow of
dividing A. proteus (Gawlitta et al., 1981b). In A. proteus, intense fluorescence
was found underneath the cell membrane and surrounding the pulsating
vacuole and phagocytotic vacuoles (Stockem and Gruber, 1983; Hoffmann et
al., 1984). The fluorescent structures (probably corresponding to actin fila-
ment aggregates) were found to fluctuate in intensity and change their posi-
tions as a consequence either of changes in natural cellular activities (Stockem
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and Gruber, 1983) or of the application of drugs (procaine, dinitrophenol,
puromycin, ouabain, and N-ethyl maleimide) (Hoffmann et al., 1984).

The distribution of free Ca?™* in locomoting Chaos carolinensis, as mea-
sured by luminiscence of microinjected aequorin, suggested a Ca? *-mediated
constant actomyosin contraction at the uropod and rapid contraction pulses in
advancing pseudopods (Taylor et al., 1980b). In A. proteus, induced pi-
nocytosis (which probably requires actomyosin contraction) was found corre-
lated with free intracellular Ca?* close to the plasma membrane, as measured
with microinjected chlorotetracycline (CTC) and by monitoring the CaZ*-
CTC-fluorescence (Gawlitta et al., 1980a).

The injection of fluorochrome-labeled skeletal muscle actin into flat
tissue culture cells of avian and mammalian origin combined with video inten--
sifying microscopy and, more recently, with fluorescence photobleaching re-
covery yielded a wealth of interesting data on the spatial and temporal dis-
tribution of actin in nonmuscle cells. Actin was usually labeled at the cystein
residue 373 (Wang and Taylor, 1980) with IAF or with rhodamine derivatives
(for example, iodoacetamido tetramethyl rhodamine, IATMR, or at reactive
amino groups with lissamine rhodamine sulfonyl chloride, RB 200 SC). When
these probes were injected into fibroblasts or epithelial cells, they were readily
and rapidly (within 5—30 min) incorporated into all the various microfila-
ment-tich structures previously identified in tissue culture cells: stress fibers
(microfilament bundles), ruffles, microspikes, and the marginal region of the
leading lamella (leading edge) of locomotive cells (Kreis et al., 1979, 1982;
Wehland and Weber, 1980; Wehland et al., 1980b; Glacy, 1983b; Geiger et al.,
1984b; Wang, 1984; Sanger et al., 1980a; Wang et al. 1985). Within 20-30
min. p.i., the label appeared homogeneously (in rare cases, periodically; cf.
Sanger et al., 1983a, 1984a) distributed over the entire length of stress fibers,
including their terminal ends (focal contact regions).

Neither muscle {(cardiac myocytes) nor nonmuscle (fibroblasts) cells could
discriminate between different isoforms of actin: FITC-labeled muscle actin
and RB 200 SC-labeled brain actin were equally well accepted by both cell
types and were incorporated into all types of microfilament structures (cor-
tical filaments of the leading edge, stress fibers, myofibrils; McKenna et al.,
1985).

The maximum intensity of label in the leading edge appeared around 5
min p.i. (Glacy, 1983b). The distribution and the local density of fluorescent
actin in chicken gizzard cells was monitored with the optical detection system
of a laser beam photobleaching apparatus. It was found that the leading edge
and the stress fibers exhibited a 2-3.5 times higher degree of fluorescence
than the interfibrillary cytoplasm (Kreis et al., 1982). With this setup, RB 200
SC-actin could be monitored as an integral part of stress fibers up to 48 hr p.i.
(Kreis et al., 1982).

By bleaching of small areas (of 1.5-um radius) with an argon laser beam
in fluorescent regions of RB 200 SC-actin-injected cells and monitoring of the
recovery, several conclusions on the dynamic behavior of actin in nonmuscle
cells could be drawn (Kreis et al., 1982; Geiger et al., 1984b).

1. The translational diffusion coefficients of actin in different cellular
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domains (interfibrillar region, stress fibers, focal contact areas, leading edge)
were remarkedly uniform. The values obtained (2-3 cm/sec) were only half
the size measured for fluorescent control proteins, such as BSA and immu-
noglobulins (Kreis et al., 1982; Geiger et al., 1984b). This indicates a reduced
diffusion capability of the injected actin, caused either by polymerization into
larger units or by association with preexisting structures.

2. The highest degree of recovery (fractional mobility) of bleached actin
was found in the area of the leading edge (more than 70%; Kreis et al., 1982).
This, together with the rapid appearance of a high concentration of label
within the leading edge (Glacy, 1983b), indicates that actin in this cellular
domain is more dynamic than in the stress fiber or is more easily accessible to
additional actin from a subunit pool.

3. The low percentage of recovery (less than 20%) and the relatively long
recovery period (apparent half-time several minutes) measured in bleached
spots within stress fibers and focal contact areas indicated that actin within
these structures is relatively immobile, but exchange of subunits does occur to
a certain degree with the surrounding cytoplasm.

This result is also supported by the finding that fluorochromed actin
associates more slowly with stress fibers (within 30 min p.i.) than with fila-
ments in the leading edge (cf. Glacy, 1983b; McKenna et al., 1985).

4. The size of the bleached area along a given stress fiber had no influ-
ence either on amount or on velocity of recovery. Thus, neither rearrange-
ment of actin filaments within the parallel bundle of the stress fiber nor
treadmilling along them seem very important factors in recovery (Kreis et al.,
1982). The exact mode of incorporation of the labeled subunits remains un-
known at present. Although stress fibers are dynamic structures that can
rapidly and reversibly assemble during the cell cycle (cf. Sanger, 1975) or
during spreading and locomotion (cf. Wang, 1984), it is surprising to find all
of them incorporating the added exogenous actin within such short periods,
since individual stress fibers, especially in stationary epithelial cells, can persist
for many hours, even days. Even more surprising, perhaps, was the finding
that myofibrils of cardiac cells incorporated IATMR-actin also within 5-20
min (Glacy, 1983a). The half-life of actin in nonmuscle cells is approximately
2.5 days; for sarcomeric actin in striated muscle itis 12—19 days (Rubenstein et
al., 1976). This excludes the possibility that the observed labeling of stress
fibers and myofibrils is due to metabolic turnover.

Interestingly, two different labeling patterns of myofibrils with different
probes were obtained: IATMR-actin labeled the entire I band, but not the Z
disk, and in addition, associated with the M band (Glacy, 1983a), RB 200 SC-
or FITC-labeled actins were found exclusively in the I-Z-I-region, indis-
tinguishable from phalloidin staining (McKenna et al., 1985).

In contrast, isolated myofibrils bound RB 200 SC-actin exclusively in the
regions adjacent to the M bands, i.e. in positions were free myosin heads can
be expected (Sanger et al., 1984b). Thus, it seems that the pattern of incorpo-
ration of exogeneous actin into myofibrils in living cells depends on the fluo-
rochrome used and differs from that of isolated myofibrils. This is in contrast
to the findings with stress fibers, where addition of labeled actin to glyceri-
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nated cell models resulted in the same patterns as were obtained with living
cells (Sanger et al., 1984a).

The reversible assembly and reorganization of stress fibers in motile em-
bryonic chicken heart fibroblasts have been extensively studied using microin-
jected IATMR-actin (Glacy, 1983b; Wang, 1984; Wang et al. 1985). It was
found that stress fibers generally started to assemble from the periphery of
the cell (at the leading edge as well as at the trailing end of kite-shaped cells)
and proceeded to grow unidirectionally. Nascent stress fibers were able to
change orientation, to fragment, or to merge with each other. Studies with RB
200 SC-actin and chicken gizzard cells supported these conclusions and
showed in addition that nascent focal contacts can also change their orienta-
tion, with respect to the long axis of the cell (Kreis et al., 1984). Disassembly
was also unidirectional, starting from either the proximal or the distal end
(Wang 1984; Wang ¢t al., 1985). The birth of a stress fiber within the leading
edge started with an intensely fluorescent spot which coincided with a nascent
focal contact (Glacy 1983b; Wang, 1984). Even in rapidly advancing cells, the
position of these attachment points between the cell and the substratum re-
mained constant, while the leading edge protruded forward (Wang, 1984).

Although the mode of incorporation of fluorochromed subunits into
stress fibers and myofibrils is still not clear, the same techniques (injection of
labeled actin, photobleaching, recovery measurements with an intensifying
and image processing system) allowed precise investigation of the growth of
microspikes, which are highly dynamic structures within the leading edge,
containing a core of actin filaments. Following fluorescence recovery after
photobleaching of an IATMR-actin labeled microspike, it was found that
incorporation of new fluorescent subunits was a polar process: it started near
the edge of the cell and subsequently moved from the distal to the proximal
region, at a constant rate of 0.8 pm/min (Wang, 1985). These results are
consistent with other data demonstrating that actin filaments face the plasma
membrane with their positive ends, and that new subunits are preferentially
inserted at that site (Tilney et al., 1981). Thus, in contrast to the results
obtained with stress fibers, here the concept of treadmilling (cf. Wegner,
1976) can explain both growth of actin filaments and protrusion of the plasma
membrane at the leading edge.

The dynamics of the actin traffic between the cytoplasm and the nucleus
have also been investigated with microinjected fluorochrome-labeled probes.
While the question of endogenous nuclear actin and its possible functions has
raised controversial discussions in the past decade (cf. Jockusch et al., 1974;
Comings and Harris, 1976; Goldstein et al., 1977; LeStourgeon, 1978; Clark
and Rosenbaum, 1979; Scheer ¢t al., 1984), several studies documented that
addition of dimethylsulfoxide (DMSO) to the growth medium led to the ap-
pearance of actin filament bundles in the nucleus of amebae, slime molds, and
mammalian cells (Fukui, 1978; Fukui and Katsumaru, 1979, 1980; Sanger et
al., 1980b, 1983b). When epithelial cells were microinjected with fluorescent
actin and allowed to incorporate this probe into their stress fibers, subsequent
addition of 10% DMSO to the growth medium caused the disruption of the
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fluorescent stress fibers. The liberated actin molecules were used to build up
massive actin filament bundles inside the nucleus, while other components of
the stress fibers such as alpha-actinin, myosin, and tropomyosin remained in
the cytoplasm (Sanger et al., 1980a; Wehland et al., 1980b). The significance of
this readily reversible traffic between two cellular compartments for unper-
turbed cells remains unclear. However, this result emphasizes that stress
fibers are indeed highly dynamic and that a massive, but selective, transport
of cytoskeletal proteins within the cell can occur within several minutes.

3.2. Studying the Dynamics of Actin-Associated Proteins

Microinjection of tissue culture cells with fluorochromed actin-binding
proteins has been carried out so far with chicken gizzard alpha-actinin (la-
beled with tetramethylrhodamineisothiocyanate, TMRITC; iodoacetamido-
tetramethylrhodamine, IATMR; or lissamine rhodamine, RB 200 SC), with
IAF-labeled smooth muscle (gizzard) tropomyosin, and with FIIC- and RB
200 SC-labeled gizzard vinculin (Feramisco, 1979; Feramisco and Blose, 1980;
McKenna et al., 1984; Wang et al., 1985; Wehland and Weber, 1980; Burridge
and Feramisco, 1980; Geiger et al., 1984b; Kreis et al., 1984). Smooth muscle
TMRITC-alpha-actinin was found incorporated into stress fibers of injected
fibroblasts in the characteristic periodic fashion, into ruffling membranes and
foci of polygonal microfilament networks. Thus, the injected protein, like
injected actin, was recruited into all cellular areas, where enrichment of the
endogenous protein had been previously recorded by immunofluorescence
(cf. Lazarides and Burridge, 1975). However, in addition, an intense labeling
of nuclei was found, which suggests that the TMRITC-labeled probe was
overconjugated and bound unspecifically to nuclear structures. RB 200 SC-
alpha-actinins were used to study the dynamics of alpha-actinin in stress
fibers, focal contacts, and myofibrils (Geiger et al., 1984b; Kreis et al., 1984;
McKenna et al., 1984; Wang et al., 1985). The recovery of fluorescence after
photobleaching small spots within stress fibers showed, in analogy to actin, a
reduced mobility of stress fiber-bound alpha-actinin as compared with other
cellular domains. Recovery of the fluorescence in Z disk of myofibrils in
injected muscle cells takes much longer (several hours) than in stress fibers
(approximately 10 min). This result probably reflects the difference in sta-
bility between muscle Z disks and Z-like dense bodies in stress fibers of non-
muscle cells.

Fluorochromed tropomyosin, as could be expected from immunofluores-
cence studies (Lazarides, 1976a,b), was incorporated into stress fibers and
excluded from the leading edge (Wehland and Weber, 1980), but even image
intensification failed to show the fine punctate pattern with cell-type specific
periodicities revealed by antibody staining (cf. Lazarides, 1976a,b; Sanger et
al., 1983a).

Fluorochromed vinculin concentrated predominantly in contact areas
(Burridge and Feramisco, 1980; Geiger et al., 1984b; Kreis et al., 1984). Again,
this result supports the general conclusion that fluorochrome-labeled sub-
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units of the different microfilament structures are readily accepted by the
living cell and faithfully used at their proper destination: by immunofluores-
cence, vinculin had been originally discovered as a major constituent of the
cytoplasmic face of focal contacts (Geiger, 1979).

Studies involving microinjection of fluorochromed derivatives and quan-
titation of fluorescence intensities of all three major components of this re-
gion revealed data on their ratios and local distribution: actin, the most abun-
dant constituent, was found by a factor of 100 more concentrated in focal
contact areas than vinculin and alpha actinin (Kreis e al., 1984). The frac-
tional recovery after fluorescence photobleaching (indicating protein mobili-
ty) was around 40% for vinculin and alpha-actinin in focal contact regions,
that is,"about twice the value found for actin (see above, Geiger et al., 1984b).

3.3. Reorganizing Microfilament Patterns by Introducing Structural Proteins

Microinjection of actin-associated proteins has also been used to experi-
mentally alter the endogenous pattern of microfilament organization in tissue
culture cells. This is especially effective in cases where the injected protein is
known to act in substoichiometric amounts on actin filaments, as in the case of
actin-capping and actin-severing proteins (for reviews on different classes of
actin-binding proteins, see Korn, 1982; Weeds, 1982; Craig and Pollard,
1982; Jockusch, 1983). Two different capping proteins isolated from bovine
brain (Kilimann and Isenberg, 1982; Wanger and Wegner, 1984) and from
Physarum polycephalum (Maruta et al., 1983) were injected into epithelial cells
and fibroblasts. In fibroblasts, a rapid disruption of stress fibers, concomitant
with disappearance of focal contacts (as observed by reflection contrast mi-
croscopy) and a contraction of the injected cells, was observed (Fiichtbauer et
al., 1983; Jockusch and Fiichtbauer, 1985). In epithelial cells, the marginal
microfilament bundle proved more resistant to the action of the capping
proteins, but radial stress fibers disappeared as in fibroblasts. As in fibro-
blasts, contraction was seen in single epithelial cells. However, if grown in a
sheet, epithelial cells did not change their gross morphology, probably be-
cause they were held in position by junctional complexes formed with their
neighbors (Fuchtbauer et al., 1983).

These phenomena were readily reversible, the times required for com-
plete restoration of cell shape, stress fibers, and focal contacts being depen-
dent on the amount of the injected capping proteins (Table 1). The time
course of stress fiber disruption was consistent with the current hypothesis
that the positive end of actin filaments is close to the plasma membrane and
accessible to addition of new protein molecules: stress fibers started to disinte-
grate from their distal ends (Fig. 2), and focal contacts disappeared concomi-
tantly (Jockusch and Fiichtbauer, 1983).

Microinjection of an F-actin severing protein (pig or human plasma ADF;
Harris et al.,, 1980; Harris and Gooch, 1981; Chaponnier et al., 1985) into
fibroblasts and epithelial cells also led to a rapid and reversible disruption of
stress fibers (Fig. 3). However, while the kinetics of these events were quite
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Table 1. Correlation between the Intracellular Concentration of Injected Actin-Binding
Proteins and the Recovery of Stress Fibers

Intracellular concentration Half-time of recovery
Protein (nM)« (ti/2, hr)®
Brain capping protein® 160 3.25
Brain capping protein¢ 80 3.0
Brain capping protein¢ 16 1.75
Actin depolymerizing factor 125 3.5
(porcine serum)<
Actin depolymerizing factor 1.25 1.5
(porcine serum)<
Actin depolymerizing factor 50 2.0
(human serum)¢
Actin depolymerizing factor 10 1.5

(human serum)

2These values were calculated from the following data: the molecular weight of the injected proteins (63,000
for brain capping protein, 91,000 for human and porcine actin depolymerizing factor), the protein concentra-
tion of the injection solution, and an injection volume corresponding roughly to 10% of the cellular volume.

#Thesc figures were obtained from examining stress fibers by immunofluorescence at various time points after
injection, counting the number of cells showing an intact stress fiber pattern. At least 100 cells were injected
for each value.

‘Kilimann and Isenberg, 1982.

Harris et al., 1980.

¢Chaponnier et al., 1985.

Figure 2. Effect of bovine brain capping protein (BCP) (Kilimann and Isenberg, 1982) on the
terminal regions of stress fibers in PtKy cells. Cells were injected either with imidazole buffer (A)
or with 0.02 mg/ml BCP in the same buffer (B), fixed, and processed for thin sectioning and
electron microscopy 15 min after injection. The sections closest to the lower surface of the cells
show a typical arrowhead-shaped terminal region of a stress fiber in (A), while in (B) this struc-
ture has completely disintegrated. Bar: 5 pm.
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Figure 3. Effect of human actin depolymerizing factor (ADF) (Chaponnier ¢t al., 1985) on stress
fibers in PtKy cells. Cells were injected with 0.02 mg/ml ADF in phosphate-buffered saline, fixed
with formaldehyde at 40 min (A, B), 70 min (C), and 90 min (D) after injection and stained with
rhodamine—phalloidin. Radial stress fibers of injected cells (arrow) have disappeared within the
first hour after injection, but begin to reappear at approximately 90 min p.i. (Fiichtbauer, Jock-
usch, Weeds, and Gabbiani, manuscript in preparation). Bar: 50 pm.
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similar to the data obtained with capping proteins (see Table 1), there were
also important differences:

1.The introduced ADF led to disruption of stress fibers starting at the site
of injection, which was usually the perinuclear area. Disintegration then pro-
gressed from the proximal to the distal ends. Focal contacts were only moder-
ately or not at all affected. Thus, even fibroblasts usually remained attached to
the substratum and did not change their shape (Fiichtbauer, 1984; Jockusch ez
al., 1985b).

2. Whereas the capping proteins acted exclusively on stress fibers in the
living cell, ADF also disrupted stress fibers in detergent extracted cell models
(Fichtbauer et al., 1983; Fiichtbauer, 1984). These data suggest that actin
severing proteins like ADF act on actin filaments via intrafilament insertion,
probably because their affinity for actin subunits is higher than the affinities
required for actin:actin interaction. On the other hand, the capping proteins
employed, acting exclusively at the positive ends of actin filaments, may inter-
tere with the dynamics of subunit exchange at that site. This process, natu-
rally, takes place only in the living cell. Assuming that these interpretations
are correct, one would predict that microinjection of a protein capping the
negative ends of stress fiber filaments [like B-actinin (Maruyama and Sakai,
1981) or acumentin (Southwick and Hartwig, 1982)] should also act exclusively
on living cells.

Microinjection in villin, an actin-binding protein found in microvilli of
intestinal or renal epithelia, was carried out with nonpolarized epithelial tissue
culture cells (PtK,). Villin had been found to be Ca? * -regulated in its interac-
tion with actin; it contains several Ca? +-binding sites (Hesterberg and Weber,
1983). At free Ca2+ concentrations above 10~¢ M, villin in vitro acts like all
other actin severing proteins (which generally seem to bind Ca?*): it clips
actin filaments into short pieces. At Ca?* concentrations below micromolar,
villin bundles actin filaments into tightly packed regular arrays (Bretscher and
Weber, 1980; Howe et al., 1980; Matsudaira and Burgess, 1982). When in-
jected into PtK, cells, it was found to concentrate in the leading edge, where
microfilament bundles occur in ruffles and microspikes (Bretscher et al.,
1981). No effect of this protein on stress fibers was seen. Since injection
studies with two different ADF proteins have shown that binding sites for
severing proteins are accessible within the stress fiber, nonaccessibility of
binding sites for villin does not seem a plausible explanation for this result. A
transient effect on stress fibers may have escaped recording, since cells were
processed for immunofluorescence with antivillin and antiactin only 4 hr after
injection. A more detailed study on the kinetics and the effect of villin associa-
tion with actin might answer the question whether villin can transiently sever
stress fiber filaments while leaving filaments in ruffling areas intact, which
would require local differences in Ca?* concentration.

The disruption of stress fibers by proteins capping the positive ends of
actin filaments implies a functional importance of the focal contact areas and
the precise organization of actin filaments within these areas for stress fiber
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expression and cellular adherence (cf. Geiger et al., 1984b). However, it is also
possible that stress fiber expression requires actin filaments that are at least
temporarily exempt from rapid polymerization cycles or highly dynamic rear-
rangements, processes that have been suggested for the leading lamella of
locomoting tissue culture cells or migrating protozoans. One factor that might
infer greater stability on actin filaments could be tropomyosin. The reasons
for such an assumption are the following: (1) Tropomyosin has been found to
stabilize actin filaments in vitro against spontaneous fragmentation (Wegner,
1982). (2) Transformed cells, which show predominantly a diffuse actin net-
work and no or only a few stress fibers, express much less tropomyosin than
their normal counterparts (Hendricks and Weintraub, 1981; Leonardi et al.,
1982). (3) While recent studies have revealed that several isotropomyosins
already exist in normal nonmuscle cells, the pattern becomes even more com-
plex in transformed cells, suggesting that transformation-induced changes in
the actin organization are correlated with changes in tropomyosin gene ex-
pression (cf. Payne and Rudnick, 1984). Therefore, microinjection of tro-
pomyosin into cells lacking stress fibers seemed an interesting approach to test
the requirement of a “threshold” concentration of intracellular tropomyosin
for the expression of stress fibers. Such experiments were carried out with
transformed or tumor cells (Warren et al., 1983; Jockusch et al., 1985b).
Smooth muscle (gizzard) tropomyosin, injected into transformed rat kidney
cells, failed to induce stress fiber formation (Warren et al., 1983). A more
extensive study was carried out with an established line of rabbit tongue
carcinoma cells (V2). These cells are characterized by constant locomotory
activity. More than 90% are completely devoid of stress fibers and focal con-
tacts. Actin and a-actinin were found predominantly concentrated within the
leading lamella (Jockusch et al., 1983). Chicken gizzard, rabbit skeletal muscle,
and pig brain tropomyosins were injected into these cells at rather high con-
centrations: intracellular levels of tropomyosins in the order of 1 tropomyosin
per 10 actin molecules were reached. Provided that V2 microfilaments can
bind exogeneous tropomyosin at all, such concentrations should have been
sufficient to induce changes in actin filament organization, cellular ad-
herence, or motility, since each tropomyosin dimer should be able to cover six
to seven actin subunits within the filament. No stress fiber formation was
observed in the injected cells. In addition, their locomotory activity seemed
unchanged (Jockusch et al., 1985b). Thus, these results corroborate conclu-
sions drawn from studies on the growth of nascent stress fibers with fluo-
rochromed actin: they probably must start from their distal ends, within the
area of focal contact. Stabilizing actin filaments may be a necessary factor for
increasing the “life periods” of these structures, but is probably not sufficient
to induce their expression.

Pancreatic DNAase I, a protein that rapidly forms complexes of high
affinity with G actin and, much more slowly, depolymerizes F actin (cf.
Lazarides and Lindberg, 1974; Hitchcock et al., 1976), was microinjected into
locomoting A. proteus cells. Within a few seconds p.i., the injected region
appeared “relaxed,” exhibiting a disorganization of protoplasmic streaming
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within this area and invasion of streaming material from other regions of the
cell. Thus, if DNAase I was injected into the contracting tail region, the
uropod, a reversal of endoplasmic streaming was observed. At later times
(10—15 min), in the entire cell, both streaming and locomotion stopped, and
the cortical layer of microfilaments seemed drastically reduced (Wehland et
al., 1979). Thus, in these large cells, the injected protein acts in two phases:
there is an immediate effect at the injection site, which is followed by much
slower processes involving the whole cell.

Shifting the intracellular equilibrium between actin and myosin by inject-
ing myosin is not feasible, since skeletal smooth and nonmuscle myosins
would precipitate at the injection site, when confronted with the intracellular
ionic milieu. However, the HMM fragment of skeletal muscle myosin, which is
soluble at physiological salt concentration, has been injected into amphibian
blastomeres (Meeusen et al., 1980). No effect of this fragment was seen on
cleavage. However, when the N-ethylmaleimide (NEM) derivate of HMM was
injected, cytokinesis and wound contraction at the injection site were inhib-
ited. NEM—HMM is a competitor for myosin in its binding to actin, but does
not dissociate from actin in the presence of Mg—ATP. Injection of 1 ng
NEM—-HMM into one blastomere of the two-cell stage embryo, close to the
expected second division, allowed the injected blastomere one more cleavage.
However, the following cleavages were incomplete, since the cleavage furrow
could not proceed through the injection site. These experiments, like micro-
injection of antimyosin (see Section 3.5), prove experimentally the involve-
ment of actomyosin in cytokinesis, and also in other cortical contraction pro-
cesses like wound closure.

3.4. Introducing Phalloidin

Phalloidin, one of the numerous poisons produced by the mushroom
genus Amanita, reacts stoichiometrically and with high affinity with actin sub-
units in filaments, thus stabilizing the filaments and shifting the equilibrium
in G/F actin solutions toward F actin (cf. Wieland, 1975). The drug, a cyclic
bipeptide, does not penetrate the cell membrane, but seems to be taken up
selectively by hepatocytes (Gabbiani et al., 1975). When it was microinjected
into fibroblasts or PtK, epithelial cells, a concentration-dependent reorgani-
zation of microfilaments was observed (Wehland et al., 1977): injection solu-
tions containing 0.2—1 mM phalloidin caused aggregation of actin filaments
into needlelike, permanent structures (at 0.2 mM phalloidin), a slowdown (at
0.5 mM phalloidin), or a stop (at 1.0 mM phalloidin) of locomotory activity,
and, at the highest concentration, dissolution of stress-fiber-bound actin, con-
traction, and growth inhibition of the injected cells. The needlelike aggre-
gates, in addition to actin, contained myosin, filamin, alpha-actinin, and tro-
pomyosin (Wehland ez al., 1980a). Thus, in this system, no local separation of
these actin-binding proteins from actin took place, in contrast to the induction
of nuclear actin bundles by DMSO (see Section 3.1). With a fluorescent deri-
vate of phalloidin (FITC phalloidin), the binding of the drug could be directly
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monitored in the living cell. When the probe was injected at concentrations
too low to induce the needlelike structures, it was seen incorporated into stress
fibers. Interestingly, actively ruffling lamellipodia were able to exclude the
drug. Only cold-paralyzed cells (at 10°C) absorbed FITC phalloidin into the
cortical microfilament webs of the leading edge (Wehland and Weber, 1981).

Since no such exclusion was found for injected actin or alpha-actinin (see
Sections 3.1 and 3.2), this result appears specific for phalloidin. It seems
noteworthy that staining fibroblasts with 7-nitrobenz-2-oxa-1,3-diazole
(NDB)-coupled phallacidin, an acidic relative of phalloidin, gave somewhat
different results; in this case, the drug was introduced into the cells by
lysolecithin permeabilization, and NDB phallacidin labeled the cortical micro-
filaments in the leading edge (Barak et al., 1980). However, it cannot be
excluded that these cells were damaged by the lysolecithin treatment.

Phalloidin was also injected into invertebrate cells. In A. proteus and Phy-
sarum polycephalum, it inhibited protoplasmic streaming and induced the ap-
pearance of contracting filamentous structures (Go6tz von Olenhusen and
Wohlfarth-Bottermann, 1979; Kukulies and Stockem, 1985). As in mam-
malian tissue culture cells, locomotion in the ameba stopped and the internal
actin distribution was altered (Stockem et al., 1978; Gotz von Olenhusen and
Wohlfarth-Bottermann, 1979; Hoffmann et al., 1984).

NDB phallacidin, introduced into the alga Chara australia by lysolecithin
permeabilization, did not interfere with cytoplasmic streaming. Such differ-
ent results may be explained by differences in sensibility between species, in
the intracellular concentrations of the drug, or in the affinities of the drugs
(NDB phallacidin or phalloidin) for filamentous actin.

When introduced into sea urchin eggs prior to fertilization, phalloidin
inhibited the movement of the egg nucleus toward the pronucleus. Thus,
fusion of the nuclei could not take place, and development stopped. When
phalloidin was injected after fertilization, cleavage was inhibited (at intra-
cellular concentrations above 20 pM). Unexpectedly, nuclear division was also
blocked (Hamaguchi and Mabuchi, 1982).

3.5. Using Antibodies against Microfilament Proteins

Antibodies against actin-associated proteins have also been used to study
microfilament organization and dynamics. Affinity-purified antibodies have
been injected in concentrations up to 20 mg/ml, which results in an intra-
cellular concentration as high as 2 mg/ml. The concentrations required to see
a cellular response, however, vary grossly with the antibody employed. This
result probably reflects differences in the intracellular concentration and ac-
cessibility of the target protein, i.e. the antigen, as well as in the affinity and
the epitope specifity of the antibody. In contrast to studies on the effect of
antibodies on microtubuli (see Chapter 1) and intermediate filaments (see
Chapter 3), until now microfilaments have usually been probed with poly-
clonal, affinity-purified antibodies, not with monoclonal antibodies.

Most antibodies against actin have not been able to disturb the cytoplas-
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matic actin organization of injected cells, even when high concentrations were
used (cf. Jockusch and Fiichtbauer, 1985). This may be explained by the
assumption that the cell contains much more actin than is needed for micro-
filament networks or bundles at any time during the cell cycle. Thus, a tran-
sient decrease in actin concentration caused by the formation of actin—anti-
body complexes may be tolerated. There is only one brief report on an actin
antibody, which was microinjected with loaded erythrocyte ghosts into PtK,
cells and was found to disorganize the cortical microfilament web (Daley and
Eckart, 1980).

However, the situation is completely different with respect to nuclear
actin. The presence of actin in the nucleus has already been discussed (see
Section 3.1). In amphibian oocytes, an intranuclear concentration of 3—4
mg/ml has been determined (cf. Clark and Rosenbaum, 1979; Krohne and
Franke, 1980; Gounon and Karsenti, 1981). At least some of this nuclear actin
is associated with the loops of lampbrush chromosomes (Karsenti et al., 1978).
Intracellular injection of antiactin (8 ng/nucleus) into Xenopus oocytes effec-
tively blocked chromosome condensation on meiotic divisions (Rungger et al.,
1979).

An unexpected result was obtained when antiactin was injected into nu-
clei of the amphibian Pleurodeles waltlii: the loops of lampbrush chromosomes,
which are indicative of active transcription of protein genes, collapsed and
were retracted. The effect was concentration- and time-dependent: with 2 ng
of antibody corresponding to an approximate actin—antibody ratio of 1:400, a
total retraction of loops was found 4—-6 hr p.i. This effect was antibody-
specific (antibodies against other cytoskeletal proteins had no effect) and spe-
cific for transcription activity of RNA polymerase II (nucleolar gene tran-
scription by RNA polymerase I was not affected). Microinjection of actin
severing proteins from Physarum and smooth muscle had the same effect as
antiactin (Fig. 4; Scheer et al., 1984). These experiments suggest a very specif-
ic role of actin in protein transcription, an assumption supported by previous
findings that purified RNA polymerase 1I is tightly associated with actin
(Smith et al., 1979) and that faithful in vitro transcription by RNA polymerase
II requires actin as a cofactor (Egly et al., 1984). The precise function of actin
in the transcrlptlon process remains unknown so far, but it seems that a
filamentous stage is not required. The relation between the function of actin
in transcription and in chromosome condensation is also not clear.

Injection of an antibody directed against both heavy and light chains of
starfish egg myosin was found to effectively inhibit cytokinesis in blastomeres
of starfish embryos or in fertilized eggs (Mabuchi and Okuno, 1977; Kiehart
et al., 1982). Since this antibody was not affinity purified but used as immune
globulin fraction obtained from serum, stoichiometric calculations cannot be
carried out. However, the same concentration of antibody that prohibited
cytokinesis had no etfect on movement of pronuclei or chromosomes. Thus, it
seems unlikely that myosin contributes to nuclear movement or chromosome
distribution during mitosis.

An affinity-purified antibody directed against the heavy chain of smooth
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Figure 4. Effect of a polyclonal, affinity-purified antiactin on lampbrush chromosomes. Nuclei of
newt oocytes were injected with 2 nl of either nonspecific rabbit IgG ( 1 mg/ml) (A), or antiactin
(0.2 mg/ml) (B). The nuclear envelope was removed 4.5 hr after injection, and lampbrush
chromosomes were examined by phase contrast microscopy. Note the complete retraction of
lateral loops in B, indicating that transcription of protein genes has stopped (Scheer et al., 1984).
Bar: 50 pm.

muscle myosin but cross-reacting with nonmuscle vertebrate myosin, was
found to remove myosin selectively from stress fibers in living tissue culture
cells (Fig. 5; Honer et al., 1985; Jockusch et al., 1985a). At a calculated intra-
cellular antibody:myosin ratio of approximately 1:1, myosin disappeared
from the stress fibers within 20 min p.i., while actin filaments and focal con-
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Figure 5. Effect of a polyclonal, affinity-purified rabbit antibody against chicken gizzard myosin
on stress fibers in PtKy cells. Cells were injected with 1 mg/ml of antimyosin and fixed with
formaldehyde at 5 min (A, B), 45 min (C, D), and 12 hr (E, F) after injection. They were double-
stained with the same antibody and rhodamine-labeled sheep-anti-rabbit IgG for myosin (A, C, E)
and with NDB-phallacidin for actin (B, D, F). At 5 min p.i,, the injected antibody is seen ac-
cumulating in the perinuclear area. Stress fiber myosin is clearly visible in the marginal regions of
the cell (A). At 45 min p.i., no myosin is visible as stress fiber component, while stress fiber actin
seems unperturbed (C, D). At 12 hr p.i., myosin is again present in stress fibers (E), in a pattern
indistinguishable from the one found in noninjected controls. Bar: 50 pm.
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tacts remained intact. Within the next few hours, myosin reappeared again as
a stress fiber component. It seems likely that this is not based on new synthesis
but on recruitment of myosin from other compartments of the cell. Prelimi-
nary experiments (Honer and Fiichtbauer, unpublished observations) indi-
cate that this antibody also interferes reversibly with ruffling in the leading
lamella of V2 rabbit carcinoma cells.

Two different antibodies against smooth muscle vinculin have been de-
scribed to interfere with stress fiber organization and focal contacts in non-
muscle tissue culture cells. Antivinculin injected into human fibroblasts
caused the disappearance of focal contacts (Birchmeier et al., 1982; Kreis and
Birchmeier, 1982). An affinity-purified antibody reacting with both the 130-
kD vinculin (Geiger, 1979) and the larger “metavinculin” identified in smooth
muscle (Siciliano and Craig, 1982; Feramisco et al., 1982) led to disintegration
of focal contacts in epithelial and fibroblastic cells of different species (Jock-
usch and Fuchtbauer, 1983; Fichtbauer, 1984; Fuchtbauer and Jockusch,
1984). The effect of this antibody on cellular morphology is drastic. Even with
intracellular vinculin:antibody ratios as low as 1:10~% (based on an intra-
cellular vinculin concentration of 0.1 mg/ml), cells lost their focal contacts
completely and irreversibly, stress fibers disintegrated slowly, and their termi-
nal regions frayed out (Figs. 6 and 7). These effects, obtained with such low
antibody concentrations, can only be explained by the assumption that this
antibody effectively blocks epitopes at the vinculin molecule which are indis-
pensable for the proper organization of the focal contact area. Such epitopes
can be envisioned either for vinculin:actin (cf. Jockusch and Isenberg, 1981;
Wilkins and Lin, 1982) or for vinculin:membrane (cf. Geiger et al., 1984b)
interactions. There is evidence that muscle and nonmuscle cells contain sever-
al isovinculins that differ in their intracellular distribution (Geiger, 1982): the
most acidic form is predominantly associated with stress fibers. Therefore, it
is tempting to speculate that the antibody preferentially reacts with this form,
and that this vinculin isoform is limited in its intracellular concentration to the
absolutely necessary level: any interference with even a few molecules of this
sort results in complete disintegration of cellular contacts and stress fibers.

Microinjection of antibodies against another actin-binding protein, spec-
trin, was used to study a possible function of this protein in microfilament
organization. Spectrins have been found in a wide variety of cells as actin-
binding molecules with a submembraneous distribution (cf. Glenney et al.,
1982; Burridge et al., 1982) and are therefore possible candidates to mediate
actin plasma membrane attachment. Microinjection of a monoclonal IgM
antibody against pig brain spectrin or of an affinity-purified antibody against
bovine brain spectrin into several cell lines demonstrated that the intracellular
spectrin was precipitated by the antibody. However, the microfilament orga-
nization was unaffected, leaving focal contacts, stress fibers, and overall cel-
lular morphology undisturbed (Mangeat and Burridge, 1984). Thus, spec-
trin, in contrast to vinculin (see Section 3.2) does not seem to be directly
involved in actin organization in nonerythrocyte cells. Of all the cytoskeletal
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Figure 6. Effect of a polyclonal, affinity-purified rabbit antibody against chicken gizzard vinculin,
on focal contacts and stress fibers in PtKj cells. Cells were injected with 2 mg/ml antivinculin in
phosphate-buffered saline (PBS) (A—F) or with PBS (G-1I). Cells were examined immediately
before (A, D, G) and 15 min after (B, E, H) injection, using reflection contrast microscopy. At 45
min p.i., they were fixed with formaldehyde and stained with rhodamine—phalloidin. Note that
with that concentration of antivinculin, focal contacts were severely reduced in size and number
already 15 min p.i. (B, E, arrows). At 45 min p.i., stress fibers have partially disintegrated, and
their terminal regions appear abnormal (C, F). Bar: 100 pm.

elements examined (microfilaments, microtubules, intermediate filaments,
coated vesicles), only the intermediate filament system reacted to spectrin
precipitation in the injected cells: vimentin filaments became distorted and
formed aggregates which frequently colocalized with spectrin aggregates
(Mangeat and Burridge, 1984). These results indicate an association between
vimentin filaments, spectrin, and the plasma membrane.
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Figure 7. Effect of the same antivinculin described in Fig. 6 on the distribution of vinculin in
chicken heart fibroblasts. Cells in A were injected with 0.9 mg/ml antivinculin. At 45 min p.i., they
were fixed with formaldehyde and stained with the same antibody and rhodamine-coupled
sheep-anti-rabbit 1gG. Note the patchy, “fuzzy” distribution of vinculin at the plasma membrane
of antivinculin-injected cells (arrows), as compared with the vinculin distribution in noninjected
controls (B). Here, vinculin delineates sharply the terminal regions of stress fibers (arrowheads).
Bar: 50 pm.
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4. The Intermediate Filament System
4.1. Introducing Antibodies

Five classes of intermediate filaments can be discriminated in animal
cells: neurofilaments in neural cells, filaments consisting of the “glial fibrillar
acidic protein” in glia cells, vimentin filaments predominantly in mes-
enchymal, but also in other cells, desmin filaments in muscle cells, and
cytokeratin filaments in epithelial cells. The latter elass can be subdivided
again, according to the various sets of cytokeratins which are expressed in
different epithelial cells (cf. Lazarides, 1982). All intermediate filaments are
chemically characterized by their extremely low solubility (cf. Franke et al.,
1982). Of the cytoskeletal elements known, they comprise the most stable
structures; however, they are not completely resistant to endogenous or ex-
ogenous stimuli. For example, reorganization of cytokeratin filaments has
been described during mitosis (Geiger et al., 1984a), and certain epitopes on
cytokeratin molecules seem to undergo a masking—unmasking cycle with the
cell cycle (Lane and Klymkowsky, 1982; Geiger et al., 1984a). Changes in the
posttranslational modification of vimentin and of cytokeratin polypeptides
during mitosis have been described (Bravo ¢t al., 1982). However, compared
with cyclical alterations observed in microtubules and microfilaments, such
changes are minor, and individual intermediate filaments, once assembled,
are stable structures. Thus, injection of filament building units, which has
revealed many interesting details on microtubule and microfilament dynam-
ics, is meaningless in this case, but injection of specific antibodies can be
expected to cause structural or positional changes.

The consequences of microinjection of certain antitubulins and anti-
spectrin on vimentin filaments have been discussed in the sections on micro-
tubules and microfilaments (see Sections 2.4 and 3.5).

The introduction of an affinity-purified antibody against denatured rab-
bit chondrocyte vimentin into rat fibroblasts led to collapse of the vimentin
filament network into a perinuclear cap, at a calculated antibody:vimentin
ratio of approximately 1:10 (Gawlitta et al., 1981a). Microfilaments, cell shape,
and locomotion were not affected. Injected cells underwent normal mitosis,
distributing the caps to both or to one daughter cell. Within the caps, anti-
body-cross-linked vimentin filaments were localized. Quite similar results
were obtained with monoclonal antibodies against vimentin (Klymkowsky,
1981) and against a minor protein component of vimentin filaments (Lin and
Feramisco, 1981).

Microinjection of polyclonal antibodies against calf hoof keratin (Eckert
and Daley, 1980a,b; Eckert ¢t al., 1982) and of several monoclonal antibodies
against PtK, cytokeratins into PtK, cells (Lane and Klymkowsky, 1982;
Klymkowsky et al., 1983) resulted in gross distortion of the cytokeratin net-
work. The polyclonal antibodies, introduced into cells by fusion with anti-
body-preloaded erythrocyte ghosts or by capillary injection, caused a collapse
of cytokeratin filaments into a perinuclear cap (Eckert et al., 1982), similar to
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the vimentin caps. Capillary injection of two monoclonal antibodies specific
for two different cytokeratin polypeptides of simple epithelia both disrupted
keratin filaments in PtK, cells, but gave rise to different aggregates: while one
antibody induced the formation of perinuclear caps or coils, combined with a
“spliced” appearance of the remaining extended cytokeratin fibers, the other
caused disruption of the cytokeratin network and formation of compact ag-
gregates dispersed throughout the cell (Lane and Klymkowsky, 1982;
Klymkowsky, 1982).

A number of different cell lines have been found to express two different
classes of intermediate filament proteins, namely, vimentin in addition to the
proteins specific for the particular celltype (for review see Lazarides, 1982).
The question of whether such cells contain two different filament systems, or
whether vimentin copolymerizes with other proteins into only one intermedi-
ate filament network, was addressed by several groups. Double immu-
nofluorescence (Osborn et al., 1980) and immuno electron microscopy (Hen-
derson and Weber, 1981) suggested that PtK, cells coexpressed two different
systems, that is, separate cytokeratin and vimentin filaments. However, micro-
injection experiments with an antibody against the T-lymphocytocyte surface
antigen thy I as a vimentin-specific probe (Dulbecco et al., 1981) and a mono-
clonal antibody against one cytokeratin polypeptide demonstrated that these
two types of filaments were not completely independent from each other in
PtK, cells: the collapse of vimentin filaments caused by antithy I also induced
a partial perinuclear coiling of prekeratin filaments, and vice versa (Klymkow-
sky, 1982; Klymkowsky et al., 1983). The collapsed structures were not com-
pletely superimposable, and the cytokeratin network recovered earlier, while
vimentin caps, induced by antithy I, remained visible for days.

In contrast to these results with PtK cells, HeL.a cells, which also express
vimentin and cytokeratin polypeptides, seem to contain two completely inde-
pendent filament systems: Injection of a monoclonal antivimentin or of
monoclonal antibodies specific for individual cytokeratins found in this cell
type caused the collapse of vimentin filaments, or, respectively, the disruption
of the cytokeratin fibers, without affecting the corresponding filament net-
work (Télle et al., 1985). In two other human cell lines, coexpressing either
vimentin and glial fibrillar acidic protein or vimentin and desmin, disruption
of one type of filaments by injection of the relevant antibodies also caused the
collapse of the other system. Immuno electron microscopy suggested that
indeed individual filaments are copolymers of both types of proteins (Télle
and Osborn, 1985). Thus, it seems that, depending on the cell type, both
possibilities are verified in nature: cells can contain two independent sets of
intermediate filaments, but they can also form copolymers from different
classes of subunits.

Even more subtle analyses have been carried out with microinjection of
antibodies reacting with individual cytokeratins and counterstaining the in-
Jected cells with antibodies against other cytokeratins. With such experiments,
questions as to the protein composition of the cytokeratin network can be
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addressed: do the cytokeratin polypeptides expressed in one cell participate
in each cytokeratin filament, or do they build up different filaments? The
evidence available so far suggests that the cytokeratin filaments in epithelial
cells can contain more than two different cytokeratins (Télle and Osborn,
1985; Tolle et al., 1985).

When the literature on microinjection experiments with antibodies
against intermediate filaments is reviewed, two general conclusions become
evident: (1) The antibody concentration required to lead to disruption, col-
lapse, or aggregation of intermediate filaments is relatively high; with mono-
clonal antibodies, concentrations of 6—7 mg/ml are required. (2) A disrupted
intermediate filament organization has no effect on cellular activities. Thus,
for life in cell culture, intermediate filaments seem dispensable.

4.2. Introducing mRNA

While the experiments described here indicate that cells do not need
intermediate filaments when grown in culture, one might ask if an increase in
intermediate filaments or the expression of the wrong type of intermediate
filaments may be adverse to tissue culture cells. Experiments related to such
questions have been carried out by microinjecting poly (A) RNA, highly en-
riched for cytokeratin mRNA, into cells that normally express only vimentin
filaments (Kreis et al., 1983; Geiger et al., 1984a). The mRNA was faithfully
transcribed, and cytokeratin filaments were assembled in injected bovine lens
cells and also in rat fibroblasts, two cell types that normally do not express
cytokeratins. The first cytokeratin-positive aggregates were seen as early as 1
hr after injection. Within 24—30 hr p.i., an extensive network of cytokeratin
filaments developed which did not colocalize with vimentin filaments, or with
microfilaments or microtubules. Growth and mitosis seemed unperturbed in
the injected cells, and the induced cytokeratin filaments were distributed
among the daughter cells (Kreis et al., 1983).

5. The Coated Vesicle System

Coated vesicles are believed to be intimately involved in receptor-medi-
ated endocytosis (cf. Goldstein et al., 1979), that is, in the active uptake of
exogenous molecules by the cell. There is also good evidence that coated
vesicles participate in the reverse process, namely, in the transport of newly
synthesized molecules toward the surface of the cell. For example, coated
vesicles have been described as carriers of acetylcholine receptor molecules
(Bursztajn and Fischbach, 1984), casein (Franke et al., 1976), fibronectin
(Birchmeier et al., 1982), and viral proteins (Rothman et al., 1980). The main
structural protein of coated vesicles, clathrin, is thought to recycle and to
associate reversibly with cellular membranes such as Golgi membranes and
the plasma membrane (cf. Pearse, 1976, 1980). Close to the plasma mem-
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brane, coated pits and coated vesicles can be identified in contact with micro-
filaments (cf. Salisbury et al.,, 1982, and Fig. 8), which is indicative of a func-
tional cooperativity of these two cytoskeletal systems in intracellular transport.
Moreover, there is recent evidence that clathrin may also shuttle between a
soluble and an insoluble, probably membrane-bound state (cf. Goud et al,,
1985). In analogy to the microtubule and the microfilament system, it is
therefore an attractive idea to study the dynamics of these processes in living
cells by microinjection.

Microinjection of antibodies against clathrin seemed a promising ap-
proach. An affinity-purified polyclonal antibody against bovine brain clathrin
was used to study its effect on the uptake of as,-macroglobulin and the export
of viral proteins in mouse fibroblasts (Wehland et al., 1981, 1982). The anti-
body, in concentrations up to 4 mg/ml in the injection solution, failed to
inhibit a,-macroglobulin uptake as well as export of vesicular stomatitis virus
proteins in virus-infected cells. These results were interpreted by the authors
as evidence against the existence of free coated vesicles and of dynamic coated
pits. However, since nothing is known about the epitopes this antibody re-
acted with, or the topographic distribution and functional importance of
those epitopes at the clathrin molecule, such conclusions seem premature.

6. Conclusion

In summary, analyzing the cytoskeleton of animal cells and protozoa by
microinjection has resulted in a wealth of interesting data on the expression,
organization, dynamics, and function of cytoskeletal elements. The construc-
tion of fluorochrome-labeled probes with properties close to or identical with
those of the endogenous counterparts, the use of specific polyclonal or mono-
clonal antibodies, and the adaptation of video intensifying systems and of
photobleaching techniques for cell biological questions have led to rapid pro-
gress within this field. Although, originally, studies on larger objects (sea
urchin eggs, ameboid cells) were favored, microinjection with glass capillaries
can now be done with almost all tissue culture cells that adhere to a sub-
stratum, and almost all cells tolerate the injection process quite well.

Naturally, probing the cytoskeleton by microinjection is limited to tissue
culture cells or single cells. Thus, this approach cannot answer questions not
relevant for such cells. One example is the problem of the functional impor-
tance of intermediate filaments for animal cells. Microinjection experiments
did not solve this problem, since intermediate filaments are probably not
needed for life of individual cells, but for cytoskeletal functions in tissues and
organs.

Future reseaych in this field will probably expand into combining micro-
injection with immuno electron microscopy and biochemical analysis of the
injected cells. Injection of mRNAs is a new means of biotechnical manipula-
tion of cells at the translational level.



Figure 8. Platinum—carbon replica after rotary shadowing the ihner face of the lower plasma
membrane of a fibroblast. Stress fiber filaments are seen parallel to the plasma membrane.
Coated vesicles and/or coated pits, labeled with antiserum to coated vesicles followed by protein-
A-gold, are seen in close association with microfilaments (Nicol, Nermut, Doeinck, Robenek,
Wiegand, and Jockusch, manuscript in preparation). Such preparations may become useful in
future microinjection experiments, to examine functional relationships between microfilaments
and intracellular transport. Bar: 1 pm.
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Structural Aspects of Intermediate
Filaments

Norbert Geisler and Klaus Weber

1. Introduction

Microtubules, microfilaments, and intermediate filaments (IF) form the three
filamentous organizations of the cytoplasm. Whereas the major structural
components of the two former systems—actin and tubulin—are highly con-
served in different cell types, the constituent proteins of IF can vary greatly in
amino acid sequence and length (40—200 K). This peculiar property led origi-
nally to much confusion as to the similarity and divergence of IF proteins. By
the late 1970s it was obvious that IF proteins could be subdivided by bio-
chemical and particularly by immunological data in a histologically mean-
ingful manner as their expression pattern coincided with known rules of
embryonic differentiation (for review see Lazarides, 1982; Osborn et al.,
1982). Five subclasses were identified: epithelial keratins, neuronal neurofila-
ments, desmin filaments of most muscles, GFAP filaments of glia, and vimen-
tin filaments present primarily in mesenchymal cells. Subsequent biochemical
results documented around 20 different human keratins some of which were
again markers of morphologically distinct epithelia (for review see Moll et al.,
1982).

Although the names used for different IF proteins emphasized a mo-
lecular distinction particularly useful for embryologists and pathologists in-
terested in differential gene expression patterns that parallel histologically
distinct cell types, it has always been obvious that the various IF are built
around a common structural principle. They share similar biochemical prop-
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erties (a high a-helix content and a relatively low solubility), an a-type X-ray
diffraction pattern (Day and Gilbert, 1972; Steinert, 1978; Steinert et al.,
1978, 1980; Renner et al.,, 1981), and a common electron microscopic ap-
pearance characterized by a diameter of 7—11 nm and a lateral periodicity of
21 nm, which is seen particularly well after exposure to glycerol and metal
shadowing (Aebi et al.,, 1983; Henderson et al.,, 1982; Milam and Erickson,
1982). Biochemical properties as well as current sequence data distinguish the
epithelial keratins from the nonepithelial IF proteins in line with their distinct
appearances in different cell types. The former are built as obligatory hetero-
polymers containing at least two complementary keratins (Lee and Baden,
1976; Steinert et al., 1976; Milstone, 1981; Moll et al., 1982; Fuchs and
Marchuk, 1983; Franke et al., 1983), while the latter group seems primarily
based on proteins able to form homopolymers (Rueger et al., 1979; Geisler
and Weber, 1981a; Liem and Hutchinson, 1982; Renner ¢f al., 1981; Steinert
et al., 1981).

Here we review the common structural organization of IF proteins, with
particular emphasis on nonepithelial IF. The epithelial keratins are covered
in detail in two other chapters in this book (Fuchs et al., Chapter 4; Roop and
Steinert, Chapter 3), as is the current state of the organization of the genes for
the IF proteins (same reviews and Quax and Bloemendal, Chapter 5). We
shall concentrate on the actual proteins and their measurable properties and
summarize data that seem to allow an understanding of the transition from
the linear sequence of IF proteins via the tetrameric protofilament to the 10-
nm filament proper.

2. Domain Organization of IF Proteins

The general organization of IF proteins was first documented in detail by
the proteolytic cleavage pattern of chicken desmin and the biochemical and
protein chemical characterization of the resulting domains. Mild chymotryp-
tic digestion defined three structurally distinct domains. The largest frag-
ment, with a polypeptide molecular weight 40 K, can be purified in urea and
reconstitutes into a tetrameric rodlike structure about 50 nm long and 2—3
nm thick, which has an experimentally determined a-helical content of about
80% (Geisler et al., 1982a). As this fragment displayed sequences that showed
extended regions of heptade repeats, it must be built from a-helices present
in coiled-coil conformation, a finding also in agreement with the a-type X-ray
diffraction pattern typical of IF (see, for instance, Steinert et al., 1978; Renner
et al., 1981). By analogy to myosin and in agreement with its morphology in
the electron microscope, we called this domain the rod (Geisler et al., 1982a).
Its tetrameric character (Geisler and Weber, 1982; Geisler et al., 1985a) ex-
cluded earlier proposals of three-stranded coiled-coils (Steinert, 1978;
Steinert et al., 1980, 1981) and emphasized instead the presence of two nor-
mal double-stranded coiled-coils. Sequence data showed also that the coiled-
coil arrays are interrupted by short non-a-helical spacers giving rise to two
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major coiled-coil units (Geisler and Weber, 1982; see also Figs. 1 and 2). The
rod spans residues 74-415 of the molecule and thus covers the 310 residues
structurally conserved in all IF proteins (positions 97—407 in desmin). It is
flanked by two non-a-helical terminal domains. The carboxyterminal tailpiece
(residues 416—463) can be isolated because it displays a moderate stability
against chymotrypsin (Geisler et al., 1982a; Geisler and Weber, 1982) al-
though it shows no ordered secondary structure in circular dichroism spectra
(our own unpublished observation). As the aminoterminal headpiece has
many § turns, it is highly sensitive to proteases and is digested by chymotryp-
sin into small fragments (Geisler et al., 1982a). Isolated as a CNBr fragment
(residues 1—-82) it shows no measurable ordered secondary structure (our own
unpublished observation). As the available partial sequences of porcine vi-
mentin, bovine GFA, the neurofilament protein NF-L, the two a-keratins
from sheep wool, and one human epidermal keratin (Geisler and Weber,
1981b; Hong and Davison, 1981; Geisler et al., 1982b; Crewther et al., 1980;
Sparrow and Inglis, 1980; Hanukoglu and Fuchs, 1982) could be aligned
along the complete desmin sequence, a general IF model was reached (Geisler
and Weber, 1982). A highly a-helical rod domain able to form two-stranded
coiled-coils is flanked by non-a-helical terminal domains. Whereas the rod of
310 residues is highly conserved in sequence principles and in length, the
terminal domains are very variable in both properties. Thus all molecular
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Figure 1. Schematic representation of the domain structure of nonepithelial IF proteins. The
common a-helical rod domain is interrupted by the nonhelical spacers S; and Sy situated between
helices Ia and Ib, and Ib and I1. Helices I (a + b) and II are approximately of equal size. A further
nonhelical insertion could occur early in helix II (see text). The asterisk marks the approximate
position of the epitope of a monoclonal antibody that recognizes all IF proteins (Pruss et al., 1981;
Geisler ¢t al., 1983a). The rod domains are flanked at the aminoterminal side by the nonhelical
headpieces (head) and at the carboxyterminal side by the nonhelical tailpieces (tail). In the three
nonneuronal proteins desmin (D), vimentin (V), and GFA (G), the chymotrypsin-resistant tail-
pieces (bar) are connected by short hinge regions to the rod domains. In the neurofilament triplet
proteins (NF-L, NF-M, and NF-H), the chymotrypsin-resistant tailpiece extensions (tail B, Ch-tail)
are connected by longer chymotrypsin-sensitive hinge regions (tail A) to the rods. The tailpieces
(tail B) increase in size from NF-L to NF-M and NF-H. P in the NF-H tailpiece indicates the
subdomain, which is highly phosphorylated. The tailpiece of NF-M is less heavily phosphory-
lated, and the phosphate sites have not yet been assigned to specific places within the domain (see
text). The filled-in areas indicate established amino acid sequences (see Fig. 2 for references).
Only fragments of the headpiece of NF-H are currently known. The location of the sequenced
regions in the tailpiece extensions is tentative. For the short sequences from fragments of the tail
domains of NF-M and NF-H and the headpiece of NF-H see Geisler et al. (1984, 1985b).
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Figure 2. Sequence relationship among the six nonepithelial IF proteins. Alignment is based on
previous arguments (see text). For primary sequence data see the following references (Geisler
and Weber, 1982, 1983; Lewis ¢t al., 1984; Quax et al., 1983; Geisler et al., 1983a, 1984, 1985b,c).
D, desmin (chicken); V, vimentin (hamster); G, GFA (mouse); L, M, and H, the neurofilament
components (pig); G, the aminoterminal region of porcine GFA (Geisler and Weber, 1983).
Together with the nearly complete murine DNA sequence (Lewis et al., 1984) a prototype GFA
sequence can be derived. Horizontal lines indicate as yet unestablished sequences. X is an ar-
ginine or lysine residue in L. The three structural domains are indicated (head, rod, tail) as are
the hydrophobic a and d positions (dots) in the consecutive heptades of the presumptive coiled-
coils (lines above the sequence blocks). Note some irregularities early in coil 2 and the reversal
around desmin residue 342 also common to other proteins. Deletions (dashes) allow for a better

weight variability of IF proteins resides in the length of the head- and tail-
pieces (see Section 8). A relatively similar view was developed independently
from the nearly complete cDNA sequence of a human epidermal keratin,
although the sequence comparison with a-keratins was rather limited and the
coiled-coil problem was not approached directly (Hanukoglu and Fuchs,
1982).

The general model of IF protein structure that we proposed in 1982
(Geisler and Weber, 1982) has been confirmed by an avalanche of sequences
developed since then. These studies also solved two of the remaining major
structural problems. First, the high-molecular-weight neurofilament proteins
were recognized as true IF proteins carrying particularly long tailpiece re-
gions (Geisler ef al., 1983a, 1984, 1985b, 1985c¢; see also Fig. 1). Second, the
high complexity of epithelial keratins was reduced to variations on two pro-
totypes when the second partial cDNA sequence became available for a
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alignment in the short spacer regions and to some extent in the hypervariable non-a-helical
terminal domains. Along the rod length variability is very small and occurs exclusively in the short
non-a-helical spacers. Between coil 1a and 1b (spacer 1) there are 13 residues in L and M and 11
in the three nonneuronal proteins. These show 21 residues between coil 1b and 2 (spacer 2)
whereas L and M have 22. Crosses indicate an identical residue in all sequences. Circles mark
highly homologous residues in all sequences. Note the consensus-type sequences early in coil 1
and at the carboxyl end of coil 2. For alignment of these sequences with those of epidermal
keratins and a-keratins see previous references. Partial sequence data also exist for L (mouse)
(Lewis and Cowan, 1985), V (pig) (Geisler and Weber, 1981b; Geisler et al., 1982b, 1983b), GFA
(pig) (Geisler and Weber, 1983), and D from pig (Geisler and Weber, 1981b; Geisler et al., 1982b)
and hamster (Quax et al., 1984).

human epidermal keratin (Hanukoglu and Fuchs, 1983). This information,
together with the earlier recognition of the two wool a-keratin sequences as
specialized epithelial keratins (Weber and Geisler, 1982), has drawn the struc-
tural information accumulated on wool a-keratins into general models of IF
structure.

The topographical model of IF proteins summarized here differs dis-
tinctly from earlier versions developed for either a-keratins (Crewther and
Dowling, 1971; Fraser et al., 1976; Crewther, 1976) or IF proteins in living
cells (Steinert, 1978; Steinert et al., 1980, 1981). a-Keratin models assumed
only one coiled-coil array (coil 1b in the following discussion) but at least in
later versions invoked double-stranded coiled-coils (Ahmadi and Speakman,
1978; Ahmadi et al., 1979; Woods and Gruen, 1981). The model of Steinert
based on various observations but devoid of supporting sequence data was
upheld in one important point. Regardless of differing molecular weight, IF
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proteins keep the same absolute sequence length in coiled-coil conformation,
and this organization can be approximately described as two major units as
had been earlier suggested for epidermal keratins (Skerrow et al., 1973).
However, because of a false location of the coiled-coils along the polypeptide,
the non-a-helical headpiece and its size variability were missed, and instead a
size variability of the spacer separating the two major coiled-coils was pro-
posed. The reasons for these discrepancies remain unclear as does the reason
for the difference for the strandedness of the coiled-coils, i.e., three rather
than two. Nevertheless the interpretation of the complete sequences of two
mouse epidermal keratins recently proposed by Steinert et al. (1983, 1984) is
fully consistent with the general topographical IF model illustrated for des-
min. As Steinert et al. (1984) no longer seem to believe their earlier proposal
of three-stranded models, there seems to be general agreement that IF mole-
cules are based on double-stranded coiled-coils. Remaining minor difficulties
concern subtleties of interpreting linear sequences in structural terms.

3. Neurofilaments

Mammalian neurofilaments (NF) contain three components. The triplet
proteins NF-L, NF-M, and NF-H have apparent molecular weights of 70 K,
160 K, and 200 K in gel electrophoresis (Geisler and Weber, 1981a; Liem and
Hutchinson, 1982; Hoffman and Lasek, 1975). Because of their increased
molecular weights in comparison to desmin, vimentin, and GFA, their rela-
tion to other IF proteins posed several problems, which were only solved in
steps. NF-L was the first neurofilament component to be identified as a non-
epithelial IF protein. It formed in vitro homopolymeric filaments (Geisler and
Weber, 1981a; Liem and Hutchinson, 1982) with the characteristic 21-nm
lateral periodicity (Henderson et al., 1982) and contained a short segment
easily aligned with the emerging sequences of desmin and vimentin (Geisler et
al., 1982b). Various observations, however, seemed to indicate that NF-M and
NF-H acted as associated proteins bound to a filament wall built from NF-L.
Immunoelectron microscopy, while showing continuous decoration for NF-L,
emphasized a peripheral organization for NF-M and particularly for NF-H
(Willard and Simon, 1981; Sharp et al., 1982; Hirokawa et al., 1984; Liem et
al., 1985). In reconstitution experiments neither of the two high-molecular-
weight proteins showed self-assembly although both were readily incorporat-
ed into filaments formed by NF-L. The resulting “hairy” filaments obtained
particularly with NF-H (Geisler and Weber, 1981a) seemed to emphasize
again the character of an associated protein also invoked from some pro-
teolytic studies (Chin et al., 1983; Julien and Mushynski, 1983).

A combination of biochemical, immunological, and protein—chemical
data led to a different model (Geisler et al., 1983a) (Fig. 1). Mild proteolytic
digestion of all three proteins provided a highly a-helical rod domain of about
40 K, which harbored the epitope for a monoclonal antibody able to recognize
all IF proteins (Pruss et al., 1981; Geisler et al., 1983a). As this epitope is
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situated around the consensus sequence at the end of coil 2, a new structural
model was possible for NF-M and NF-H. These were recognized as hybrid
molecules carrying, in addition to sequences typical of IF proteins, separate
autonomous domains accounting for their increased molecular mass. As the
partial sequence of NF-L documented a peculiar glutamic acid-rich domain at
the carboxyl end (Fig. 2), it was proposed that triplet proteins differ by tail-
piece extensions increasing in size. The amino acid composition (see Section
8) of these autonomous domains in NF-M and NF-H pointed, as in NF-L, to
glutamic-acid-rich regions not found in any other IF protein type (Geisler et
al., 1983a, 1984, 1985b).

Subsequent sequence data fully confirmed this model. The complete se-
quence of NF-L (548 residues) (Geisler et al., 1985¢) shows an arginine-rich
headpiece preceding the common rod region. This is in turn connected via a
highly protease-sensitive hinge region (45 residues) to the carboxyterminal
tailpiece extension, which has a highly unusual sequence. Within 106 residues
it has 47 glutamic acids and 12 lysines (Fig. 2). The currently known aminoter-
minal 436 residues of NF-M (Geisler et al., 1984) cover the arginine-rich
headpiece, the entire rod, and the beginning of the hinge region. Partial
sequence data exist for the aminoterminal part of the tailpiece extension and
again reveal, in line with compositional data, the wealth of glutamic acid and
lysine. In the case of NF-H, fragments of the aminoterminal headpiece are
known and about half of the rod domain has been characterized by the se-
quence of a 17-K fragment (compare Figs. 1 and 2). The early and late part of
the rod remain to be sequenced. Two additional short sequences of large
fragments high in glutamic acid and lysine account for the carboxyterminal
tailpiece extension (Geisler et al., 1985b). Thus the extra mass of all three
neurofilament proteins is located in their tailpieces (Fig. 1).

In line with the sequence data, it has recently become possible, under
special conditions, to form homopolymeric IFs from purified NF-M (Gardner
et al., 1984). Although similar conditions lead only to short and curly filamen-
tous fragments of NF-H, it seems possible that the particularly large and
highly phosphorylated (Julien and Mushynski, 1982; Jones and Williams,
1982; Geisler et al., 1985b) tailpiece extension of this protein interferes in the
refolding process of the IF domain upon dialysis from urea into the recon-
stitution buffer. Alternatively, we cannot exclude the possibility that because
of a yet unknown property, incorporation of NF-H into filaments is promoted
by the presence of either NF-M or NF-L. The combined data leave little doubt
as to the relative structural disposition of the three NF proteins. As in other
IFs, they seem to interact with each other via their coiled-coil regions in a
pattern related to that discussed in Section 6 for IF proteins in general. Since
the tubular filament structure proposed for IFs cannot accommodate true IF
proteins situated at the filament periphery without being present in the fila-
ment wall, the immunoelectron microscopic data obtained with various NF-H-
specific antibodies (Willard and Simon, 1981; Sharp et al., 1982; Hirokawa et
al., 1984; Liem et al., 1985) required a reevaluation. Although they strongly
emphasized that NF-H is involved in the whiskerlike crossbridges between
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neighboring axonal neurofilaments, they have never excluded the possibility
that only a part of NF-H is involved in this structure. As monoclonal anti-
bodies recognizing an epitope in the tailpiece extension of NF-H (Geisler et
al., 1983a; Liem et al., 1985) provide the same decoration pattern as originally
observed with polyclonal antibodies, it seems likely that it is the tail domain
which is involved in cross-bridge formation between neighboring filaments.
We note, however, that it remains unknown whether the cross-bridge con-
tains, in addition to the tailpiece of NF-H, the corresponding domains of the
other two components. The neurofilament model developed here also ex-
plains the results of certain proteolytic studies (Julien and Mushynski, 1983;
Chin et al., 1983). While the shorter 40-K fragments of NF-H and NF-M
retained in the insoluble material are related to the a-helical rod domains, the
much larger fragments released into the supernatant are now recognized as
the tailpieces of the two proteins.

4. Organization of the Sequences along the Rod Domain

a-Helices in coiled-coil formation are recognized by a particular organi-
zation. The sequences reveal a seven-residue or heptade (a, b, ¢, d, e, f, g),
repeat pattern, where positions ¢ and d are usually occupied by hydrophobic
residues (Sodek et al., 1972; McLachlan and Stewart, 1975). When appropri-
ately folded, these residues will form a hydrophobic seam indicating those
positions where two (or possibly three) such a-helices can align. The resulting
coiled-coil is then stabilized by hydrophobic bonds. As extended parts of the
rod domains are organized in heptades (Fig. 2), it is relatively easy to deter-
mine the borders of the a-helical coiled-coil domains, and the various in-
terpretations given in the literature differ only slightly from that originally
offered for desmin (Geisler and Weber, 1982). A non-a-helical spacer of
about 20 residues situated approximately in the middle of the rod regions
separates two approximately equally sized a-helical regions, the aminoter-
minal coil 1 and the carboxyterminal coil 2. A further nonhelical spacer of
about 15 residues divides coil 1 into the shorter and aminoterminally located
coil 1a and the longer coil 1b. The number of heptades for 1a, 1b, and 2 is
about 4-5, 1415, and 21, respectively. Alternatively, there could be an addi-
tional spacer of about 10 residues early in coil 2. There is disagreement as to
the precise location of this spacer. One laboratory puts it just prior to the
centrally located tryptophan residue (desmin position 286) (Steinert et al.,
1984), whereas another locates its start some 12 residues past the tryptophan
(Hanukoglu and Fuchs, 1983; Marchuk et al., 1984). Although we noted
earlier (Geisler and Weber, 1982) some irregularities or breaks in the hep-
tades early in coil 2, we have avoided invoking a spacer in coil 2 as no IF
protein currently known shows any length variability in this region whereas
subtle length variability is documented in the other two spacers discussed.
Another irregularity occurs some 60 residues prior to the carboxyl end of coil
2. Here an a-to-d reversal occurs in the repeat pattern probably resulting in a
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shift of the pitch in the coiled-coil. These irregularities, as well as a number of
a and d positions carrying a charged rather than a hydrophobic residue, seem
general to all IF proteins including the keratins. All analyses have confirmed
the existence of the consensus-type sequences we had located early in coil 1a
and at the carboxyl end of coil 2 (Geisler and Weber, 1982; Geisler et al.,
1983a).

In addition to the heptade organization, the coiled-coil domains have a
further structural regularity as the charged residues reveal a periodic pattern,
which was analyzed in detail for the carboxyterminal 80 residues of coil 2 in
desmin (McLachlan and Stewart, 1982). Each of the two types of charged
residues shows significant periods of 28/3 and 28/10 residues, suggesting that
the charge pattern has a fundamental period of 28 residues. The 28/3-residue
period results in alternating positively and negatively charged bands present
on the surface of the postulated coiled-coil. These bands are further divided
by the 28/10-residue period into slanting patches of charge. Similar charge
periods have been described for an epidermal keratin and a-keratin (Steinert
et al., 1984; Parry et al., 1977; McLachlan, 1978). Interestingly, the 28/3-
residue period is found not only in IF proteins but also along the myosin rod
(Parry, 1981; McLachlan and Karn, 1982). As it is absent in the simple double-
stranded coiled-coil of tropomyosin, the charge pattern must be involved in
the proper fit between polymerizing IF molecules and thus should contribute
to the forces that stabilize the filament. The 28/10-residue period seems ab-
sent in the myosin rod and therefore possibly related to a structural feature
distinguishing the coiled-coils of myosin from those of the IF proteins.

. Keratins are obligatory heteropolymers, and the complexity of some 20
different human keratins (Moll ¢t al., 1982) is now understood as a variation
around two complementary prototypes: keratin I and keratin II (Fuchs and
Marchuk, 1983; Hanukoglu and Fuchs, 1983; Franke et al., 1983; Weber and
Geisler, 1984). This complementarity is present on the level of the tetrameric
protofilament, and it is generally assumed to reflect the presence of both
prototypes within a double-stranded coiled-coil (Quinlan et al., 1984). We
note, however, that this point is not rigorously proven, and the possibility
remains that each prototype can form a double-stranded coiled-coil and the
subsequent process of the tetramer formation requires both prototypes (see
also Steinert et al., 1984).

5. Comparison of the Six Nonepithelial Proteins along the Rod
Domain

Three of the six nonepithelial IF proteins are known by full sequence:
desmin (chicken) (Geisler and Weber, 1982), vimentin (hamster) (Quax et al.,
1983), and NF-L (pig) (Geisler et al., 1985c). DNA and protein data on murine
and porcine GFA together (Geisler and Weber, 1983; Lewis et al., 1984)
establish a fourth protein in full length. For porcine NF-M (Geisler et al.,
1984) the aminoterminal 436 residues are known and the sequence of a 17-kD



50 Norbert Geisler and Klaus Weber

fragment from the rod domain is available for porcine NF-H (Geisler et al.,
1985b). Therefore, the structurally conserved rod domains of five of the six
nonepithelial IF proteins can be compared for sequence identity over the
entire length (Table 1). As already seen in earlier studies (Geisler et al., 1984),
desmin and vimentin are the closest pair. They reveal an identity of 73%,
although an avian and a mammalian protein are compared. GFA is somewhat
less related as it shares only 63% identity with desmin or vimentin. NF-L and
NF-M are the most remote members, displaying only ~50% identity with
desmin and vimentin. Interestingly, these two neurofilament proteins have
strongly diverged from each other, as they share only 54% identity. When the
comparison is restricted to the rod segment currently established for NF-H,
essentially similar results are obtained, although the absolute values are lower
as the consensus-type sequences at the ends of the rod are not covered (com-
pare Fig. 1 and Fig. 2). Again, the three nonneuronal proteins are much
closer to each other (60—70% identity) than the three neurofilament proteins,
which have noticeably diverged (L/M 46%, M/H 44%, L/H 37% identity).
Despite these gradual differences, the six proteins are recognized as members
of one subgroup of IF, i.e., the nonepithelial proteins, since the two comple-
mentary keratin types are more remote. Regions of extreme sequence homol-
ogy are clearly delineated at the two ends of the coiled-coil array covering as
consensus sequences both the keratins and the nonepithelial IF proteins
(Geisler and Weber, 1982; Geisler et al., 1984). In the latter case we notice
particularly the carboxyterminal 37 residues of coil 2, which display 30 identi-
cally positioned residues (Fig. 2).

Partial data on the rod exist also for porcine (Geisler and Weber, 1981b)
and hamster desmin (Quax et al., 1984), murine NF-L (Lewis and Cowan,
1985), and porcine GFA (Geisler and Weber, 1983). Usually a few conser-
vative exchanges are noted between the corresponding porcine and rodent
proteins. The carboxyterminal 122 residues of the desmin rod are known for

Table 1. Sequence Identities (in %) along the Rod Domains of Five of
the Six Nonepithelial IF Proteinse

v Db G L M
v — 73 63 53 50
Db (68) — 63 53 49
G (61) (60) — 48 48
L 1) (54) (45) - 54
M (39) (39) (87 (46) —
H 37 (37) (37 (37) (44)

2Values in parentheses arise when comparison is made for all six proteins using only
the segments established for NF-H (see text and Figs. 1 and 2). V, vimentin; D,
desmin; G, GFA; L, NF-L; M, NF-M; H, NF-H (for references to the sequences see
legend to Fig. 2) (From Geisler et al., 1985c).

*Residues 97-407 (see Fig. 1).
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three species. Seven of the eight replacements that distinguish porcine and
chicken desmin are present also in hamster desmin; thus, the two mammalian
proteins are much closer than the avian protein (99.2% identity versus
93.4%). This species-specific drift together with the presence of separate
genes for desmin and vimentin in all classes of vertebrates (Quax et al., 1984)
favors a model where the corresponding genes arose by gene duplication
from a common precursor present at or prior to the evolution of vertebrates.
In such a model GFA would have separated earlier from desmin/vimentin
and the NF proteins or their precursors diverged even earlier from a putative
tree of IF protein precursors. As argued elsewhere (Geisler et al., 1985c¢), such
models require a detailed study of IF proteins in invertebrates, which is cur-
rently lacking as there is only occasional documentation of neurofilaments in
some species (Eagles et al., 1981; Lasek et al., 1983). We also note that when
the same IF protein is compared from different species, the headpiece region
seems the most variable part (Geisler and Weber, 1983).

6. Structural Characterization of the Rod

As the rod domains are highly conserved in sequence principles and
length, it is believed that they provide the essential structural building block of
IF. The variable head- and tailpieces may act in consolidating the structure
and/or in mediating cellular interactions with other components (see Sec-
tion 8).

The rod is obtained by mild chymotryptic digestion of the soluble form of
desmin, the protofilaments (Geisler et al., 1982a). It has a polypeptide mo-
lecular weight of 40,000 and spans residues 70-415 (Geisler and Weber,
1982). It thus fully covers the conserved a-helical domain (residues 97—407 in
desmin) with 26 and eight additional residues protruding at the two ends. As
the rod is unable to polymerize into filaments, it is a suitable tool to study the
structure of the protofilament. Electron micrographs reveal a thin and long
particle with a length of about 50 (£5) nm and a diameter of 2—3 nm (Geisler
et al., 1982a). Chemical cross-linking with dimethylsuberimidate suggested a
tetrameric state in line with the presence of two double-stranded coiled-coils
(Geisler and Weber, 1982). Sedimentation equilibrium centrifugation has
consolidated the tetrameric unit in various buffer systems including the one
used for the cross-linking experiments (Geisler et al., 1985a). The measured
molecular weight of 165,000 divided by the polypeptide molecular weight of
40,000 given by the sequence provides 4.05 chains per rod molecule (Fig. 3).
Further confirmation of the tetrameric state has meanwhile been reported in
other laboratories using cross-linking and molecular weight determinations
on protofilaments of desmin, vimentin, and liver keratin (Pang et al., 1983;
Quinlan et al., 1984). This information, together with the heptade repeat
pattern, suggested the presence of two double-stranded coiled-coils rather
than the triple-stranded coiled-coils previously proposed (Steinert ef al.,
1980). The interacting a-helices of the well-analyzed double-stranded coiled-
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e Figure 3. Molecular weight determination of
the chicken desmin rod domain by high-
=} speed equilibrium sedimentation centrifu-

A gation.
Original protein concentrations were A
- i e = 0.3 mg/ml; @ = 0.6 mg/ml; @ = 0.9
s 2 '.'.1_-. Mo, e, ° s mg/ml. The column height was about 4 mm,
S - s and the centrifugations were performed at
= 20°C in 0.15 M NaCl, 0.05 M Tris-HC1, pH
= 8.3, 1 mM dithiothreitol, and 1 mM phe-
= nylmethylsulfonylfluoride. The molecular
weight was calculated using a partial specific
volume of 0.723 ml/g. Given the polypeptide
=} molecular weight of the chymotryptic rod
e monomer of 40,000, the native rod domain
0.0 0.3 0.6 0.9 12 5 a tetramer (molecular weight 163,000)

Concentration ( mg/ml ) (Geisler et al., 1985a).

coils of tropomyosin and myosin are arranged in parallel and in register
(McLachlan and Stewart, 1976; McLachlan and Karn, 1982). If a similar
arrangement is taken as the most likely possibility for the two-stranded coiled-
coils of IF proteins, two questions arise for the tetrameric desmin rod. First,
are the two presumptive coiled-coils arranged antiparallel or parallel to each
other? Second, are they in register or are they staggered?

In order to decide between parallel and antiparallel arrangements we
have used a desmin-specific mouse monoclonal IgG, antibody whose epitope
is located between residues 324 and 415 of the molecule, i.e., in the carbox-
yterminal part of the rod (Debus et al., 1983). Fab fragments were mixed with
the rod. The complexes were purified by gel filtration and visualized by
electron microscopy after metal shadowing (Geisler et al., 1985a). The micro-
graphs of Fig. 4 document dumbbell-shaped structures in which both ends of
the rod are labeled by a globular Fab molecule. The mean distance of the two
Fab fragments (center to center) was about 45 nm, in agreement with the
length of the rod. The structure obtained is best explained if the two neigh-
boring coiled-coils of the tetramer are antiparallel to each other. If one ac-
cepts that about 280 residues of the rod can be involved in coiled-coil forma-
tion, this would lead to a minimal length of 42 nm provided the coiled-coils
are stretched out to full length and backfolding does not occur. We have
reported the length of the desmin rod to be about 50 (*5) nm (Geisler et al.,
1982a). Conformation for such a length comes from work on tetrameric pro-
tofilaments of liver keratin and protofilaments of desmin and vimentin re-
ported by others (Pang et al., 1983; Quinlan et al., 1984). Values of 48—50 nm
make a long stagger between the two neighboring coiled-coils very unlikely
although they cannot exclude a relatively small stagger. There are presently
only a few clues, as to the exact alignment of the two coiled-coils. One possible
arrangement without any stagger is shown in Fig. 5A.
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Figure 4. Desmin rods decorated with Fab fragments of the monoclonal antibody DE-U-10.
Chymotryptic desmin rods and papain-cleaved DE-U-10 antibodies were mixed in 10 mM Tris-
HCI, pH 7.5, 50 mM NaCl, 0.1 mM phenylmethylsulfonylfluoride, and 0.1 mM dithiothreitol.
The complex was purified by gel filtration and rotary-shadowed with tantalum/tungsten at an
angle of 10° after mixing with glycerol. The bar is 10 nm. Note the dumbbell-shaped complexes
implying that both ends of the rod are tagged by Fab fragments (Geisler et al., 1985a).

7. From the Rodlike Protofilament to the 10-nm Filament

The structure suggested here for the desmin rod differs from a smaller
complex isolated from carboxymethylated and reconstituted wool a-keratins
by chymotryptic digestion (Ahmadi and Speakman, 1978; Woods and Gruen,
1981). This a-helical particle consists of four chains of coil 1b, as all other
parts of the rod have been digested. The tetrameric state of this particle has
led to the postulation of a tetrameric keratin protofilament unit of 60- to 66-
nm length, where the two coiled-coils are antiparallel and staggered by about
20 nm (Fraser and McRae, 1983; Crewther et al., 1983). In this particle (Fig.
5B) the coils 2 protrude essentially without binding partner while the coils 1
are essentially in a tetramer form. However, a full a-keratin rod or protofila-
ment unit of the postulated length (=60 nm) has neither been visualized by
electron microscopy nor isolated directly. In addition, the length seems in-
compatible with the values found for the tetrameric liver cytokeratin pro-
tofilaments, i.e., 48 nm as for desmin (Quinlan et al., 1984; Pang et al., 1983).
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Figure 5. Diagrammatic representation of the rod complex (protofilament) and possible ways of
its assembly into filaments (Geisler et al., 1985a). Bars represent double-stranded coiled-coils. For
better orientation coiled-coils I are hatched. (A) The protofilament is built from two double-
stranded coiled-coils that are antiparallel to each other and in register. The nonhelical insertions
So (see Figs. 1 and 2) divide the complex into two approximately equally sized halves. Considering
the length of the tetrameric rod of about 48 nm (Geisler et al., 1982a; Pang et al., 1983; Quinlan et
al., 1984) and the minimal length of 42 nm for one coiled-coil (see text), there could also be a
small stagger of up to about 6 nm between the coiled-coils. (B) Two different ways of assembly for
the protofilaments that lead to IF. The rods are approximately parallel to the axis of the filament.
In all models the packing involves staggering of neighboring protofilaments by about half a
protofilament length. Such packing would give rise to the 21-nm cross-striations seen on native
filaments (see Fig. 6 and Henderson ef al., 1982; Milam and Erickson, 1982) as the head- and
tailpieces are present at defined places separated by 21 nm. In addition, the postulated tetrameric
a-keratin complexes (Fraser and McRae, 1983; Crewther et al., 1983) could be explained as
arising from two neighboring protofilaments (see text). For convenience the a-keratin-type com-
plexes are extracted from the three model structures and shown below. The excess length of the
rod of approximately 48 nm versus 2 X 21 nm could probably be accommodated by small
overlaps of consecutive protofilaments due to small staggers between the coiled-coils as discussed
in A. Alternatively, this excess length could be irrelevant, for instance, if the residues exceeding
the actual rod domain at both sides (see text) would be responsible for the excess length but would
not actually occupy space in the filament framework. Using the approximate spatial relations of
neighboring protofilaments depicted in (1) and (2) the structure could close into a tubelike
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Nevertheless, model building shows that the postulated a-keratin complex
could arise from higher orders of protofilament aggregates (Fig. 5B). If the
filament wall were built from the 48-nm-long “desmin-type” protofilaments
staggered by approximately half a length to each other, the resulting brick
wall arrangement given in Fig. 5B shows that the postulated a-keratin com-
plex would be present as a structure formed between two desmin-type rods.
Such a filament arrangement could give rise either to the desmin rods ob-
served or to the postulated 60- to 66-nm-long a-keratin rods.

Until now minimal protofilamentous complexes covering the full length
of the a-helices in IF proteins provided measured values of only 48—50 nm
(Geisler et al., 1982a; Quinlan et al., 1984; Pang et al., 1983), while the 60- to
66-nm-long a-keratin-type complex has only been evoked from the properties
of a particle retaining only coil 1b. However, we note that differences in
experimental conditions used in renaturation experiments may influence the
molecular nature of the particles obtained and that currently we cannot even
exclude the possibility that distinct IF could show a different behavior in this
respect. If the true protofilament in a general IF structure were the 60-nm “a-
keratin” unit rather than the 50-nm “desmin” unit, the exact spatial rela-
tionship of nearest neighbors would differ distinctly. Nevertheless, certain
general features are kept in both cases: antiparallelity of the coiled-coils in the
tetramers, the brickwall arrangement of the coiled-coils, and the number of
tetramers per filament diameter.

The brickwall arrangement based on close to a half-unit-length repeat
also seems to fit the 21-nm lateral periodicity reported by us and others in
various IF preparations exposed to glycerol and then metal-shadowed (Aebi et
al., 1983; Henderson et al., 1982; Milam and Erickson, 1982; and see Fig. 6).
If the protofilaments were approximately parallel to the axis of the filament,
the excess length of the rod, i.e., 48 nm versus twice 21 nm, could probably be
accommodated by slight overlaps at the ends of consecutive rods due to a
small stagger between the coiled-coils.

From our micrographs of shadowed filaments (Henderson et al., 1982;
see also Fig. 6) we cannot decide whether the 21-nm repeat reflects a true
helical arrangement of half rods on the filament surface in agreement with
interpretations of X-ray data on a-keratin (Fraser and McRae, 1983; Crew-
ther et al., 1983) or indicates a straight disklike arrangement as some spec-
imens seem to imply. However, the basic arrangement would be rather similar
in both cases with small differences in stagger resulting in either the helical or
the disk forms.

filament with seven protofilaments side by side. The 21-nm repeat would then represent the pitch
length of a helix around the filament as in recent interpretations of X-ray reflections obtained on
wool a-keratins (Fraser and McRae, 1983; Crewther et al., 1983). In (3) filament closure would
require eight protofilaments also aligned side by side. The 21-nm repeat would reflect the length
of straight disks in agreement with the often straight appearance of this repeat in recent electron
micrographs of desmin (see Fig. 6) and the interpretation of minimal-length filaments obtained
in vimentin assembly studies (see text and Ip et al., 1985).
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Figure 6. Electron micrographs of desmin filaments. Filaments were mixed with glycerol, sprayed
onto freshly cleaved mica, and shadowed with tantalum/tungsten at an angle of 10°. While
negatively stained filaments usually appear smooth without any repeat structure, the rotary-
shadowed filaments reveal a pronounced 21-nm cross-striation (see also Henderson et al., 1982;
Milam and Erickson, 1982). It is conceivable that the repeat arises from the head- and possibly the
tailpieces present at these distances on the filament surface according to the models discussed in
the text (see Fig. 5). The absence of deposited metal between the “pearls” could be caused by
constrictions of the filament due to the glycerol. The glycerol either “tightens the grip” of the
headpieces onto the neighboring rods or loosens the cohesion of protofilaments between the
headpieces thus causing a swelling between the intersections. Considering the different models of
IF structure (see Fig. 5), the repeat would reflect either the pitch height of a helix around the
filament or the length of straight disks. (A) Filaments polymerized from desmin lacking the
carboxyterminal 27 residues (see Fig. 7 and Kaufmann et al., 1985). Note the normal appearance
of the filaments. The bar is 200 nm. (B) A desmin filament at higher magnification. The 21-nm
sections at both ends appear straight. The broadening in the middle could have arisen from an
opening of the tubular filament at one or more sides parallel to the axis of the filament. In line
with the models discussed, the 21-nm repeat is, however, retained (see Fig. 5). The bar is 100 nm.
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Improved X-ray data and a chemical understanding of nearest neighbors
could be very helpful in the future. As far as the latter point is concerned,
current evidence is disappointing. The induced dimer formation by oxidation
of the sole cysteine in desmin, vimentin, GFA, and their hybrid polymers
(Quinlan and Franke, 1982, 1983) is difficult to interpret in structural terms
and does not yet favor a particular model. This cysteine residue occurs at the
same relative position in coil 2 (see Geisler and Weber, 1981b, 1983) and is in
all sequence presentations assigned an f location in the heptade, i.e., a place
where disulfide formation between the two helices of the same double-
stranded coiled-coil is impossible as long as the coiled-coil is stable. Thus, a
disulfide within a coiled-coil could only occur due to a local weakness of the
structure around the cysteine (see also the charge analysis by McLachlan and
Stewart, 1982). If, however, the coiled-coils were undisturbed around the
cysteine residues, S—8 bridge formation would have to occur between coiled-
coils of neighboring protofilaments. Since the cysteine residue is, by approx-
imately 30 residues, closer to the aminoterminal end than to the carboxyter-
minal end of coil 2, the spatial possibility of forming such links is provided by
either of the two variations leading to a helical model (Fig. 5B, 1, 2), if the
coiled-coils were approximately positioned by their twist. In the disk arrange-
ment (Fig. 5B, 3) an inter-coiled-coil S-S bridge would necessitate the intro-
duction of further small staggers. Alternatively, if the tetramers were to con-
tain double-stranded coiled-coils of antiparallel a-helices or parallel double-
stranded coiled-coils, disulfide formation within the tetramer would be possi-
ble. However, these options are currently not very attractive in view of the
structure of other coiled-coils and the indications for antiparallelity between
coiled-coils discussed in all models.

The filament structure discussed (see Fig. 5B) could close into a tube with
seven tetrameric protofilaments in the helical arrangement (1 and 2), while
eight protofilaments is the more likely value for a straight disk organization
(3). The corresponding linear mass densities of 35,000 M /nm (helical struc-
ture) or 40,000 M_/nm (disk structure) are in fair agreement with experimen-
tal values of around 37,000 M, /nm reported by Steinert and co-workers for
vimentin (Steven et al., 1982), which is particularly closely related to desmin.
Owing to some flexibility of the envisioned structure, filament closure could
also occur either with two additional protofilaments or when two protofila-
ments are lacking. This property would account for the two minor species of
increased and decreased linear mass densities found in various IF prepara-
tions (Steven et al., 1983). This point is discussed elsewhere in detail (Geisler et
al., 1985a).

Although the proposed arrangements of rods seem to lead to a tubular
filament, various electron micrographs of unraveled filaments seem to sug-
gest a more ropelike organization containing three to four subfibers (see for
instance Aebi et al., 1983; Stromer et al., 1981). The molecular basis of these
subfibers is currently not clear, and the images do not necessarily argue
against a primarily tubelike structure formed by seven or eight protofila-
ments. If, in unraveling filaments, some of the neighboring protofilamentous
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fibers would for yet unknown reasons stick closer together, an impression of
subfibers could easily arise.

8. Structure and Function of the Terminal Domains in IF Proteins

8.1. The Involvement of Headpieces in Filament Formation

Complete headpiece sequences are available for five of the six non-
epithelial IF proteins (Quax et al,, 1983; Geisler and Weber, 1982, 1983;
Geisler et al., 1983a, 1984, 1985b). Although they are difficult to align, certain
similarities in composition and structure are recognized (Weber and Geisler,
1984) (Fig. 2). The headpieces are very basic because of a wealth of arginine
residues. Negatively charged residues and lysine, although present occasion-
ally, are rare. Headpieces have a high content of serine and glycine and
display several prolines. Secondary structural prediction rules indicate several
B-turns (Geisler et al., 1982a) and the measured CD spectrum of the desmin
headpiece (residues 1 to 82) (our own unpublished observation) reveals ab-
sence of a-helix and B-sheet. The B-turns postulated are in line with the
extreme protease sensitivity of this domain (Geisler et al., 1982a). The stair-
case degradation pattern of decreasing molecular weight and isoelectric point
obtained in two-dimensional gels (see, for instance, Nelson and Traub, 1983)
conforms with the gradual proteolytic loss of basic headpiece regions from
molecules carrying an overall acidic rod domain. At their carboxyterminal
side the headpieces are connected via a leader-type sequence with the com-
mon rod domain. This stretch of some 20 residues already contains acidic
residues and has a-helical potential in desmin, vimentin, GFA, and NF-L. As
it is perturbed by additional glycine and proline residues in NF-M (Geisler et
al., 1984) and so far lacking in epidermal keratins (compare sequence align-
ment in Geisler et al., 1984), its structural importance is unknown. Thus, the
actual headpiece domain covers in nonepithelial IF proteins some 8—12 ar-
ginines present in 45—76 residues, with GFA displaying the shortest domain.

That either one or both terminal domains of IF proteins are involved in
filament formation was first indicated by the inability of the chymotryptically
exised desmin rod to form filaments under physiological conditions (Geisler et
al., 1982a). Subsequent work in two different laboratories led to contradictory
results. Traub and co-workers (Nelson and Traub, 1983; Traub and Vorgias,
1983, 1984) assembled various arguments for a direct participation of the
head domain in filament formation whereas Lu and Johnson (1983) postu-
lated that the removal of the first 97 residues of chicken desmin by thrombin
did not abolish polymerization ability. In order to overcome this discrepancy
we have recently studied two derivatives of chicken desmin lacking either only
the aminoterminal 67 residues or only the carboxyterminal 27 residues.
These were obtained by digestion with thrombin (T desmin) or lysine-specific
protease (L desmin), respectively (Fig. 7). Whereas L desmin is fully poly-
merization-competent and can be quantitatively obtained from normal des-
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Figure 7. Diagrammatic presentation of desmin fragments used to assess the function of the
terminal domains. Digestion of protofilaments with chymotrypsin results in the loss of the head-
piece and the tailpiece (Geisler et al., 1982a), whereas a similar digestion with thrombin results in
the low of the headpiece only (T desmin; residues 68—463). Lysine-specific protease acting on
filaments removes only the carboxyterminal 27 residues (L desmin; residues 1-436) and thus
about half of the tailpiece (Kaufmann et al., 1985). The a-helical coiled-coils start at residue 103
and end at residue 407 (see Fig. 2).

min filaments, the T desmin remains by electron microscopic and hydro-
dynamic criteria at the protofilamentous level of the tetramer and cannot
form filaments on its own when physiological buffer and salt conditions are
used with normal protein concentrations (Kaufmann et al., 1985). The reason
for the discrepancy between our results on T desmin and those of Lu and
Johnson (1983) is unknown. However, there are now several arguments for a
direct participation of the headpiece in filament formation and a structural
involvement of the arginine residues in this process. First, the removal of the
aminoterminal 67 residues, which include all 10 arginines of the desmin head
(T desmin), provides, at least in our hands, a derivative frozen at the pro-
tofilament stage (Kaufmann et al., 1985). Second, brief digestion of desmin
and vimentin filaments by a Ca? * -dependent protease leads to protofilamen-
tous units rather than filaments (Nelson and Traub, 1981, 1983). The coordi-
nates of the resulting fragments in two-dimensional gels argue that they have
lost the headpiece region to various extents. One of these vimentin derivatives
purified to homogeneity was directly shown to be polymerization-incompe-
tent (Traub and Vorgias, 1983). Third, a rather basic vimentin fragment of
11K most likely covering the headpiece acts as an inhibitor of vimentin assem-
bly (Traub and Vorgias, 1983), and we have found similar effects of the
desmin head (residues 1-82). Fourth, filament formation of vimentin and
desmin is inhibited by 150 mM arginine or guanidine but not by lysine (Traub
and Vorgias, 1983). Future experiments have to explore a putative binding
partner of the basic headpiece along the acidic rod domain and to decide
whether the arginine residues of the head act by specific electrostatic interac-
tions or by the formation of highly specific bidentated hydrogen bonds that
cannot be provided by lysine. Alternatively, we cannot rule out an additional
hydrophobic effect of the headpiece and note the decreased number of corre-
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sponding residues in the case of GFA (Geisler and Weber, 1983), which
depolymerizes particularly easily (Rueger et al., 1979; Steinert et al., 1981). We
also note that the DNA sequences of epidermal keratins indicate so far an
aminoterminal region devoid of acidic residues and displaying at least some
arginine residues in addition to many hydrophobic residues and a wealth of
glycine (Steinert et al., 1983, 1984; Marchuk et al., 1984). In the case of wool a-
keratins several cysteine residues point to a permanently frozen state con-
nected to multiple disulfide linkages, which could occur either between neigh-
boring keratins or between these and the peculiar and cysteine-rich matrix
proteins (Weber and Geisler, 1982; Dowling et al., 1983). For a more detailed
discussion of the possibility that the headpieces act as enhancers of filament
formation rather than as obligatory elements see Kaufmann et al. (1985).

While T desmin lacking the aminoterminal 67 residues is unable to form
filaments on its own, the derivative is accepted into filaments formed when
desmin and T desmin are mixed in 7 M urea prior to dialysis (Kaufmann et al.,
1985). As this copolymerization does not occur when the two separately
formed protofilaments are mixed, we have speculated that certain tetrameric
protofilaments containing less than four headpieces can be accommodated in
the filament. These recent findings may indicate a gradual rather than total
destruction of IFs within the cell. Not every removal of a headpiece by the
Ca?*-dependent protease described by Nelson and Traub (1981) must result
in a filament break.

In a series of papers Traub and co-workers proposed that IF proteins are
DNA-binding proteins and proteolytic fragments may act as intracellular hor-
mones in the nucleus (reviewed in Traub and Vorgias, 1984). Although the
latter point is so far without direct support, we have successfully exploited the
reported affinity of IF protein fragments retaining the headpiece for single-
stranded DNA (Nelson et al., 1982). This affinity is present in 6 M urea and
clearly somehow related to the wealth of arginines in the headpiece. An addi-
tional, although much weaker, DNA binding reported to be independent of
the arginine residues (Traub and Vorgias, 1984) failed to show up in our
experiments, which, however, were restricted to a commercially available af-
finity matrix and did not use the preparations of Traub and his colleagues.

The IF structure proposed here has certain implications as to end-on
attachment of filaments to other organelles may they be plasma membrane,
membrane specializations like desmosomes, or the nuclear membrane—all of
which can be envisioned to have IF anchoring proteins. Each end of the
filament structure discussed has “surplus” headpieces, which are in first ap-
proximation not involved in filament stability and integrity and may therefore
act as binding partners for the anchoring proteins.

8.2. Structural Characterization of the Tailpieces

The tailpieces of desmin, vimentin, and GFA reveal “normal” sequences,
which are clearly related and probably form globular structures connected viaa
short protease-sensitive hinge to the carboxyl end of the rod (Fig. 2). About half
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of the total 55 residues following the rod can be removed without interfering
with filament structure (L desmin; see Section 8.1). Interestingly, the three NF
proteins reveal a remarkably distinct organization at the carboxyl end.

The tailpieces of the NF proteins show certain similarities among each
other but differ in other aspects including their length. They are unusually
highly charged owing to wealth of glutamic acid and lysine. The complete
sequence of NF-L reveals 46 glutamic acids and 12 lysines within the carbox-
yterminal 106 residues (Geisler et al., 1983a). For NF-M and NF-H the relative
content of glutamic acid is decreased whereas lysine is increased (Geisler et al.,
1983a, 1984, 1985b) (Table 2). Arginine is either completely absent (NF-L) or
very rare. As hydrophobic residues are also rare, long regions of peculiar
sequences are predicted for NF-M and NF-H. In addition, these regions are
highly phosphorylated. Between 20 and 100 phosphoserines are concentrated
in more aminoterminally located subdomain for NF-H. While the NF-M rail-
piece contains some 9-25 phosphate residues, the corresponding region of

Table 2. Amino Acid Composition of the Tail Domains of
the Neurofilament Proteins®

Tail B domains of?

NF-L¢ NF-M¢d NF-H¢

Asx 3 3.2 1.8
Thr 4 1.6 2.2
Ser 3 5.5 8.5
Glx 52¢ 30.3/ 27.31
Pro 2 7.4 12.6
Gly 9 8.6 0.9
Ala 16 11.8 15.2
Val 2 8.3 4.7
Met — 0.5 0.2
Ile 2 1.4 0.3
Leu — 29 0.8
Tyr — 0.4 —
Phe — 0.3 —
Lys 12 16.7 24.9
His 1 0.3 —
Arg — 1.2 0.3

106 ~100 ~100

2Note the wealth of glutamic acid and lysine residues which together
account for about 50% of the residues in all three tailpieces. From
Geisler et al., 1983a, 1984, 1985b.

*See Fig. 1.

¢Numbers are taken from the sequence (Geisler et al., 1983a) of the
tailpiece domain of NL-L and are not leveled to 100.

4Values are given in mol %.

¢The 52 Gix residues comprise 46 glutamic acids and six glutamines.

/Between 85 and 95% of the Glx residues are present as glutamic
acid.
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NF-L has not been analyzed in this respect. If there are, however, serine
phosphates, their number is low (Julien and Mushynski, 1982, 1983; Jones
and Williams, 1982; Geisler et al., 1985b).

Some short sequences exist for the tailpieces of NF-M (Geisler et al., 1984)
and NF-H (Geisler et al., 1985b). These are rather similar in pattern to the
sequences found for NF-L. Circular dichroism spectra of the isolated domains
detect no ordered structure (Geisler et al., 1983a), but several findings indi-
cate that these domains have some structural organization and do not act as
random coils. The domain of NF-L behaves as a dimer, and its last 82 residues
account for the small, highly glutamic-acid-rich proteins isolated from brain
in several laboratories (Weber and Geisler, 1983). The regions of NF-H and
NF-M have some resistance to proteolytic digestion and survive even brief
exposure to trypsin although lysine is a major constituent amino acid (Chin et
al., 1983; our unpublished results). In addition, the tailpiece of NF-H partici-
pates in the cross-bridge structure present between neighboring axonal fila-
ments (Sharp et al., 1982; Hirokawa et al., 1984; Liem et al., 1985). In line with
these predictions, the large tailpieces behave as elongated structures in pre-
liminary hydrodynamic studies (our own unpublished results). The tailpieces
seem connected via a shorter hinge region of about 45 residues to the carbox-
yl end of the rod. This highly protease-sensitive region is documented by
sequence for NF-L, and partial data also exist in the case of NF-M (Geisler et
al., 1983a, 1984).

The unusual sequences of the tailpieces account for the overestimation of
molecular weights in SDS gel electrophoresis found for all three NF proteins
(Kaufmann et al., 1984). Gel filtration and sedimentation equilibrium cen-
trifugation in 6 M guanidine point to values of 63, 107, and 110 to 140,000 for
L, M, and H, respectively. In the case of NF-L the complete sequence of 548
residues provides a molecular weight of 61,900 in line with the direct phys-
ical—chemical measurements (Geisler et al., 1985¢). As M and H have much
longer tailpieces, the overestimate in gel electrophoresis seems more severe.
Chymotryptically derived tailpieces of H and M have apparent molecular
weights of 150-160,000 and 100-120,000 in gel electrophoresis, while the
direct physical-chemical measurements point to values around 70,000 an
63,000, respectively (Kaufmann et al., 1984).

8.3. Are the Carboxyterminal Tailpieces Appendages Communicating between
Stiff Filaments and the Cytoplasm?

Several observations allow us to propose this hypothesis at least for non-
epithelial TF proteins. First, desmin, vimentin, and GFA have similar tailpieces
(see Fig. 2). Treatment of desmin filments with lysine-specific protease re-
moves the carboxyterminal 27 residues without interfering with filament in-
tegrity (Kaufmann et al., 1985). Although one cannot yet exclude a possible
filament stabilizing site within the remaining half of the tailpiece, at least the
more carboxyterminal half must be situated outside the filament wall. Second,
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under carefully controlled proteolytic conditions large fragments of NF pro-
teins can be solubilized without loss of filament structure (Julien and Mush-
ynski, 1983; Chin et al., 1983). These fragments are now identified as the
glutamic-acid- and lysine-rich tailpiece extension. Their high charge density
together with their phosphate content (Julien and Mushynski, 1983) make it
very unlikely that such domains are not on the outside of the filament. Third,
in the case of NF-H several monoclonal and polyclonal antibodies recognizing
the tailpiece extension are related in immunoelectron micrographs with the
fine cross-bridges connecting neighboring filaments in axons and neurites
(see Section 3). Thus, it seems that most, if not all, of the tailpiece region and
its extension is extrafilamentous material, and at least in desmin we can put a
lower size limit to a putative filament stabilizing site. If this site really would
occur, it should be less than 30 residues long (compare Fig. 7), and we note
that there is as yet no evidence for such a site. Therefore, nearly the entire
tailpiece seems free to communicate with the cytoplasm. It could act as a
binding site for IF-associated proteins or be involved in anchoring other
structures such as microtubules. In the case of neurofilaments, the unique
tailpiece extensions offer for the first time a cell type specificity of IF proteins.
No other currently known IF proteins display these peculiar glutamic-acid-
and lysine-rich long regions. Thus, if the gene programs governing IF ex-
pression are related in any way with functional cellular differences, the tail-
piece extensions of the neurofilament proteins are the obvious candidates. In
addition to acting as cross-bridges, as seen for NF-H, they may provide scaf-
folds for permanent or transient interactions with other components of the
neuronal cytoplasm.

Much less is known about the structural organization of the non-a-helical
domains of the keratins. In analogy to the results on nonepithelial IF, it seems
likely that the glycine- and serine-rich tailpieces of certain epidermal keratins
(Hanukoglu and Fuchs, 1983; Steinert et al., 1983, 1984) form extrafilamen-
tous material, as at least one of the human epidermal keratins has a tailpiece
somewhat related to those of desmin, vimentin, and GFA (Hanukoglu and
Fuchs, 1982). The sequences of the headpieces of several epidermal keratins
tentatively indicate two domains. The aminoterminal region carries all the
charged residues (arginine and lysine; see above) whereas the following re-
gion which precedes the rod lacks charged residues and displays curious
repeats of glycine flanked by hydrophobic amino acids (Marchuk et al., 1984;
Steinert et al., 1983, 1984). It may well be possible that the latter region is also
situated at the outside of the filament. Future studies must address the contri-
bution of these putative extrafilamentous regions of keratins for filament
packing and possible interaction with other cytoplasmic structures. The hy-
pervariability of the terminal domains seems connected with different IF
proteins of different cell types rather than the same IF protein of different
species. Therefore, the hypervariable regions may indicate a cell-type-specific
function, which, with the exception of neurofilaments, needs to be under-
stood in functional terms.
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9. Addendum

Recently Ip et al. (1985) followed the formation of vimentin filaments by
electron microscopy. Similar to our desmin rod, they describe a 48-nm-long
tetrameric protofilament, which is present at low ionic strength and high pH.
With increasing ionic strength these tetramers seem first to dimerize using a
half-length stagger. Then four such dimers seem to form tiny filaments about
66-nm long. These structures which already have the full width can then form
long IF. This model is in full agreement with our proposal on filament struc-
ture (Geisler et al., 1985a). The 66-nm minifilaments seem to favor the disk
arrangement of the filament surface (see p. 53). In addition, Fraser and
McRae (1985) also discuss a similar basic arrangement of coiled-coils in the
filament framework. This paper offers also the possibility that a disc arrange-
ment could fit the X-ray data available for a-keratin. Ip ef al. do not address
parallelity or antiparallelity of the coiled-coils within the protofilament, while
Fraser and McRae suggest antiparallelity similar to our proposal. However,
although the available data seem to point into the same direction, we realize
that more experimental data are necessary to decide between a disk and a
helical arrangement. In addition, the problem of parallel or antiparallel ar-
rangement of the coiled-coils within the protofilament unit needs further
experimentation as we do not rigorously exclude the possibility that the
dumbbell structures observed could correspond to some specific or even un-
specific complex of the coiled-coils which differs from the true protofilament.
Furthermore, the chemical nature of the subfibrils (e.g., Aebi et al., 1983)
must still be solved.
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The Structure and Evolution of
Intermediate Filament Genes

Dennis R. Roop and Peter M. Steinert

1. Introduction

Intermediate filaments (IF) are major cytoskeletal components of most eu-
karyotic cells (Lazarides, 1980; Steinert et al., 1984a). They have been classi-
fied into at least five distinct subclasses, each of which contains from 1 to 30
subunits encoded by separate genes (Lazarides, 1980; Fuchs and Hanakoglu,
1983). These genes are differentially expressed in different tissues and dur-
ing different stages of differentiation (Lazarides, 1980; Steinert et al., 1984a;
Fuchs and Hanukoglu, 1983; Moll et al., 1982; Eichner et al., 1984; Roop et al.,
1984b). We have isolated and characterized cDNA clones corresponding to
the major keratins synthesized in mouse epidermis (Roop et al., 1983, 1985b).
Several lines of evidence are presented which suggest that the expression of
subsets of keratin genes is coordinately regulated and dependent on the state
of differentiation. Analysis of amino acid sequence data deduced for these
keratin subunits (Steinert et al., 1983, 1984b, 1985a) has revealed fundamen-
tal differences in the primary sequences of keratin subunits that are expressed
at different states of differentiation that may alter the properties and function
of filaments containing these subunits (Steinert ¢t al., 1985a). In addition, a
comparison of these amino acid sequences with those of other IF subunits
(Hanakoglu and Fuchs, 1982, 1983; Quax et al., 1983; Geisler and Weber,
1982; Lewis et al., 1984) has shown that all IF subunits possess a common
secondary structure, consisting of a conserved central a-helical rod domain
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and non-a-helical end domains of variable size and sequence. The rod do-
main sequences have been divided into three distinct sequence types (Steinert
et al., 1985b): the acidic keratins form type I, the neutral—basic keratins form
type 1I; and desmin, vimentin, and glial fibrillary acidic protein form type II1.
Insufficient sequence data precludes a similar classification of the neurofila-
ment IF subunits. To explore the evolutionary relationship of these conserved
and variable domains of IF, we compared the genomic structure of the mouse
59-kD keratin (Krieg et al., 1985), a type I IF gene; the human 52-kD keratin
(Marchuk et al., 1984), a type I IF gene; the human 67-kD keratin (Johnson et
al., 1985), a type II IF gene; and hamster vimentin (Quax et al., 1983), a type
IIT IF gene. On the basis of these data, we propose 2 model for the evolution
of IF genes.

1.1. Correlation of Keratin Gene Expression with Differentiation State

Of all the IF subclasses, the keratins of epithelia are by far the most
complex. Perhaps as many as 30 different keratin subunits are expressed in
different epithilial tissues of higher vertebrates.

The major keratins synthesized by newborn mouse epidermis are 67-,
60-, 59-, and 55-kD (Roop et al., 1983). Placing newborn mouse epidermal
cells in culture in medium containing low Ca?* results in growth as a mono-
layer without stratification. These cells proliferate rapidly and display many
characteristics associated with basal cells found in intact epidermis (Yuspa et
al., 1980). The major keratins synthesized by these cells are 60-, 59.5-, 55-,
and 50-kD. In order to isolate cDNA clones for all the major keratins synthe-
sized by epidermal cells, we prepared ¢cDNA libraries from poly (A) RNA
isolated from newborn mouse epidermis and primary cultures of mouse epi-
dermal cells. We were able to identify and characterize cDNA clones corre-
sponding to the 67- and 59-kD keratins synthesized in vivo and the 60-, 55-,
and 50-kD keratins synthesized in vitro (Roop et al., 1983, 1985b). Clones for
the 59.5-kD keratin have not been characterized.

Although mRNAs coding for these keratin proteins share some sequence
homology owing to common structural features (summarized in Section 1.2),
it is possible to prepare very specific probes for each keratin mRNA by sub-
cloning regions of the cDNAs corresponding to the 3’ noncoding region of
each mRNA. When these cDNA clones are labeled by nick translation with 32P
and hybridized to RNA that was isolated from newborn mouse epidermis or
primary cultures of mouse epidermal cells and blotted onto nitrocellulose
paper, it is quite evident that the 59- and 67-kD keratin genes are not ex-
pressed at all or only at very low levels in primary epidermal cell cultures
compared to newborn epidermis. Transcripts complementary to the cDNA
clones isolated from the in vitro library, the 50-, 55-, and 60-kD keratins, are
present in RNA isolated from intact epidermis but at reduced concentrations
compared to those found in cell culture (Roop et al., 1985b). These results
presumably reflect the relative contribution of RNA in basal cells (which
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consists of a single cell layer) to that of total epidermis (which consists of many
cell layers at different stages of differentiation) and indicate that the 50-, 55-,
and 60-kD keratin genes are predominantly expressed in proliferating basal
cells and that the 59- and 67-kD keratins are predominantly expressed in
differentiated cells.

Recently, we have obtained two lines of evidence to support this hypoth-
esis. First, we have been able to produce antisera that are monospecific for the
55-, 60-, 59-, and 67-kD keratin subunits using synthetic peptides correspond-
ing to unique sequences located at their C-termini (Roop et al., 1984a, 1985a).
These antisera have been used to localize these subunits within newborn
mouse epidermis by indirect immunofluorescence. The 59- and 67-kD sub-
units were only present within the differentiated cells of the epidermis (the
suprabasal layers) and not in the basal layer. The 55- and 60-kD subunits,
however, were detected in both the basal and suprabasallayers. Second, we
have recently been able to detect mRNA coding for different keratin subunits
within cells in different layers of the epidermis by in situ hybridization to
histological sections of newborn mouse skin (D. R. Roop, unpublished data).
We have subcloned the keratin ¢cDNAs into newly developed vectors that
permit the synthesis of RNA transcripts that can be labeled with 35§ using
[35S)uridine 5’'-(a-thio)-triphosphate. Insertion of the cDNAs into the vector
in the correct orientation and subsequent transcription results in the synthesis
of transcripts that are complementary to mRNA. In our initial experiments,
we have been able to localize the majority of the mRNAs coding for the 55-
and 60-kD keratins to the basal layer of the epidermis. Very little of these
mRNAs is found in the differentiated cell layers, suggesting that expression
of these keratin genes is “suppressed” as cells differentiate and migrate into
the suprabasal layer. Just the opposite was observed for mRNAs for the 59-
and 67-kD keratins; i.e., these mRNAs were predominantly localized within
the differentiated suprabasal layers and not the basal layer.

On the basis of these combined data, we believe that the expression of
specific subsets of keratin genes is correlated with the state of differentiation,
and we consider expression of the 50-, 55-, and 60-kD keratin genes to be
associated with proliferation and expression of the 59- and 67-kD keratin
genes to be associated with differentiation.

1.2. Correlation of Keratin Subunit Structure with Differential Expression

The determination of the primary sequence of keratin proteins by classi-
cal protein sequencing techniques has not been feasible because of their insol-
ubility. The availability of keratin cDNA clones provided the first opportunity
to determine the amino acid sequence of these proteins. We have deduced the
complete amino acid sequence of the 59- and 60-kD keratins and approx-
imately two-thirds of the sequence of the 50-, 55-, and 67-kD keratins from
the nucleotide sequence of their cloned cDNAs (Steinert et al., 1983, 1984b,
1985a). This sequence information has enabled us to make several fundamen-
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tal observations concerning the subunit structure of keratin proteins and to
formulate a hypothesis explaining the requirement for expression of a subset
of keratin genes during terminal differentiation (Steinert et al., 1985a).
Comparison of these amino acid sequences with those of other IF sub-
units (Hanakoglu and Fuchs, 1982, 1983; Quax et al., 1983; Geisler and
Weber, 1982; Lewis et al., 1984) has allowed us to propose the following
model for IF subunit structure (Fig. 1). All IF subunits contain a central a-
helical rod domain of highly conserved size and secondary structure, contain-
ing four distinct tracts (1A, 1B, 2A, and 2B) that can form a coiled-coil a-
helical structure, because they contain a characteristic 7-residue (heptad) re-
peating sequence (Steinert et al., 1985a). These four tracts are interrupted by
three non-coiled-coil regions. Comparisons of the exact amino acid sequences
of the rod domain of different IF subunits show, however, that they are three
distinct sequence wypes: acidic keratin subunits form type I, neutral-basic
keratin subunits form type 11, and desmin, vimentin, and glial fibrillary acidic
protein form type III. The presence of several more basic charges in the
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Figure 1. IF subunit structure. All IF subunits possess a central a-helical rod domain flanked by
end domains. The rod domain in all cases consists of four segments of invariant size. These are
composed of a seven-residue (heptad) quasirepeat, which can form a coiled-coil structure. Seg-
ment 1A is 35 amino acids long, 1B is 101, 2A is 19, and 2B is 121. These are separated by non-
coiled-coil linkers: L1 varies from 8 to 14 residues in different subunits; L12is 16 or 17, and L2 is
always 8. At the middle of segment 2B, the polarity of the progression of heptads is abruptly
reversed, a feature that will impose a “stutter” in the regularity of the coiled-coil at this point.
Despite these conserved features, the exact sequences of the heptads in the segments differ and
permit classification into three distinct sequence types. Each sequence type of rod domain is
coupled with a specific set of end domains, which, as shown, may be further subdivided into
subdomains based on homologous (H) sequences, variable (V) sequences, and basic terminal (N
or C) sequences. In types I and II keratin IF subunits, the very basic N and C subdomains are 15—
30 residues long, the highly variable V1 and V2 subdomains may vary from 0 to 130 residues.
The homologous sequences of the H1 and H2 subdomains of type II keratins are 36 and 20
residues long, respectively. In type III IF subunits, Hl and H2 are 20 and 55 residues long; V1
varies from 60 to 75 residues.
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coiled-coil tract 2B of type II keratins probably accounts for the overall basic
charge of type II keratins.

In terms of this classification system, terminally differentiating epidermal
cells express the 67 (type 1I) and 59 (type I) pair of keratins. Basal epidermal
cells proliferating in culture express the 60 (type II) and 55 (type I) pair and
the 59.5 (type II) and 50 (type I) pair. The structural and functional rationale
for the coexpression of these characteristic pairs of keratins is not yet known.
Clearly, however, both type I and type II keratins are required for IF forma-
tion in vivo, as was earlier suggested from in vitro assembly experiments
(Steinert et al., 1985b).

The central rod domain is flanked bilaterally by end domains, which can
be divided into subdomains. Type II but not type I keratins contain short
globular sequences, termed H1 and H2, immediately adjacent to the rod
domain. These have been conserved in size and sequence. The absence of the
H1 and H2 subdomains from type I keratins is the primary reason for the
difference in mass of about 6—9 kD between type I and type 11 keratins of a
coexpressed pair (e.g., the 59- and 67-kD keratins coexpressed in differenti-
ated epidermal cells). Type III IF also contain a short H1 but a larger H2
subdomain, which comprises the entire C-terminal end domain, but these
differ in sequence from those of type II IF. The keratins contain subdomains
V1 and V2 that are highly variable in both length and amino acid sequence.
The variability in mass among keratins of a given type (e.g., the 60- and 67-kD
keratins are both type II) appears to reside in the size of their V1 and V2
subdomains. V1 and V2 subdomains often contain tandem peptide inexact
repeats that are conspicuously rich in glycines and/or serines and conform to
XY,, wheré X = an apolar amino acid; Y = serine, glycine, and cysteine; and n
= 1-9 (Steinert et al., 1985a). Even though these subdomains tend to vary in
sequence, pairs of type I and type II keratins that are coexpressed generally
have similar V1 and V2 sequences (e.g., the type I and type II keratins ex-
pressed in basal cells contain peptide repeats enriched in serines, and the type
I and type I1I keratins expressed in differentiated cells contain peptide repeats
enriched in glycine). Variations in these end domain sequences in keratins
that are expressed at different states of differentiation implicate their involve-
ment in changes in keratin filament properties and function during differen-
tiation.

At the termini are strongly basic subdomains (N and C, respectively) that
are variable in sequence. The unique sequence of the C-terminal residues and
their probable accessible location on the periphery of keratin filaments
(Steinert et al., 1983) have been exploited to produce antisera that were mono-
specific for individual keratin subunits (Roop et al., 1984a, 1985a).

2. Structure of Intermediate Filament Genes

The complete structure of four different IF genes has been determined.
Initially the sequence of the hamster vimentin gene (type I1I) was reported
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(Quax et al., 1983). Marchuk et al. (1984) have recently sequenced the human
52-kD keratin gene (type I), and we have determined the structure of the
human 67-kD keratin gene (type 1I) (Johnson et al., 1985) and the mouse 59-
kD keratin gene (type I) (Krieg et al., 1985). A comparison of the organization
of these IF genes is shown in Fig. 2. There are seven or eight introns within
each gene, and most of these occur within the region encoding sequences
predicted to form the coiled-coil rod domain. For clarity, we have indicated
the location of introns with respect to our model for IF subunit structure (Fig.
2). Three of the introns occur in identical locations in all four genes. The
location of two other introns, one near the beginning and the other at the end
of the 2B segment, is highly conserved (Fig. 2). Each IF gene type also pos-
sesses one or two unique introns in the rod domain and one or two other
introns in regions that encode the C-terminal but not the N-terminal domain.

It has previously been hypothesized that the intron/exon structure of
eukaryotic genes reveals their evolutionary history and suggests that the genes
evolved by recruitment and combination of small segments encoding distinct
functional domains (Gilbert, 1978). In the case of IF genes, some of the
introns within all three IF types are found at or near positions defining
functional domains of these proteins. One is located near the end of the
coiled-coil tract 1B, one near the beginning of the 2B tract, and the third at
the end of the 2B tract. Another intron, unique to the mouse 59-kD keratin
gene, occurs between the non-a-helical carboxyl terminal end domain and the
3’ noncoding sequence. The other introns located within the coiled-coil tracts
do not appear to delineate obvious functional domains. However, further
examination reveals that many of these introns are located at the beginning of
the characteristic seven-residue heptad repeat that defines the coiled-coil
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Figure 2. Location of introns in three types of IF genes. Using the universal subunit domain
model, arrows indicate the positions of introns in the four genes for which information is avail-
able. The numbers refer to the residue number along a coiled-coil segment. In many cases, the
introns splice within the codon for the amino acid so numbered. Arrows with closed circles mark
those introns which splice at the first residue of the heptad repeat. The smallest exon encoding
continguous coiled-coil sequences occurs in segment 1B in type I keratins. —, No intron. Refer-
ences for data are given in text. Redrawn with permission from Krieg et al. (1985).
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tracts. All these data suggest that the genes of these three IF types arose from
a common ancestor and that the primordial IF gene was assembled from
exons containing multiple heptad repeats (Krieg et al., 1985).

3. A Model for the Evolution of Intermediate Filament Genes

3.1. Evolution of the Rod Domains of Intermediate Filament Genes
3.1.1. Evolution of the Primordial Gene

The nonrandom occurrence of introns between heptad repeats within
the coiled-coil tracts, e.g., four of six in type I IF genes, three of six in the type
II IF gene, and three of six in the type III IF gene (Fig. 2), may provide clues
for the origin of the rod domain of intermediate filament genes. The smallest
exon observed in IF genes to date that encodes exact heptad repeats is 84 base
pairs (bp) in length and is located between positions 14 and 42 within the 1B
tract of the type I IF genes. We suggest that the sequences encoding multiple
heptads were generated by amplification of a simple DNA sequence. The
length of the original sequence is uncertain, but it may have encoded only a
single heptad (21 bp). The 84-bp exon, which is the smallest remnant of an
amplified unit encoding multiple heptads, could have been generated by
tandem amplification of a shorter sequence. The amplification of simple
DNA sequences has previously been suggested to play an important role in
the evolution of the genes encoding collagens (Yamada et al,, 1980), immu-
noglobulins (Ohno et al., 1982), and albumin:a-fetoprotein (Alexander et al.,
1984).

Several models are possible for the evolution of the coiled-coil domain of
IF genes. For simplicity we propose that the promordial IF gene encoded a
polypeptide consisting only of sequences capable of forming a coiled-coil and
was assembled from 84-bp exons, which encoded four heptad repeats (Fig. 3).
The choice of this size of exon for the original building block is attractive, not
only because this is consistent with the smallest exon-encoding heptad repeats
identified to date, but also because a 28-residue repeat had been detected in
the rod domain sequences of all IF subunits (Parry et al., 1977; Crewther et al.,
1983). In addition, physical structural experiments employing synthetic pep-
tides have indicated that a minimum of four heptads (28 residues) is required
to form a stable two-chain coiled-coil in vitro (Lau et al.,1984).

The presence of intervening sequences early during the formation of the
primordial gene is implicit with this model. We suggested previously that the
84-bp exon could have arisen by tandem amplification of a shorter sequence.
Numerous other amplification events would have been required to generate
the entire coiled-coil domain; however, this model suggests that these were
not tandem duplication events. Nontandem duplication of the 84-bp repeat
initially and perhaps at later steps could explain the early inclusion of inter-
vening sequences within the rod domain. It is unlikely that these introns were
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inserted into the coding region of the rod domain after the formation of the
primordial gene since their nonrandom locations, i.e., between heptad re-
peats, argues against an insertional model for their origin (Lonberg and
Gilbert, 1985). The presence of intervening sequences within the coiled-coil
region may function to stabilize the precise length of this domain, which is
highly conserved in all IF subunits sequenced to date (Steinert et al., 1985b),
by inhibiting further amplification. A stabilization function for introns within
genes encoding repetitive polypeptides, which cannot accommodate size vari-
ation, was first suggested by Seidman et al. (1978). The reversal of the heptad
polarity (see Fig. 1), which has been observed in the 2B domain of all IF
subunits sequenced to date (Steinert et al., 1985b), probably was generated by
a recombination event during the formation of the primordial gene.

3.1.2. Evolution of the Ancestral Gene

As discussed in Section 1.2, all IF subunits sequenced to date contain
three nonhelical interruptions at identical locations within their rod domains
(Steinert et al., 1985b). We proposed that these disruptions in the rod domain
occurred in an ancestral gene prior to duplication events to form the various
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IF type-specific progenitors (Fig. 3). The rigid conservation of the location
and size of these non-coiled-coil interruptions (Steinert et al.,1985b) through-
out further evolution indicates that they provided some important evolution-
ary advantage such as filament formation and stability. The mechanism gen-
erating these disruptions is obviously not known. A possible explanation
enabling sequences encoding residues incapable of forming coiled-coils to be
included into the rod domain would involve sliding intron—exon junctions. A
mutation at a splice junction resulting in the loss of a splice site and subse-
quent splicing at an alternate or cryptic site within the intron would result in
an extension in the length of an exon with sequences disrupting the coiled-
coil. Craik et al. (1983) originally proposed the sliding intron—exon junction
model as a mechanism for generating length polymorphisms and divergent
sequences in protein families.

From this model for the evolution of the primordial gene we predict that
the ancestral gene lost some of the introns originally present in the primordial
gene since introns are missing from these positions in all IF genes sequenced
to date; e.g., introns proposed to exist in the primordial gene in the 2A and
2B coiled-coil tracts (Fig. 3) are absent from the IF genes shown in Fig. 2.
Mechanisms apparently exist for the precise excision of intervening sequences
without disturbing coding sequences since such deletions have been reported
for the rat insulin gene (Lomedico ¢t al., 1979) and for the chicken proa 1 (I)
collagen gene (Yamada et al., 1980).

3.1.3. Evolution of the Type-Specific Progenitors

At least two early duplication events would have been required to gener-
ate three progenitor genes (Fig. 3). The subsequent divergence of the exons
of these three genes would have resulted in variations at the amino acid
sequence level to give the IF subunits encoded by these genes their type-
specific properties (see Section 1.2). The selective loss of certain introns by the
deletion mechanism discussed in Section 3.1.2 could have produced the type-
specific intron patterns shown in Fig. 2. The variability in the location of the
intron at the end of the 2B coiled-coil tract suggests that this splice junction
can shift slightly. Close examination of the sequences at this junction for the
mouse 59-kD keratin gene, the human 67-kD keratin gene, and the hamster
vimentin gene indicate that this splice site has been arbitrarily placed at either
position 119 or 120 to provide introns with consensus donor and acceptor
sequences (Mount, 1982).

Additional duplications of the type-specific progenitors would have been
required to produce the various members within each IF type. If this model is
correct, one would predict that the genes encoding subunits of the same type
would be more highly conserved and possibly linked. Interestingly, in the two
type I keratin genes that have been sequenced (Marchuk et al., 1984; Krieg et
al., 1985) both contain six introns within the rod domain; five are located in
identical positions (Fig. 2); and the sixth intron is located at the end of the 2B
coiled-coil tract and has been positioned at 119 in the mouse gene and 120 in
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the human gene. The sequence of only one type II IF gene (the human 67-kD
keratin) has been reported (Johnson et al., 1985). However, an estimate of the
organization of several bovine type II keratin genes by R-loop analysis (Leh-
nert et al., 1984) indicates that each has 7 introns within the rod domain and
these are in approximately the same positions as those of the human 67-kD
keratin gene (Fig. 2).

Little is known concerning the linkage of genes of the same IF type.
Recent data, obtained by restriction endonuclease polymorphism analysis,
have shown that at least two mouse type II keratin genes are located on
chromosome 15 and that they are linked (C. Blatt and D. Roop, unpublished
data).

3.2. Evolution of the End Domains

To this point, we have only discussed a mechanism for the evolution of
the highly conserved rod domain of IF. We must now consider a mechanism
for the evolution of the highly variable end domains of IF. This discussion will
be limited to the end domains of the keratin subunits (type I and type 11 IF)
since more information is available for consideration. As discussed in Section
1.2, the amino and carboxyl end domains can be divided into the following
subdomains: N, V1, H1, H2, V2, C (see Fig. 1). All keratin subunits possess N
and C subdomains. The H1 and H2 subdomain are present only in type 11
keratin subunits. The size of the VI and V2 subdomains is directly propor-
tional to the size of the keratin subunits containing them (Table 1).

In the keratin genes examined so far, there are no introns in the N-
terminal domain and those that do occur in the C-terminal domain do not
delineate apparent subdomains. However, on the basis of existing informa-
tion, it seems reasonable to propose that the following events occurred prior
to duplication of the type-specific progenitors to form the additional mem-

Table 1. Numbers of Amino Acids in End-Terminal Subdomains of Keratin IF Subunitse

Aminoterminal Carboxylterminal

N Vi H1 Rod domain H2 V2 C
Wool 8¢ 46 kd (1) 32 — — 311 — — 28
Mouse 50 kd (1) n.k.b n.k. — 311 — 19 27
Human 52 kd (1) 15 100 — 311 — 19 27
Mouse 55 kd (1) n.k. n.k. — 311 —_ 25 27
Mouse 59 kd (1) 19 123 — 314 — 104 9
Human 56 kd (11) n.k. n.k. n.k. 313 20 48 20
Mouse 60 kd (11) 26 89 36 313 20 48 20
Human 67 kd (11) 37 106 36 313 20 109 22
Mouse 67 kd (11) n.k. n.k. 36 313 20 121 21

2Data from Steinert et al., 1985b.
*n.k. = not known.
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bers of each type. First, recruitment of the H1 and H2 subdomains for the
type II progenitor. These subdomains are present on either side of the rod
domain of all type II keratin subunits sequenced thus far, and they have been
highly conserved in size and sequence throughout further evolution, implicat-
ing an important role in filament assembly and/or stability. Second, recruit-
ment of the V1 and V2 subdomains for both type I and type II progenitors.
The initial V subdomains were presumably short and may have been ex-
tended in length during evolution by amplification events (see below). Third,
recruitment of the N and C subdomains for both type I and type II pro-
genitors. These subdomains have been allowed to diverge extensively and are
highly variable in both size and sequence.

In Section 1.1 we suggested that the requirement for the expression of a
new subset of keratin genes during terminal differentiation may be correlated
with a specialized function for these new keratin subunits. As the complexity
of an epithelium increases from simple to stratified-squamous to terminally
differentiated, there is an increase in the size of the keratin subunits ex-
pressed (Sun et al., 1984). We now know that this is due to corresponding
increases in the size of the V subdomains (Steinert et al., 1985a). Accordingly,
we propose that as more complex epithelia evolved, the requirement for IF to
perform more specialized functions was achieved by progressively enlarging
the V subdomains and allowing these to diverge (Fig. 4).

It seems most likely that sequences within the V subdomains were gener-
ated by amplification of a simple sequence, as suggested for the rod domain,
since there are numerous tandem peptide repeats within these subdomains
(Steinert et al., 1983, 1985a). Periodic amplification of these sequences during
evolution could have allowed these subdomains to enlarge. Smaller keratin
subunits contain V1 subdomains that are longer than their corresponding V2
subdomains (Steinert et al., 1985a). This suggests that the V1 subdomain may
have increased in size first. There is considerable variation in these sequences

TYPEI TYPE
N Vi vz C N V1 H1 H2v2 C
O H—H—+1"1 a O4—03 ! 1@ @) Type-specific Progenitors
O T H—AH 1170 agarros 1S aro Simple epithelia
AT T HE=AH=T11T110 O ITTOF=0t 10 Strart‘:iled-squamous
epithelia
COOITHF—H="111110 CIII1OoH - FOTTIO  veminalyditerentiated
epithelia

Figure 4. A model for the evolution of end domains of IF genes. We propose that the various
subdomains (H1, H2, V1, V2, N, and C) were recruited onto type-specific progenitors. First, the
H1 and H2 subdomains were recruited onto the type II progenitor. Second, the V subdomains
were recruited onto both the type I and type 11 progenitors. Finally, the N and C subdomains
were recruited onto both the type I and type II progenitors. The V subdomains evolved in size
and sequence with the complexity of the epithelium. Open boxes are enriched in glycines and
boxes with diagional lines are enriched in serines.
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in different subunits, presumably resulting from selective pressure to per-
form more specialized functions. However, a consensus sequence for the
original repeat is evident (Table 2). The repeats conform to XY, where X =
apolar (most commonly, F, Y, I),Y = G, S, or C, and n = 1-9. It is of interest
to note that many of the changes in X and Y could easily be made by a single
base change in the most commonly used codons (Table 2).

We have proposed that variations in the sequences within the V subdo-
mains of subunits expressed in different epithelia are consistent with the
properties of the filaments that they form (Steinert et al., 1983, 1985a). For
example, the keratin subunits expressed in simple epithelia contain fewer
glycines in their V1 and no glycines in their V2 subdomains, which are en-
riched in serines instead. This suggests that the Y position of the XY, repeat
may have been serine in the type-specific progenitor keratin genes. The ker-
atin IF formed by these subunits are presumably more flexible and soluble
than those formed in more differentiated epithelia. As the complexity of
epithelia increases, the V subdomains of the keratin subunits expressed in
them not only increase in size but also change in sequence. In general, the
serine content decreases and the glycine content increases. This contributes to
a progressively more insoluble IF network in the more differentiated epi-
thelial cells. In the case of terminally differentiated epidermis, we have pro-
posed that these unusual V1 and V2 sequences interact with an epidermal
matrix protein, filaggrin, to form an insoluble, yet flexible, structure that
constitutes a major portion of the protective barrier of the outer layer of the
skin (Steinert et al., 1985a). The end domains of the keratins of hair, nail, etc.

Table 2. Peptide Repeats in V Subdomains of Keratin IF Subunits¢

Simple epithelia

\'2! F/Y/1 (G or S)o_g Common
V2 Apolar (S),_s5 Common
Apolar (G or S)s o Rare

where apolar = A, V, L L, M, F,or Y
Terminally Differentiating Epidermis

Vi F (G)1—g Common
F/Y (G or S)y—¢ Common
Y (G)1-s Rare
F/Y/1 (G or S)j—4 Rare
V2 Y (G/S/C)s—g Common
Conclusion

Repeats conform to XY,
where X = apolar; Y = GorSor C; n = 1-9
Notes
Most commonly used codons: FTTT/C
Y TAT/C
I ATT/C
G GGC
S AGC
C TGC

2Data from Steinert et al., 1985b.
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differ considerably from the end domains of the epidermal keratins in that
they contain highly folded cysteine-rich sequences of a flexible nature. It has
been suggested that these form extensive disulfide bond cross-links with the
cysteine-rich matrix (high-sulfur) proteins (Gillespie, 1983), and this would
contribute to an insoluble and more rigid structure (Steinert et al., 1985a). It
should be reemphasized that the changes from serine to glycine or cysteine
could easily be achieved by a single base change in the first position of their
most commonly used codons (Table 2).

As discussed previously, we have reported that type I and type 1I keratin
subunits that are coexpressed during differentiation possess end domains that
have very similar V subdomains (Steinert et al., 1985a). How did this recruit-
ment of similar V1 and V2 subdomains onto type I and type II progenitor IF
genes occur? We suggest two possible mechanisms. In the first, identical sim-
ple V subdomains were initially recruited onto both type I and type II-specific
progenitors (Fig. 4) and subsequently evolved along with the type-specific rod
domain. Alternatively, the V subdomains may have evolved in a separate
location in the genome and were later recruited into coexpressed type I and
type II IF genes. Both mechanisms seem plausible, and an analysis of addi-
tional sequence information for other IF genes will be required to determine
which is correct.

4. Conclusion

The recent expansion of our knowledge of the expression and structure
of IF genes, and in particular those of the keratins, has enabled us to propose
a straightforward mechanism for the evolution of IF genes. The central rod
domain may have formed by the amplification of a simple DNA sequence
encoding multiple heptad repeats. Duplication and subsequent divergence of
this primordial gene generated at least three type-specific progenitor genes
and each of their various members. The various end domains, which define
the function of the IF in which they are present, may also have evolved by
amplification of simple sequences either in a separate location of the genome,
and were later inserted, or concomitantly with individual type-specific genes.
The isolation and characterization of further IF genes will be required to test
and refine this model.
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Differential Expression of the Genes
Encoding the Keratins of Cultured
Human Epidermal Cells

Elaine Fuchs, Douglas Marchuk, and Angela Tyner

1. Introduction

The epidermis is a stratified squamous epithelium, where the innermost
(basal) epidermal layer is the only layer that has the ability to proliferate.
Under an as yet unidentified trigger of differentiation, a basal cell will cease to
divide, and subsequently, it begins to migrate toward the skin surface. The
cells enter the spinous layer and increase steadily in size (Rowden, 1975;
Yardley and Goldstein, 1976) as they continue to be active biosynthetically
(Fukuyama et al., 1965; Fukuyama and Epstein, 1968). The spinous cells
accelerate their synthesis of keratins, the proteins that comprise a major part
of the protective cytoskeletal architecture of epidermal cells. These filaments
assume a more orderly structure as they loop in and out of the numerous
desmosomes that keep the spinous cells in close contact with one another. In
the granular layer, the cells are only briefly anabolic (Hoober and Berstein,
1966) and soon enter a destructive phase in which the cytoplasmic organelles,
including the nucleus, are lost (Lavker and Matoltsy, 1970). With the aid of a
glycine-serine rich basic protein, fillagrin, the keratin filaments aggregate into
macrofibrils and are hence resistant to the massive proteolysis that takes place
in the granular layer (Dale et al., 1978). As the cells reach the outer (stratum
corneum) layer, a proteinaceous envelope cross-linked by y-glutamyl lysine

Elaine Fuchs, Douglas Marchuk, and Angela Tyner + Departments of Molecular Genetics and
Cell Biology, and Biochemistry and Molecular Biology, University of Chicago, Chicago, Illinois
60637.
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bonds is deposited beneath the plasma membrane, creating a sacculus to
contain the bundles of keratin filaments (Rice and Green, 1977; Watt and
Green, 1981; Simon and Green, 1984). By the time the cells are sloughed
from the surface of the skin, they are merely tough, cellular skeletons with no
metabolic activity.

Several laboratories have reported differences in size between the ker-
atins of stratum corneum and those of the living layers of epidermis (Dale and
Stern, 1975; Dale et al., 1976; Baden and Lee, 1978; Skerrow and Hunter,
1978). There are also size differences between the keratins of stratum corn-
eum and those of cultured epidermal cells (Sun and Green, 1978). Fuchs and
Green (1980) showed that these differences were due to changes in keratin
patterns that take place as the cells move from the basal layer outward toward
the skin surface (Fig. 1). Cells of the basal epidermal layer contain small
keratins (46—58 K), whereas the terminally differentiating cells of the epider-
mis contain large keratins (55—67 K) (Fuchs and Green, 1980; Bowden and
Cunliffe, 1981; Jorcano et al., 1984c; Skerrow and Skerrow, 1983). Plantar
and palmar epidermis contain an unusual keratin of 63 K not present in other
parts of the skin (Fuchs and Green, 1980). The presence of these large ker-
atins in terminally differentiating epidermal cells was confirmed by indirect
immunofluorescence using an antibody specific for the 67-K keratin (Viac et
al., 1980; Warhol et al., 1983). These early differences in keratin pattern are
due to changes in mRNA synthesis that occur when a basal cell begins to
migrate toward the skin surface (Fig. 2, lanes 1-4; Fuchs and Green, 1979;
1980; Bladon et al., 1982; Roop et al., 1983; Jorcano et al., 1984c). As the
differentiating cell reaches the granular layer, proteolysis leads to a slight
reduction in the size of these keratins (Fig. 2, lanes 5 and 6; Fuchs and Green,
1980; Bowden et al., 1984).

The differentiative processes of the epidermis also take place in human
epidermal cells grown in tissue culture: rapidly growing epidermal cells
cultured in the presence of epidermal growth factor (Rheinwald and Green,
1977), cAMP-inducing agents (Green, 1978), vitamin A (Fuchs and Green,
1981), and a fibroblast feeder layer (Rheinwald and Green, 1975) simulate
basal epidermal cells and synthesize mRNAs encoding the keratins expressed
in these cells. When vitamin A is removed from the culture medium, the cells
begin to stratify, and terminal differentiation is induced (Fuchs and Green,
1981). Under these conditions, mRNAs encoding the large keratins are
synthesized.

2. The Structure of the 8-nm Keratin Filaments of Epidermis

Amino acid sequences of the epidermal keratins have recently become avail-
able from cDNA sequence analyses (Hanukoglu and Fuchs, 1982, 1983;
Steinert et al., 1983, 1984; Jorcano et al., 1984a, 1984b). There are two distinct
types of keratin sequences: type I keratins are smaller (M, 40-59 K) and
relatively acidic, whereas type II keratins are larger (M, 52-67 K) and more
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Figure 1. Changes in the keratin subunits at different stages of terminal differentiation in human
epidermis. A 3-mm square of human plantar skin was sliced into 15-pm sections parallel to the
epidermal surface. The keratins were extracted from each section and resolved electrophoretical-
ly. The numbers across the bottom of the gel denote consecutive sections beginning with the
dermis and proceeding outward. Some sections were omitted, as no significant changes took place
in them. Tracks 1-7 were dermal, tracks 8—16 were basal and spinous layers, tracks 17—19 were
granular layers, and tracks 20—30 were stratum corneum. To see more clearly the replacement of
the 56-K and 58-K keratins by 55-K and 56.5-K keratins, tracks 9, 10, 17, and 20 are magnified in
the inset. (Reprinted from Fuchs and Green, 1980.)

basic (Fuchs et al., 1981). In skin of all vertebrate organisms, both types of
keratins are coordinately expressed at all times, and they are frequently ex-
pressed as pairs (Fig. 3; Moll et al., 1982; Fuchs and Marchuk, 1983; Franke et
al., 1983; Kim et al., 1983; Nelson and Sun, 1983; Eichner et al., 1984). At all
stages of epidermal differentiation, the balance of the ratio of type I and type
I1 keratins is not disrupted (Kim et al., 1984a). Thus, it seems that both types
of sequences play an important role in forming the coiled-coil backbone of the
8-nm filaments. This conclusion has also been reached from in vitro filament
assembly studies, which suggested that no one keratin subunit by itself was
competent for filament formation (Steinert et al., 1976; Lee and Baden, 1976;
Milstone, 1981; Franke et al., 1983).

The cDNA sequences of a 50-K type I (#14, i.e., K14 according to the
nomenclature of Moll ¢¢ al., 1982) and a 56-K type II (#6, i.e., K6a) keratin of
cultured human epidermal cells first revealed that despite the low degree of
homology (24%) in amino acid sequence, the predicted secondary structures
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Figure 2. Synthesis of human epidermal keratins from poly(A)+ RNA of cultured human basal
epidermal cells and differentiating human epidermis. Poly(A)* RNAs from cultured basal epi-
dermal cells and from adolescent human foreskin epidermis were isolated and translated in vitro
and the synthesized products were immunoprecipitated (Fuchs and Green, 1980). The keratins
were separated electrophoretically, and the gel was fluorographed. (Lane 1) [35S]-methionine-
labeled keratin extract from cultured cells; (lane 2) immunoprecipitated translation products
from cultured cell RNA; (lane 3) [35S]-methionine-labeled keratin extract from foot epidermis;
(lane 4) immunoprecipitated translation products from foreskin epidermis RNA; (lane 5)
Coomassie Blue-stained pattern of keratins extracted from the outermost stratum corneum layers
of foot epidermis; (lane 6) Coomassie Blue-stained pattern of keratins extracted from the outer-
most stratum corneum layers of foreskin epidermis. MW values are in kD. Note that a keratin of
63 K is produced by plantar epidermis, but not by epidermis from foreskin or elsewhere.

of the polypeptide chains are highly similar (Hanukoglu and Fuchs, 1982;
1983; Tyner et al., 1985; see Fig. 4). Additional sequence information has led
to the generalization that all keratins have similar structures (Crewther et al.,
1980, 1983; Fuchs and Hanukoglu, 1983; Dowling et al., 1983; Steinert et al.,
1983, 1984). The central 300-residue portion of the keratins is largely a-
helical (marked by the bars in Fig. 4). However, the helical segment is demar-
cated by three regions in which helix-breaking residues are found. The sig-
nificance of these breaks is not yet understood.

Throughout the helical domains of both the type I and the type II ker-
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Figure 3. Keratins of type I (left) and type II (right) are both present in all vertebrate epidermis.
Antibodies were raised against electrophoretically purified K14 (50 K, type I) and K6a (56 K, type
I1) human keratins. These antisera were used in immunoblot analysis to detect the presence of
immunoreactive forms of both classes of keratins in other vertebrate epidermal keratinocytes.
(Left) Immunoblot with anti-type I keratin antisera. (Right) Immunoblot with anti-type II keratin
antisera. Tracks with different samples of vertebrate keratins: 1, whole human epidermis; 2,
mouse; 3, rabbit; 4, bovine; 5, chicken; and 6, frog. MW values are in kD. (Reprinted from Fuchs
and Marchuk, 1983).

atins is found a repeat of hydrophobic residues, where the first and the fourth
residue of every seven is hydrophobic in nature (marked by dots in Fig. 4).
This heptad repeat of hydrophobic residues was first described for tro-
pomyosin (McLachlan and Stewart, 1975) and later for the wool keratins
(McLachlan, 1978). It signifies a coiled-coil interaction between the a-helical
polypeptide chains, a feature that was first predicted from the X-ray diffrac-
tion studies of the wool keratin filaments (Crick, 1953; Pauling and Corey,
1953). It has since been found in the helical segments of all intermediate-
filament subunits.

Given the general design of the type I and type II keratins, it is easy to see
that they have the capacity to form a coiled-coil structure. Although early
physicochemical studies (Skerrow et al., 1973; Steinert, 1978) suggested that
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the basic subunit structure of the keratin filament was a coiled-coil trimer,
more recent chemical cross-linking data (Woods and Gruen, 1981; Ahmadi
and Speakman, 1978), model-building studies (McLachlan, 1978), and
Fourier transform analyses (Crewther et al., 1983) of complete keratin se-
quences have indicated that the keratin polypeptides most likely form dimers,
which then pack into 8-nm filaments. Since the type I keratins are relatively
acidic and the type I keratins are more basic, charge interactions may serve to
further stabilize the cylindrical subunits.

A model of the way in which these putative subunit dimers pack into the
overall 8-nm filamentous structure is illustrated in Fig. 5. End-to-end linkages
of the cylindrical subunits seem to give rise to protofilaments of 2-nm diame-
ter, which further intertwine to form 4.5-nm protofibrils (Pauling and Corey,
1953; Crick, 1953; Steinert, 1978; McLachlan, 1978; Aebi et al., 1983; Steinert
et al., 1983; Crewther et al., 1983; Fuchs and Hanukoglu, 1983). The pro-
tofibrils then appear to twist to give rise to a 21-nm axial periodicity, easily
visible in the electron microscope (Milam and Erikson, 1982; Aebi et al., 1983).

Type II Figure 5. A structural model for

Type | "" ! Subunit the 8-mm keratin filament. The
Subunit model is based collectively on X-

ray diftraction data (Crick, 1953;

¥ Protofilament Pauling and Corey, 1953), phys-

2nm icochemical studies (Skerrow et

0.05 al., Steinert, 1978; Steinert et al.,
Coiled Coil Domain | Nonhelical 1983), chemical cross-linking data
4 Termini (Ahmadi and Speakman, 1978;

\ Woods and Gruen, 1981), model

building using keratin sequences

(McLachlan, 1978), electron mi-

croscopy studies (Aebietal., 1983;

Steinert et al., 1983), amino acid

sequence data (Crewther et al,

1980, 1983; Hanukoglu and

Fuchs, 1982, 1983; Steinert et al.,

1983, 1984; Dowling et al., 1983),

and gene expression studies

(Fuchs et al., 1981; Moll e al.,

| Protofibril  1989; Kim etal., 1983; Roopet al.,

i = 4.5 nm 1983; Fuchs and Marchuk, 1983;

! : Eichner et al., 1984; Jorcano et al.,

1984c¢). The precise number of

‘ protofilaments per protofibril has

not yet been unequivocally deter-

mined. Although the pro-

* tofibrillar structures are shown as

straight cylinders, they are most

likely coiled in a left-handed helix

with a periodicity of 21 nm (Milam and Erickson, 1982). Whether the coiled-coils are homo- or

hetero-dimers has not yet been resolved, although both types of subunits seem to play an essential
role in forming the filament.

B nm
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Although the precise details of keratin filament assembly are only poorly
understood, much of the information that dictates the assembly process seems
to reside in the primary sequence of the polypeptide chains. In vitro filament
tormation does not appear to require any auxiliary proteins or factors (Stein-
ert et al,, 1976; Franke et al., 1983).

The nonhelical ends of the human epidermal keratins are variable in
length, and they are rich in glycine and serine residues. This is readily appar-
ent for the terminal sequences of K14 and K6b (Fig. 4). Recent sequence data
for the epidermal keratins of other species confirm the universal presence in
epidermal keratins of unusual inexact repeats of Gly—Gly—Gly—X (where X is
frequently either Phe, Tyr, Leu, or Ala) interspersed with stretches of serine
residues (Steinert et al., 1983, 1984; Jorcano et al., 1984a, 1984b). The larger
keratins characteristic of terminally differentiating epidermis seem to be sim-
ilar to the basal keratins, with the exception of longer stretches of these
glycine—serine-rich repeats at the amino terminal end (Steinert et al., 1983). A
comparison of the amino terminus of the human K14 keratin of basal cells
with that of the mouse MK 10 keratin of terminally differentiating cells illus-
trates this point (Fig. 4). In contrast, the terminal ends of the wool keratins are
rich in cysteine residues rather than glycine and serine (Crewther et al., 1980,
1983; Dowling et al., 1983). The differences between the end terminal se-
quences of the wool keratins (WT I and WT II, Fig. 4) and those of the
epidermal keratins (K14 and K6b) are remarkable considering the striking
similarities in the helical domains of the two type I keratins and the two type
IT keratins.

To summarize the protein structure work, it seems that the sequences as
well as the general structural features of the coiled-coil helical domains of all
keratin subunit pairs are highly similar, whereas the nonhelical end domains
are related for each coordinately expressed pair of keratins, but are different
for differentially expressed pairs of keratins. A clue to the significance of
having different pairs of keratins with variable end domains is revealed when
the functional role of the end domains is considered. When the keratins are
subjected to mild chymotryptic digestion, the coiled-coil cylindrical dimer can
form, but it cannot assemble into 8-nm filaments (Steinert, 1978). Examina-
tion of the keratins indicated that the treatment resulted in the digestion of
the glycine—serine-rich end sequences, and that these sequences must there-
fore play a role in lateral and end-to-end interactions. By changing the
strengths of these interactions in using different terminal sequences, the
properties of the resulting filaments may change, without disrupting the over-
all structure per se. Thus, the existence of variable end domains for different
pairs of keratins may enable a cell to tailor the properties of a keratin filament
to suit its particular structural needs.

Several examples demonstrate that different keratin filaments do indeed
have different properties. It is known that in wool and hair, the keratins
bundle to form rigid macrofibrils, which become highly cross-linked through
disulfide bonding (Fig. 6; for review, see Fraser et al., 1972). These rigid
macrofibrillar structures are ideal for the highly ordered cells of the hair
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Microfibril

Figure 6. Model of the organization of keratin filaments in
hair and wool. The keratin filaments in the terminally differ-
entiated cells of hair and wool are highly ordered (for review,
see Fraser ef al., 1972). Numerous disulfide bond cross-link-
ages create macrofibrillar bundles of rigid 8-nm filaments.
(Taken from Dickerson and Geis, 1969).

shaft, but they would most likely be disastrous for dividing cells with normal
metabolic functions. In terminally differentiating epidermal cells, the keratins
are more soluble than those in hair, but less soluble than those in basal epider-
mal cells (Fuchs and Green, 1980). Their insolubility may be attributed to less
organized bundles that form with the differentiation-specific keratin fila-
ments. The long termini of these large keratins seem to protrude along the
surface of the filament, thereby coating the filament with glycine—serine-rich
sequences (Steinert et al., 1983). The filaments then associate with another
glycine—serine-rich protein, fillagrin, which causes bundling to occur (Fig. 7;
Dale et al., 1978). These cables seem to be more flexible in nature than the
macrofibrils of wool, but nonetheless, they may be quite indestructible and
would probably interfere with cell division. Indeed, the keratins of dividing
epithelial cells do not seem to form macrofibrillar bundles in vivo.

3. The Genes Encoding the Human Epidermal Keratins

There are about 12 keratins that are differentially expressed in human
epidermal cells at different stages of differentiation, and a total of about 20
different keratins if one considers all the human epithelial tssues (for review,
see Moll et al., 1982). When the two epidermal cDNAs encoding keratins K14
(50 K, type I) and K6a (56 K, type 1I) were used as probes at low stringency
(750 mM NaCl, 50% formamide, 50°C), each hybridized with a different
subset of about 10 genes in the human genome (Fig. 8; Fuchs et al., 1981).
Since it is not yet known whether all of the keratin genes are identified under
these conditions, 20 must be considered a lower limit to the number of human
keratin genes.

To begin to explore the complexity of the two keratin gene subfamilies,
we screened a human genomic library in A Charon 4A (Ed Fritsch, Genetics
Institute) using the plaque hybridization method of Benton and Davis (1977)
with radiolabeled cDNA to K14 and K6a as probe. We isolated a number of
different clones containing putative keratin genes. These clones hybridized
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Figure 7. Electron micrograph of fillagrin-induced macrofibrillar bundles of keratin filaments.
When epidermal cells are triggered to undergo terminal differentiation, new keratin filaments
are produced that are comprised of keratin polypeptides larger than those of the basal epidermal
cells (Fuchs and Green, 1980). These filaments ultimately form macrofibrillar bundles, which
serve to protect the keratin filaments from the proteolytic enzymes released in the granular
epidermal layer. The process of macrofibrillar bundling can be mimicked in vitro, as shown here,
by the action of a differentiation-specific protein called fillagrin (Dale et al.,, 1978), mixed at a
ratio of 2:1 with epidermal keratin filaments. Macrofibrils were negatively stained ‘with uranyl
acetate. X46,000. (Figure kindly donated by Drs. Beverly Dale and Karen Holbrook, University
of Washington, Seattle.)
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Figure 8. Identification of human genomic DNA restriction fragments bearing keratin genes.
DNA (5 pg/lane) from cultured human epidermal cells was digested with a fivefold excess of each
of three restriction endonucleases. Fragments were fractionated by electrophoresis through a
0.8% agarose gel and transferred to nitrocellulose paper (Fuchs et al., 1981). The blots were
hybridized against 32P-labeled probes copied from ¢cDNA encoding K6a, the 56-K keratin of
human epidermal cells (A), and cDNA encoding K14, the 50-K keratin of human epidermal cells
(B). Lanes contain either human epidermal DNA (EPI) or human placental DNA (PLAC) di-
gested with Hind I1I (H3), Eco RI (RI), or Bamn HI (B). Additonal lanes represent dilutions into 5
ng of sheared Escherichia coli DNA of the appropriate linearized hybrid plasmid, either pKA-1
encoding K6a (A), or pKB-2 encoding K14 (B), in amounts corresponding to 0.50—50 copies of
keratin cDNA per haploid genome. Lane C shows a control in which the plasmid pBR322 was
added in amount corresponding to 10 copies per haploid genome. Molecular weights in kilobases
are shown at the left.
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with varying degrees of homology to one or the other of the cDNA probes. Six
sets of overlapping clones were identified from restriction endonuclease map-
ping of the genomic fragments within some of these clones (Marchuk, Tyner,
and Fuchs, unpublished observations). From this group, we selected one
clone, G-K1, containing the complete gene encoding keratin K14 (Marchuk ez
al., 1984, 1985), and another clone, G-K2, containing the complete gene
encoding a K6 keratin (Tyner et al., 1985).

The complete nucleotide sequence of the gene contained in GK-1
(Marchuk et al., 1984, 1985) confirmed that it encoded a K14 keratin mRNA
identical to the KB-2 ¢cDNA that had previously been isolated and sequenced
(Hanukoglu and Fuchs, 1982). The complete sequence of the gene contained
in GK-2 (Tyner et al., 1985) indicated that it encoded a K6 keratin mRNA, but
this mRNA was not identical to the K6a keratin mRNA of the KA-1 cDNA
that had previously been isolated and sequenced (Hanukoglu and Fuchs,
1983). Three amino acid residue differences distinguish the partial (63%)
sequence of the K6a mRNA and the equivalent sequence in GK-2 (K6b). In
addition, whereas the first 125 base pairs (bp) of the 3’ noncoding sequence of
GK-2 share a high degree of homology with that of KA-1, the remaining 375
bp of sequence is highly divergent (Tyner et al., 1985). This divergent portion
of the 3’ noncoding end of GK-2 was shown to hybridize strongly with a 2.1-
kb mRNA expressed in abundance in human epidermal cells (Tyner et al.,
1985). The specific noncoding segment also hybrid-selected an mRNA that
translated into a 56-K keratin in vitro (Tyner et al., 1985). Since this segment
shows no cross-hybridization with the corresponding segment of the KA-1
c¢DNA and yet each clone hybridizes strongly with an mRNA encoding a 56K
keratin, it is likely that there are at least two distinct genes encoding 56K
keratins that are coordinately expressed in human epidermal cells.

4. Structure of the Two Types of Keratin Genes and Their Relation to
Other Intermediate-Filament Genes

When the GK-2 gene encoding the K6b type IT keratin was compared
with the GK-1 gene encoding the K14 type I keratin, it was discovered that
even though the two coding sequences share only 24% homology with each
other, the structures of their genes as well as the structures of their proteins
are very nearly identical (Fig. 9). Six of the introns (marked by triangles) show
identical or nearly identical positioning for the two proteins. These introns
are located in the central portion of the coding region. Despite the strict
conservation of intron position, neither the size nor the sequence of the in-
trons has been conserved (Marchuk et al., 1984, 1985; Tyner et al., 1985).
Even the sequences bordering the intron—exon junctions of the two polypep-
tides are not identical.

No correlation was found between the evolutionarily conserved amino
acid residues of the two types of keratin proteins (black dots, Fig. 9) and the
highly conserved positions of the introns. In some of these cases, the homolo-
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Figure 9. The relation between the protein/nucleic acid sequence homologies and the conserva-
tion of intron position in the keratin type I (K14) and the keratin type II (K6b) genes. The amino
acid sequences of human K14 keratin (Marchuk et al., 1984) and human K6b keratin (Tyner et al.,
1985) were aligned for optimal homology. The two sequences were shown to share only 24%
homology at the amino acid sequence level (identical residues are indicated by black dots). Their
secondary structures are nearly identical, however, and the four large helical domains are shown
by grey boxes. The positions of the type I keratin introns are indicated by the solid triangles. The
positions of the type 11 keratin introns are indicated by the open triangles. The exon—intron
Junctions that are positioned identically for both sequences are encompassed by boxes. Note that

the positions of the introns do not seem to demarcate the boundaries of the helical domains of the
keratin polypeptides.
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gy of protein segments flanked by similarly positioned introns is fairly high
(e.g., the exon corresponding to #4 of K14, 33%). In other cases, the homolo-
gy is very low (e.g., the exon corresponding to exon #2 of K14, 11%). Some-
times, regions of high and low homologies, respectively, are contained within
a single exon (e.g., the exon corresponding to #6 of K14). Not even the amino
acid sequences immediately flanking the exon—intron junctions have been
evolutionarily conserved. Thus, for the keratin genes, exons do not seem to
have evolved as separate units, even though the evolutionary pressures on
maintaining exon size have been considerable.

The grey boxes in Fig. 9 signify the four a-helical domains of the two
types of keratins. The introns do not seem to demarcate the boundaries of
these helical domains, nor do they separate the nonhelical glycine—serine-rich
termini from the central helical region. Thus, its seems likely that the posi-
tioning of the introns is dependent on factors other than forming the bound-
aries of the structural domains of the keratins as they exist today.

The conservation of intron position in the two types of keratin genes is
truly remarkable, considering the very distant relation between their proteins
(24% homology). This conservation extends to the third class (type III) of
intermediate filament genes, which encodes the glial fibrillary acidic (GFA)
protein, and desmin and vimentin proteins that are differentially expressed in
higher eukaryotic cells other than epithelia (Quax et al., 1983). Thus, a com-
mon structure exists for most if not all IF genes, a feature that was also
suggested from heteroduplex analyses (Lehnert et al., 1984). Two very distant
duplications must have led to the early formation of three genes: a type I and
a type II keratin gene and a third, type III gene. The multiplicity of related
sequences within these three classes seems to have arisen from more recent
gene duplications. Whereas the three gene families share only 25-30% ho-
mology with each other, the individual members of a single class share 40—
95% homology.

The significance of the extreme evolutionary pressure exerted on main-
taining intron position in the IF gene family has not yet been elucidated.
However, a clue to the possible importance is revealed by considering the
consequences of shifting an intron, once it has been introduced at a particular
position within a gene. Utilizing an alternative splice junction at a position 3n
from the original ag or gt consensus sequence would introduce or delete one
or more amino acid residues at the exon—intron border. Since these junctions
are located within the helical domains of the IF polypeptide, such changes
might disrupt the heptad repeat that is necessary for the proper formation of
the coiled-coil. A perturbation in this structure may, in turn, alter the ability
of the subunits to assemble into the 8-nm filaments.

We do not know whether the conservation of intron position in keratin
and other IF genes might also be a clue to the boundaries of as yet uniden-
tified functional domains that could be involved in interactions between the
filaments and other cellular components. The proteins and cellular structures
that associate with 8-nm filaments to form the overall cytoskeletal architecture
remain largely unidentified. However, if such interactions did play a role in
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defining important IF functional domains that were subsequently assembled
piecemeal in the construction of the primordial IF gene, then these interac-
tions must be common to the IF networks of many varied cell types.

5. Regulation of the Type I and Type II Keratin Genes

In the past 5 years, we have just begun to decipher some of the factors
that are important in the regulation of keratin gene expression. Epithelial cell
growth has been shown to be dependent on a number of different factors,
e.g., epidermal growth factor (Savage and Cohen, 1972; Rheinwald and
Green, 1977), cAMP-inducing agents (Green, 1978), hydrocortisone (Rhein-
wald and Green, 1975), calcium (Hennings et al., 1980), and insulin and other
serum factors (Maciag et al., 1981). However, few, if any, of these factors seem
to influence the choice of which pairs of keratins will be expressed in a cell
and what the ultimate level of expression will be. To date, only a few cases
have been documented where specific factors are known to regulate keratin
gene expression. One of these factors, vitamin A, has long been recognized as
a strong regulator of epithelial cell differentiation (Wolbach, 1954; Lotan,
1980; Wolf, 1980; Elias and Williams, 1981). This vitamin diminishes the
expression of terminal differentiation in stratified squamous epithelia and
accentuates the expression of differentiation in secretory epithelia. Deficiency
of the vitamin can convert a secretory epithelium to a squamous epithelium
(squamous metaplasia), and excess of the vitamin can convert a {cultured)
stratified squamous epithelium to a secretory epithelium (mucous meta-
plasia). This vitamin is distinguished from all others by its ability to control
epithelial differentiation.

When vitamin A is removed from cell culture medium by solvent ex-
traction (delipidization), human epidermal cells begin to stratify and synthe-
size the large keratins characteristic of the terminal differentiative process
(Fuchs and Green, 1981). When mucus-secreting epithelial cells are cultured
in this medium, synthesis of the pairs of keratins characteristic of their type of
differentiation 1is inhibited (Fuchs and Green, 1981; Kim et al., 1984b). Re-
introduction of the vitamin in the form of retinyl acetate (Fuchs and Green,
1981) or other retinoids (Gilfix and Green, 1984) restores the patterns of
keratin synthesis to their normal state. These changes are clearly at the level
of keratin mRNA synthesis and may be at the transcriptional level as well
(Fuchs and Green, 1981; Kim et al., 1984b; Eckert and Green, 1984).

It has been postulated that retinoids act in a fashion analagous to that of
steroid hormones to regulate epithelial gene expression (for a review, see
Chytil and Ong, 1979). A cytoplasmic 14-K protein, cellular retinoic acid
binding protein (CRABP), has been purified, and it interacts strongly with a
number of different retinoids (Ong and Chytil, 1975; Liau et al., 1981; Ong et
al., 1982; Saari et al., 1982). Embryonal cell mutants lacking CRABP have
been shown to be unresponsive to retinoids, suggesting that the receptor
indeed plays a role in mediating the action of vitamin A (Schindler et al.,
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1981). We have found that in cultured human epidermal cells, the CRABP
levels are high (Kim et al., 1984b). Whether vitamin—receptor complexes in-
teract directly with different keratin genes to regulate their expression, how-
ever, has yet to be investigated.

Although the expression of some pairs of keratins is clearly dependent on
the levels of vitamin A in the culture medium, the vitamin does not seem to be
involved in regulating the expression of the genes encoding the K14 type I
and K6b type II keratins expressed in cultured epidermal cells (Fuchs and
Green, 1981). These genes seem to be constitutively expressed at levels of up
to 10% of the total protein (Sun and Green, 1978). The abundant levels of
these keratins in the cultured cells suggests that the promotors for these genes
might be particularly strong. However, the factors that allow the tissue-specif-
ic and abundant expression of these genes in epidermis and other epithelia
have not yet been identified.

For some viral and cellular genes that are expressed in abundance in a
tissue-specific manner, sequences containing a core octamer G-T-G-G-A-A-A-
G have been found in either the introns or the 5’ upstream region of the
genes. Through site-directed mutagenesis experiments, these nucleotides
have been shown to specifically enhance the level of transcription of these
genes (Moreau et al., 1981; Laimins et al., 1982; Gillies et al., 1983). It has been
proposed that different tissue-specific proteins might interact directly with
enhancer elements to regulate the levels of expression of such a gene in a
tissue-specific manner. Indeed, specific interactions between enhancer-con-
taining sequences and cellular components have recently been identified
(Scholer and Gruss, 1984).

When the 5’ upstream region for K14 gene is scanned, three regions are
found that contain the sequences T-(G);_3-A-A-A-G (underlined in Fig. 10).
We do not yet know whether the enhancerlike sequences that are upstream
from the transcription initiation site of the K14 gene actually contribute in
enhancing the transcription of the gene. If, indeed, these sequences do act as
enhancer elements, then they do not appear to be a universal mechanism for
abundant keratin gene expression, since the coordinately expressed K6b gene
does not seem to contain these sequences in the corresponding 5’ upstream
region of the gene (Tyner e al., 1985).

When the 5’ upstream regions of the two epidermal genes were aligned
for optimal homology, three 15 to 22-bp sequences in comparable positions
were found to share about 75% homology (Fig. 10). The transcribed 5’ non-
coding regions of the K6b and K14 genes also shared substantial homology.
In contrast, much less homology was found between the 5’ upstream regions
of the vimentin and keratin genes. Whether any of these features play a role
in the coordinate regulation of the two epidermal keratin genes or the differ-
ential regulation of the vimentin gene remains to be investigated. Recent
evidence that regulatory regions of a gene are not necessarily localized within
the 5’ upstream sequences (Gillies et al., 1983; Charnay et al., 1984; Moore et
al., 1985) makes it very difficult to assess the significance of the homologous
sequences identified in Fig. 10.
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K14 (50K): CCCAGGGTCCOGATGGGAAAGTGTAGCCTG-CAGGCCCACACCTCCCCCTGTGAATCAC

ORERER R AR REERE BN RR OB ORRE N NEEN

K6b (56K): CTCAGGGCATTGTCGATAAAC--AGCCTAGCATGCAGAA-CCTTTGC---TGAAGACA

K14 (50K): GC------CTGGCGGGACAAGAAAGCCCAAAACACTCCAAACAATGAG-TTTCCAGT-AA
+ * R RER R ORR RN EEEE R OEE RER RN

Kob (56K): GTGACTAATTCCAACTTCATGAATTGAGAATACTCTTATTGTGCTGAGATCTCGAGTCAA

K14 (50K): A---ATATGACAG==ACAT-==meeeGA-TGAGGCGGATGAGAGGA= === mmm =GGGA
= R OREE REENE EEOR O R OEE N RE ¥ L1
K6b (56K): AGCTGGAGG-CAGGAACATTTTGCCCTGACTAAAG--GAAGCGAAAAATGCAATCTCGGT

K14 (50K): CCTGCCTGGGAGTTCGCGCTAGCCTGTGGGTGATGAAAGCCAAGGGGAATGGAAAGTGCCA
RN BEOE O ORE NN REEE EENE NN EE REER  EER
Kéb (56K): ATTTCAT-AACTTTTGTAATAA--TGCAGGTG-TGAATCTCACTATT--TGTAAAG-CCCA

K14 (50K): AGACCCGCCCCCTACCCATGAG
R OREE ORER NN e
Kéb (56K): AG-CCCTTCCC-AACCTGCAAGCTCACCTTCCAGGACTGGGCCCAGCCATGCTCTCCATA

K14 (50K): [TATAA}AGC----ACTCGCATCCCTTTGCATTTACCOG-~--AGCACCTTCTCTTCACTC
wuunl wa REE OB OREE RN B E XX ¥ (ST I T T TR
K6b (56K): JTATAA]-GCTGCTACTGGAGTCCGATT-CCTCGTCCTGCTTCTCCTCCCTCT-GGCCTCC

K14 (50K): AGCCTTTCTGCTCGCTCGCTCACCTCCCTC~--CTCT-GCACC]ATG
BEEEE BN K B REE BE B R B EEE O REEE B EEE[Es
K6b (56K): AGCCTCTCA-CACTCTC-CTAAGCCCTCTCATCTCTGGAACC]|ATG

Figure 10. Alignment of the 5’ upstream regions of the type I (K14) and the type 11 (K6b) keratin
genes. The 5’ upstream regions of the K14 (Marchuk et al., 1985) and K6b (Tyneret al., 1985)
keratin genes were aligned for optimal homology. The TATA box, common to most eukaryotic
promotors and the translation initiation site AUG are highlighted by boxes. The underlined
sequences show regions of the K14 gene sharing a substantial degree of homology with the core
enhancer sequence common to some viral and cellular genes (Marchuk ez al., 1985). Note that
substantial homology exists in the noncoding transcribed upstream region and also in a few
concentrated regions upstream from the TATA box. Whether any of these similarities are signifi-
cant in the coordinate regulation of these genes remains to be investigated.

As we elucidate the sequences and structures of additional keratin genes,
we hope to gain a better understanding of the regulation of the differential
expression of specific pairs of keratins in different epithelia and at different
stages of differentiation and development. Site-directed mutagenesis should
help to define the regions of the genes that are responsible for transcriptional
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regulation and vitamin A sensitivity. Site-directed mutagenesis of the coding
portions of these genes should unravel additional clues as to the sequences
within the polypeptide chains that are essential for filament assembly. At the
moment, we have only begun to scratch the surface of understanding the
molecular mechanisms underlying keratin gene expression in human
epidermis.
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Organization and Expression of the
Vimentin and Desmin Genes

Wim Quax and Hans Bloemendal

1. The Discovery of Intermediate Filaments

The detailed view of the electron microscope has made it possible to identify a
number of filamentous structures in the eukaryotic cell. Differences in gener-
al morphology and diameter, in addition to the susceptibility to certain drugs,
have been used to classity the observed cytoskeletal filaments. Actin filaments
(6 nm in diameter), microtubules (25 nm) in nonmuscle cells, and myosin
filaments (15 nm) in muscle cells were readily characterized. However, the
filaments with a diameter of 9—10 nm (intermediate between the diameter of
actin-containing microfilaments and those of myosin containing thick fila-
ments and microtubules) were initially not regarded as a different class of
fibers.

A first step toward appreciation of these filaments as a different type was
the observation that intermediate filaments (or 10-nm filaments) do not stain
with heavy meromyosin (in contrast to actin filaments) and that they are
resistant to treatment with colchicine (Ishikawa et al., 1968). This drug, which
dissociates microtubules into its subunits, caused the intermediate filaments to
collapse into a perinuclear organization, but did not disintegrate the indi-
vidual filaments. From these observations it was anticipated that intermediate
filaments (IF) form a distinct cytoskeletal structure, which interacts with mi-
crotubules (Ishikawa et al., 1968). Despite the clear distinction from other
cytoskeletal fibers, progress in the biochemical characterization of IF was
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slow, mainly because of the insolubility of the filaments and the resulting
difficulties in isolation of their subunits (Shelanski et al., 1971; Eng et al., 1971;
Skerrow et al., 1973; Hoffman and Lasek, 1975). Moreover, it was puzzling
that number and sizes of subunits isolated from diverse sources such as nerve
cells, smooth muscle cells, epithelia, and astrocytes were very different, al-
though the 10-nm filaments from different tissues showed a similar mor-
phology in electron microscopy studies (Hoffman and Lasek, 1975; Steinert
and Idler, 1975; Small and Sobieszek, 1977). The full understanding of the
diversity and wide distribution of 10-nm filaments was only achieved when
suitable antibodies directed against the different subunits were used in immu-
nofluorescence studies (Bignami et al., 1972; Lazarides and Hubbard, 1976;
Liem et al., 1978; Hynes and Destree, 1978; Franke et al., 1978a,b; Sun and
Green, 1978). In the immunofluorescence microscope bright filamentous
structures were observed after treatment of permeabilized cells with anti-
bodies directed against IF proteins. The localization of these fluorescent
fibers and the collapse into a perinuclear cap upon treatment with colchicine
were the main arguments linking the brightly fluorescent network with the
electron microscopic observations of 10-nm filaments (Osborn et al., 1977;
Hynes and Destree, 1978). With the aid of different antibodies it was now
rapidly understood that IF show tissue specificity: for instance, antibodies
raised against IF from epithelial cells were able to decorate filaments in all
types of epithelial cells, but not in muscle cells or nerve cells (Franke et al.,
1978a; Lazarides and Hubbard, 1976; Bennet et al., 1978).

During the last 5 years enormous progress has been made in classification
and characterization of different IF subunits owing to the application of new
techniques such as high-resolution two-dimensional gel electrophoresis, pro-
duction of monoclonal antibodies, immunoblotting, and recently DNA
cloning.

2. The Diversity of IF Subunits

Isolation procedures for IF subunits depended on a common chemical
property of 10-nm filaments, namely their insolubility in buffers containing
Triton X-100 (1%) and high or low salt concentrations (for references see
Franke et al., 1981). Solubilization of IF proteins is achieved only under de-
naturing conditions, e.g., 6 M urea. Surprisingly, it was found that after
removal of urea, purified proteins reassembled to form authentic 10-nm fila-
ments in vitro (Steinert et al., 1976). This shows that the polymerization of IF
subunits to filaments is a reversible process that takes place spontaneously
without the need of energy or accessory proteins. By carrying out subsequent
disassembly/reassociation steps, some workers used this phenomenon to de-
velop a procedure to purify IF proteins (for references see Steinert et al.,
1981). On the other hand, SDS-polyacrylamide gel electrophoresis of the
Triton X-100 insoluble fraction was sufficient in most cases to obtain a pure
antigen for the production of antibodies. Antisera obtained in this way have
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been used to classify the different IF proteins. In the past few years this
classification has been confirmed and refined by data on the primary struc-
ture of the different proteins. Part of these data were obtained by direct
amino acid sequencing of the purified proteins (Geisler and Weber, 1981,
1982, 1983; Geisler et al., 1983, 1984). Most of the data, however, were ob-
tained by analyzing the DNA information encoding the IF subunits (Hanu-
koglu and Fuchs, 1982, 1983; Steinert et al., 1983, 1984; Quax-Jeuken et al.,
1983; Quax et al., 1983, 1984a,b; Hofmann and Franz, 1984; Lewis et al.,
1984; Jorcano et al., 1984b). Based on sequence data and immunological
observations we have summarized the classification of IF in Table 1.

The expression pattern of the different IF shows close parallels to estab-
lished patterns of embryological differentiation (Table 1). In muscle cells we
find desmin, in neurons neurofilaments, in cells of glial origin (astrocytes)
glial filaments, in cells of mesenchymal origin vimentin, and in epithelial
tissue keratins. This tissue specificity is one of the main causes for the growing
interest in these proteins, because this renders them, to very specific differ-
entiation markers, useful in developmental biology and tumor diagnosis (Os-
born and Weber, 1982; Ramaekers ¢t al, 1981). In contrast to the non-
epithelial IF subunits, the keratins form a large group of related proteins
encoded by a family of related genes. Subdivision of keratins has been per-
formed on the basis of isoelectric point and mutual homology. This has re-
sulted in the definition of a subclass of acidic (type I) and basic (type 1I)
proteins. Within one group the keratins show about 60—-70% homology (iden-
tical amino acids at corresponding positions). Keratins of different groups are
only about 30% homologous. The homology in primary structure between the
keratins, on the one hand, and the nonepithelial IF subunits, on the other
hand, is low, but significant (+30% homology). The mutual homology of
nonepithelial IF proteins is higher (>50%), with vimentin, desmin, and glial
fibrillary acidic protein being the most closely related (>65%).

Although the divergence in primary structure of IF proteins suggests
rather dramatic differences between the subunits, the secondary structure (as
it can be predicted from the primary structure) and the physical properties of
the proteins show striking similarities. It appears that all IF molecules have a
central polypeptide domain of about 310 residues that is mainly in a-helical
conformation (as was first observed from circular dichroism measurements).
Within this a-helical region there is a regular heptade distribution of hydro-
phobic amino acids, which is typical for a-helices that can interact to form
coiled-coils. An identical heptade distribution has thus far been found in all IF
molecules, suggesting the same lengths and interruptions for the coiled-coils.
These findings have resulted in the prediction of a general model for IF
proteins. In Fig. 1 the model is outlined on the basis of the vimentin sequence
(Quax-Jeuken et al., 1983). The central a-helical domain can be considered as
the constant domain of IF, since all subunits show a nearly identical secondary
structure in this region. Consequently, this is also the region of highest homol-
ogy in primary structure among the various IF sequences. The nonhelical
NH, and COOH parts account for the diversity of IF. Homologous sequences
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in these domains are found only between very closely related members; e.g.,
vimentin is about 45% identical to desmin and GFAP in the COOH domain,
but homology with neurofilaments or keratins is completely absent in this
region.

The length of the NH, terminal domain varies among different IF mole-
cules from short in GFAP (45 residues) to long in the 57-kD mouse keratin
(125 residues). The COOH tailpiece is extremely variable in length: from 45
in human keratin 50 kD to probably more than 700 amino acids in the high-
est-molecular-weight neurofilament subunit (Geisler ez al., 1984; Kaufmann et
al., 1984). The extremely long extensions of the two high-molecular-weight
neurofilament subunits (NF-M and NF-H) are probably not involved in fila-
ment formation. Amino acid composition data indicate that these tailpieces
are extremely rich in charged residues, particularly glutamic acid and lysine
(Geisler et al., 1983, 1984). These charged residues are located surface-ex-
posed at the outside of neurofilaments. Whether these charged polypeptide
chains are involved in nerve conduction is unknown.

As already mentioned, isolated IF subunits can polymerize in vitro. How-
ever, only the nonepithelial members are able to form homopolymer fila-
ments consisting of a single subunit (Small and Sobieszek, 1977; Geisler and
Weber, 1980). The keratins always form a heteropolymer, built up from at
least one type I and one type Il subunit (Franke et al., 1983; Quinlan et al.,
1984). Purified monomers of one type do not form filaments n vitro (Steinert
et al., 1981). In the case of the nonepithelial IF, homopolymer filaments
represent the common situation. However in cell types that contain more than
one subunit, heteropolymers can also form (Quinlan and Franke, 1982,
1983). This concerns mostly cells in culture, since cultured cells as a rule start
synthesizing vimentin in addition to the original IF subunit (for references see
Franke et al., 1981). Polymerization of keratins and vimentin into the same
filaments has never been observed.

The abundance of data on the structure of IF subunits is in sharp con-
trast to the lack of understanding of the polymerization process by which
individual subunits assemble into 10-nm filaments. It is now generally accept-
ed that the first polymerization step is the formation of a dimer through a
coiled-coil interaction and the subsequent alignment of two dimers to form a
tetramer. The number and the arrangement of these tetramers within 10-nm
filaments are, however, still the subject of speculation (Ip et al., 1985).

3. The Genes Encoding IF

The introduction of recombinant DNA technology has also put its mark
on IF research. cDNA clones have not only made it possible to derive the
primary structure of many subunits from the nucleotide sequence, but they
have also made it possible to study chromosomal information and gene ex-
pression of IF. Keratin cDNAs, which were the first to be constructed (Fuchs
et al., 1981), allowed the distinction of two different keratin subclasses on the
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basis of hybridization experiments. On genomic DNA each cDNA hybridized
with multiple restriction fragments indicating that there are many closely
related genes encoding keratins: a multigene family. Vimentin cDNA, which
was isolated next (Dodemont et al., 1982; Quax et al., 1982), hybridized only
with a single chromosomal locus. Hence, vimentin represented the first
cytoskeletal protein that was proven to be encoded by a single-copy gene.
Recently it was shown that GFAP (Lewis et al., 1984) and desmin (Quax et al.,
1984a) are also encoded by single-copy genes. More detailed studies of keratin
cDNA (Jorcano et al., 1984a; Lehnert et al., 1984) showed that keratin genes
behave like single-copy genes if one applies highly stringent hybridization
conditions. This would mean that each IF protein that can be visualized in a
specific position on a two-dimensional gel is encoded by a single gene detect-
able on genomic blots. These findings distinguish the IF proteins from actins
and tubulins, the other cytoskeletal proteins. The latter proteins are encoded
by multiple, very closely related genes (e.g., >20 actin genes in man; Soriano
etal., 1982; Quax et al., 1982) that encode identical or nearly identical proteins
with nearly equal migration behavior in two-dimensional gel electrophoresis.

Despite the diversity of IF proteins, the homology at the DNA and pro-
tein level favors the concept that IF emerged from a common ancestral gene.
In the search for the evolutionary origin of IF genes, cDNA probes have been
used to detect homologous sequences in the genomic DNA of vertebrate and
invertebrate species. In all vertebrates tested, vimentin cDNA (Quax et al.,
1982, 1984a), keratin cDNA (Fuchs and Marchuk, 1983), and desmin cDNA
(Quax et al., 1984a) were able to detect hybridizing fragments under normal
stringent conditions (50% formamide, 0.6 M NaCl, 42 °C). However, detec-
tion of positive hybridizing fragments in invertebrates was not possible under
the same conditions. This implies that the coding information for IF is evolu-
tionary lesser conserved than the genes for actin and tubulin, a finding that
could be anticipated because of the diversity of IF proteins.

As far as the structure of IF genes is concerned, data have only recently
become available (Quax et al., 1983; Lehnert et al., 1984; Johnson et al., 1984).
The hamster vimentin gene was the first IF gene whose structure was un-
raveled. Nine exons, which are spread over = 9kb of DNA, carry the coding
capacity for vimentin mRNA (1848 bases) (Fig. 2). Relating the intron posi-
tions to the general model of IF (Fig. 1), it becomes clear that some introns
match with a protein domain border (intron 3 and 6), but most do not. This
correlation of gene and protein structure, which is found in many genes, is
thought to be a remainder of processes of exon shuffling and gene duplica-
tion during evolution (Gilbert, 1978; Blake, 1978). From the structure of the
vimentin gene one could anticipate that those intron positions that do not
map at domain borders of the IF model are unique for the vimentin gene and
therefore not evolutionary conserved. Surprisingly, however, precisely the
same borders are also found in the hamster desmin gene (Fig. 3), showing that
the intron positions of these two genes have been conserved (Fig. 4) since their
divergence. The conclusion concerning the evolutionary relationship could be
drawn owing to elucidation of the complete nucleotide sequences of the vi-
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Figure 2. Physical map of the vimentin gene. (a) The sites for some often used restriction enzymes
in the A-Havim insert are shown. B, Bam H1; E, EcoR1; H, Hind111; He¢, Hincl1; P, Pvull; S,
Sstl; Sm, Smal; X, Xhol. 5" and 3’ correspond to the positions where the 5" and 3’ specific probes
derived from the cDNA hybridized, respectively. (b) Shaded bars = regions whose sequence have
been reported elsewhere (Quax et al., 1983). (c) The black bars represent the position and size of
the vimentin exons. They are numbered with Roman numerals.
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Figure 3. Physical map of the hamster desmin gene. The two overlapping Charon phages carry-
ing desmin gene sequences (A\-HaDesl and A-HaDes2) are shown in the upper two lines. The
wavy lines represent Charon 28 sequences. The large (7.4-kb) central EcoR1—~EcoR1 fragment of
A-HaDes2 and the 3.8-kb fragment, ranging from the rightmost EcoR1 site of a A-Hades2 to the
Hpal site of Charon 28, were subcloned in pBR322. The thick bar is the region that was analyzed
in detail with the striated parts representing the sequenced areas (Quax et al., 1985a). The
lowermost line is a schematic drawing of the desmin gene: the closed boxes represent the exons
and the thin lines in between them the introns. B, BamH1; Bg, Bglll; E, EcoR1; H, Hpal; K,
Kpnl; §, Sacl; Sal, Sall; Sm, Smal; X, Xhol; Xb, Xbal.
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Figure 4. Exon—intron junctions of the desmin gene compared to the vimentin gene. The
nucelotides surrounding the splice points of the desmin (Des) and the vimentin gene (Vim) are
compared to consensus 5’ splice point (left) and a consensus 3’ splice sequence (right), which has
been deduced by comparing a great number of intron borders (Mount, 1982). Exon sequences
are in capital letters, the number on top of, or below the amino acids represents the relative
number in the desmin polypeptide or the vimentin polypeptide, respectively. The sizes of the
introns are shown in the middle column. Apart from the dinucleotides “gt” and “ag,” the homolo-
gy between intron border sequences of the two genes is low or absent.
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mentin and desmin gene, which are shown in alignment (Fig. 5). Divergence
of the vimentin and desmin genes is thought to have taken place long before
the evolution of vertebrate species (Quax et al., 1984a).

Recently some data on the exon/intron pattern of keratin genes have
been reported. R-looping analysis of four bovine keratin genes suggests that
the number of introns in the keratin genes is the same (8) or one less (7) as in
the vimentin and desmin genes (Lehnert et al., 1984). Although it seems that
not all intron positions are equal to the vimentin gene, some of them are. One
of the exon/intron borders was sequenced (AKB1a, Lehnert ¢t al., 1984), and
this correlates exactly with vimentin and desmin intron 6, the intron that
interrupts the gene precisely behind the information for the coiled-coil a-
helical domain. Another preliminary report (Johnson et al., 1984) states that
the gene for mouse keratin 67 kD is also interrupted precisely behind the
information encoding the coiled coil. The most extensive information on
keratin gene structure has recently become available for the human gene
encoding the 50-kD keratin (Marchuk et al., 1984). A very remarkable conser-
vation of intron positions among IF genes was revealed by this study. Five out
of seven introns of the human keratin gene are located at positions that fully
correspond to intron positions of the vimentin gene. This provides additional
evidence that IF genes emerged from a common ancestral gene.

The expression of IF genes seems to be regulated at the transcriptional
level. mRNA quantities have been found to correlate correctly with the pres-
ence of proteins. The mRNA expression of the vimentin gene was puzzling in
chicken cells, because two mRNA-size bands could be detected in northern
blots, although only one gene was found (Dodemont et al., 1982; Zehner and
Paterson, 1983; Capetanaki et al., 1983). A comparison of the structure of the
3’ part of the chicken vimentin gene and the vimentin cDNA showed that
multiple mRNAs originated from the alternative use of more polyadenylation
sites at the 3’ end of the gene (Zehner and Paterson, 1983).

4. Expression of the Cloned Desmin Gene

4.1. In Lens Cells

One of the most revolutionary impacts of the availability of cloned IF
genes is the possibility to transfer and express genes into heterologous cells.
This makes it possible to study the behavior of newly synthesized IF proteins
of a certain type in cells in which the introduced gene is normally inactive.

The cloned IF genes, in combination with suitable expression systems,
also form the obvious way to study the molecular mechanism that is at the
basis of the tissue-specific transcription of IF. Promoter regions, “activators”
or “enhancers” that might be responsible for the onset or shutoff of gene
expression, can be characterized by testing parts of the cloned gene inserted
into suitable eukaryotic vectors in different cell lines.

First we asked two questions: Is the cloned DNA biologically active after



Figure 5. Alignment of the complete coding sequences of the hamster vimentin and desmin
genes. Intron positions are indicated by arrows.
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transfection into cultured cells, and if so, is it possible to generate a desmin IF
cytoskeleton in cells that normally do not contain desmin filaments. We there-
fore constructed a plasmid, which contains the 7.4 EcoR1—-EcoR1 and the 3.8
EcoRl-Hpal fragment of A\-HaDes2 together with the EcoR1-Pvull frag-
ment carrying the origin and the ampicillin resistance gene of pBR322 (Fig.
6). The complete desmin transcription unit plus 3.5 kb of 5’ upstream se-
quences is present in this construct. A calcium phosphate precipitate contain-
ing this plasmid was transfected onto a monolayer of hamster lens cells, a
culture previously shown to contain vimentin as the sole IF subunit (Bloemen-
dal et al., 1980). Two days after transfection the cells were fixed on the cov-
erslips, which were used as substratum, and incubated with antibodies di-
rected against desmin. After being stained with an appropriate fluorescein-
conjugated second antibody, the monolayers were monitored for desmin-
positive cells. About 0.5—-2% of the cells showed the filament-staining pattern
typical for IF (Fig. 7). This percentage of positive cells is within the normal
range for the calcium phosphate technique (Sompayrac and Danna, 1981;
Graham and van der Eb, 1973). In control experiments without DNA or with
plasmids without desmin sequences, desmin-positive cells were never ob-
served. From Fig. 7b,c it is obvious that the newly synthesized desmin is able to
form bona fide filaments. Using double immunofluorescence staining with

pBR322

H/P.
Charon 28

~—"TATA-BOX"

\'2!

E

Figure 6. Structure of pHaDes: the construction used for gene transfer. The 7.4 EcoR1-EcoR1
and the 3.8 EcoR1-Hpal fragment of A-HaDes2 were subcloned into pBR322, which was cut
with the enzymes EcoR1 and Pvull. The hamster genomic fragment, represented by the thick
bar, carries the complete desmin gene. “TATA-BOX” and “POLY-A” are the transcription start
and stop signals of the desmin gene. The closed parts of the bar represent the exons (numbered 1
to IX). The pBR322 part of the construct carries the origin of replication and the ampicillin gene
allowing the use of Escherichia coli for propagation of the construct. Charon 28 indicates the
fragment of the rightmost arm of the gene cloning vector Charon 28, which was introduced by
subcloning the 3.8 EcoR1-Hpal fragment of \-HaDes2. The total size of pHaDes is 13.5 kb.
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polyclonal or monoclonal vimentin antibodies in combination with a mono-
clonal or polyclonal desmin antibody, respectively (Fig. 7d,e), we observed
that the newly formed fibrillar desmin staining pattern colocalizes with the
vimentin filaments, which are always present in lens cells. This demonstrates
that the newly synthesized desmin is able to form a heterogeneous cytoskele-
ton with vimentin IF. This cytoskeleton probably also consists of hetero-
polymer filaments as described for BHK-21 cells (Quinlan and Franke, 1982).

Next to the authentically looking desmin filaments in most cells, in a small
subset of cells we observed lumplike aggregates that were deeply stained with
the desmin antibody (Fig. 7f,g). The origin of these aggregates is unclear, but
it is possible that the synthesis of desmin in those cells occurs at such high
levels that the IF proteins precipitate. An indication for this hypothesis comes
from the observation that the vimentin fluorescence of these cells showed
exactly the same aggregated distribution (Fig. 7h,i). Furthermore, in some of
the cells the aggregate was not concentrated in one lump, but rather dis-
tributed in a number of dotlike structures (Fig. 7g). Whether the dots in those
cells originate from an excess synthesis or from an uncontrolled or ineffective
filament assembly is obscure at this moment. The fact that desmin-positive
cells are in many instances found in clusters (Fig. 7d), in combination with the
observation that occasionally cells seem to go through some stages of mitosis,
gives a strong indication that these hamster cells are still able to divide and
multiply, independent of the synthesis and assembly of desmin polypeptides.

4.2. Expression of the Hamster Desmin Gene in Human Epithelial (HeLa)
Cells

To test whether there is any species specificity in the transcription of the
desmin gene or in the subsequent formation of desmin filaments, we decided
to transfect the plasmid pHaDes also into HeLa cells. These epithelial cells
express, in addition to vimentin, cytokeratins 7, 8, 17, and 18 (Moll et al.,
1982), but no desmin. Transfection of pHaDes caused about 0.5-2% of the
cells to react positively with desmin antibodies after 2 days (Fig. 8a,b), indicat-
ing that there is no species barrier for the transcription signals of the hamster
gene. The desmin-staining reaction shows a similar fibrillar pattern as in the
hamster lens cells (Fig. 8b). Double immunofluorescence of the same cell with
a monoclonal desmin and a polyclonal vimentin antibody (Fig. 8c, d) shows
that at least the major part of the newly synthesized desmin subunits becomes
completely integrated in the preexisting vimentin cytoskeleton of HeLa cells.
When aggregation or precipitation of desmin IF was seen, the vimentin IF
could also be shown to exist (partly) in an aggregated form (Fig. 8e,f). This is
in favor of the assumption that the aggregates on these cells result from
precipitation of an abundance of synthesized desmin protein forming a
coprecipitate with the preexisting vimentin molecules.

Since no cell type has been described to express both desmin and cytoker-
atins so far, we wondered how the two types of filaments would interact in the
manipulated HeLa cells. Therefore, we applied the double-label immu-
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Figure 7. Expression and assembly into intermediate filaments of desmin in cultured hamster
lens cells, 45 hr after transfection with the cloned desmin gene. (a—c) Immunofluorescence
microscopy showing synthesis of desmin and assembly into authentic intermediate filaments, as
monitored with the polyclonal desmin antiserum. (d, e) Double-label immunofluorescence mi-
croscopy with the monoclonal antiserum (RD301) (d) and the polyclonal antivimentin (e) showing
complete colocalization of both IF protein types. (f, g) Occasionally, desmin-positive immu-
nofluorescence is observed in large, lumplike aggregates or in smaller dotlike (g) structures
(polyclonal antidesmin). (h, i) Double-label immunofluorescence microscopy showing perfect
matching of desmin (as stained with RD301) and vimentin (stained with polyVim) immu-
nofluorescence in intermediate filament aggregates (indicated by arrowheads in i). Bars: 20pum.



Figure 8. Expression and assembly of desmin into filaments in HeLa 45 hr after transfection with
pHabDes. (a, b) Single-label immunofluorescence microscopy of desmin producing HeLa cells, as
detected by the polyclonal desmin antiserum (polyDes). Note fibrillar organization in b. (c—f)
Double-label immunofluorescence microscopy showing desmin intermediate filaments (c, €) and
colocalization with vimentin (d, f) both in network structures (¢, d) and in aggregates (e, f).
Antibodies used were monoDes, RD301 (c, e) and polyVim (d, ). (g—j) Micrographs demonstrat-
ing that no real spatial relationship exists between the newly made desmin (g, i; stained with
polyDes) and the HeLa cytokeratin filaments (h, j; stained with the monoclonal antibody to
cytokeratin 18, RGE 53). Bars: 20 pm.
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nofluorescence technique with polyclonal desmin antiserum and the mono-
clonal antibody to cytokeratin 18. As can be seen in Fig. 8g—j, the desmin
fluorescence does not show the same overall distribution pattern as the
cytokeratin fluorescence, although in some regions both types of IF seem to
occupy the same positions. Because of the small size of the cells, however, it is
difficult to determine whether this involves true colocalization in these re-
gions. In additional experiments, where we used monoclonal desmin antibody
in combination with a polyclonal keratin antiserum, the two types of filaments
did not seem to be precisely colocalized either. Finally, desmin-producing
HelLa cells also seem to be able to go through mitosis, as can be concluded on
the basis of the same arguments as put forward for lens cells.

We believe that the experiments described here are an important addi-
tion to the methods of experimentally altering the IF cytoskeleton. It can be
concluded from the ability of the formed protein to react with both mono-
clonal and polyclonal desmin antibodies, in combination with the observed
correct formation of desmin filaments, that the product formed by the trans-
ferred gene is authentic desmin. This conclusion is strongly supported by our
observations in double-label experiments with vimentin and cytokeratin anti-
bodies. In accord with findings by other authors (for example, Quinlan and
Franke, 1982) we have found that the desmin formed in both cell types used
in this studv colocalizes almost completely with the vimentin filament net-
work. In the Hela cells, however, in general no or less colocalization of
cytokeratin and desmin in filaments is observed. Focal alignments or inter-
mingling of these two types of IF systems is occasionally seen, but such an
apparent spatial relationship may be explained by crowding of filaments of
different types within a thin rim of cytoplasm, as is often the case in the cells
used in this study.

One advantage of the use of a cloned gene is the ability to study the
expression and filament formation of a single subunit at a time without intro-
ducing unknown and possibly interacting proteins, which is what happens
when an impure mRNA mixture is used. Therefore, we conclude that in our
experiments the assembly of the de novo synthesized desmin molecules into
filaments is not dependent on muscle-specific accessory proteins. Second, the
expression of the cloned desmin gene makes clear that there is no blockade on
the transcriptional level as well as on the translational level in heterologous
cells as well as in a heterologous species. This apparent nonobeyance of a gene
to the normally observed tissue specificity has also been found for other genes
in a transient expression assay (Gunning et al., 1984). Probably the regulation
of gene expression is not functioning perfectly when a great number of epi-
somal DNA molecules carrying the gene are present in the nucleus.

Third, an exciting advantage of using a cloned gene is the possibility of
engineering the DNA in vitro prior to transfection. This will enable the con-
struction of genes that express altered IF proteins and make it possible to
study the effects of these alterations on filament formation. Ultimately, the
sequence requirements for the structural domains of IF, which have been
deduced merely from comparison of different sequences, can be experimen-
tally tested.
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5. Chromosome Localization of the Human Vimentin and Desmin Gene

For the assignment of IF genes we used a panel of five mouse X human
and a panel of nine chinese hamster X human somatic cell hybrids. The
cryopreserved cell lines, which were screened for the human chromosomes
and chromosome-specific markers during previous studies (Herbschleb-
Voogt et al., 1981a,b; Meera Khan et al., 1983, 1984), were brought back to
culture, and the cell pellets of each hybrid line were divided into two portions.
One part was used to verify the human chromosome content by retesting for
chromosome-specific enzyme markers. The updated information is summa-
rized in Table 2. The other part was used to isolate total DNA. This DNA was
digested with an appropriate restricion enzyme, electrophoresed in an
agarose gel, and transferred to a nitrocellulose filter. Filters were hybridized
to the nick-translated insert of pVim-1 (Quax-Jeuken et al., 1983) or to one of
the previously described desmin-specific M13 probes (Quax et al., 1985b),
respectively. For pVim-1 it was found that the restriction enzyme EcoR1 gave
a good resolution of the mouse and human bands. In the case of the hamster
X human cell hybrids BamH1 gave the best results. The 12.5-kb human
EcoR1 fragment was detected in cell lines B and E. The 12.0-kb human
BamH1 fragment was found in lines H, K, and N (not shown). Comparison of
these results with the chromosome information of the hybrids (Table 2) and
calculation of a discordance score indicates that the vimentin gene (VIM) is
probably in chromosome 10. The only discordant is line E, which is negative
for chromosome 10, but positive for vimentin. About 10% of discordancy is
frequently observed among syntenic pairs of loci, especially when they hap-
pen to be situated wide apart on the chromosome, owing to an occasional
occurrence of chromosomal breakage and rearrangement in the interspecific
somatic cell hybrids (Ruddle, 1970). However, the use of another panel of
nine cell hybrid lines also favored the assignment of the vimentin gene to
chromosome 10.

The specific desmin probe, desB, gave the best resolution between the
human bands and those of mouse or hamster with the restriction enzyme
Hind1l1l. The human 3.7-kb Hindl11 fragment formed a relatively more
intense band in cell lines K and M than in lines L and P (not shown). The data
in Table 2 exclude every other chromosome but chromosome 2 for localiza-
tion of the desmin gene. In the mouse X man panel no cell line was positive
for human desmin, which is consistent with its assignment to chromosome 2.
The isocitrate dehydrogenase-1 (IDH-1) and malate dehydrogenase-1
(MDH-1) were used as chromosome 2 specific enzyme markers (Herbschleb-
Voogt et al., 1981a) in the present study. Both these markers were found to be
absent in the mouse X man panel, while their pattern of segregation and
relative intensities of expression in the individual hybrids belonging to the
hamster X man panel was paralleled by that of the human 3.7-kb Hind 111
band mentioned previously. Such a consistent dosage relationship between
the gene products expressed in a set of hybrids exhibiting the segregation of
human chromosomes has been suggested to provide additional evidence that
the concerned loci are situated on the same human chromosome (Westerveld



Table 2. Distribution of Human Chromosomes in Cell Hybrids Segregating Vimentin and Desmin Genes®

Human chromosome

Clone 1 2 3 4 5 6 7 8 9 10 I1 12 13 14 15 16 17 18 19 20 21 22 X VIM DES

A PG Me 1-1 + + + + + + + o+ + o+ + + o+ + o+ o+ o+ o+

B PG Me 4-1 + + + 4+ + 4+ + + o+ o+ + 4+ + + 4+ + +

C PG Me 5-1 + + + 4+ + +

D PG Me 6-1 +

E PG Me 13-1 + + + + + + + 4+ + + + +

H a3y 14-2 + + o+ 0+ + + 0+ + + + + 4+ o+ + o+ o+ o+ +

I a3Y 13-1 + + + + + + + + + + 4+ + o+ o+ +

J a3G 5-2 + + + + + + + 4+ 0+ + +

K E36 33.7-2 + 4+ o+ 4+ + + + + + o+ o+ + + +

L E36 33.11-2 + o+ + + o+ 4+ o+ 4+ 4 + + + +

M E36 10 CB 1-2 + + + + + + + + + + + + + +

N E36 10 CB 22B2 + + + 4+ + + + + +

P E36 78-3-13-2 + 4+ + + + + + + + + +
Discordant #4[ Vimentn 9 7 4 8 6 5 8 5 3% 1 7 7 8 5 7 8 8 5 7 7 6 5 7

Desmin 4 0 7 6 7 6 710 8 6 8 8 7 6 6 5 7 4 8 8 7 8 6

aCell lines A—E are mouse X man hybrids and lines H-P are Chinese hamster X man somatic hybrids. Plus (+) indicates the presence of vimentin sequences, desmin
sequences, human chromosomes, and chromosome-specific isozyme markers. The lowest discordance for vimentin is with chromosome 10 and for desmin with
chromosome 2. The discordancy of line E—vimentin sequences detectable, but no enzyme marker present—may result from breakage and loss of a part of chromosome
10 in this line.
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and Meera Khan, 1972). In order to further confirm the localization of the
desmin gene on chromosome 2, we hybridized the hamster X human panel to
another DNA probe, which is known to be located on chromosome 2, namely
lens-y-crystallin. The crystallin probe hybridized with the same lanes and in
the same intensities as our desmin probe, strengthening the assignment of the
human desmin gene to chromosome 2.
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Actin

A REGULATOR OF CELL GROWTH AND
DIFFERENTIATION

Stephen R. Farmer

1. Introduction

Traditionally, nonmuscle actin has been considered a housekeeping gene,
constitutively expressed to form a microfilament network that is necessary to
maintain cell shape and allow movement. This chapter provides evidence that
actin is not constitutively expressed, but is tightly regulated. It also presents a
speculative discussion, based on current research, which argues that actin is a
regulator of cell growth and differentiation. This regulation may be a direct
action on the nucleus or may be indirect acting through the microfilaments. A
comparison is also made between actin and other recently characterized reg-
ulatory proteins: the nuclear localized protooncogene products.

2. Cell Morphology and Growth and Differentiation

2.1 Cell Configuration

The requirement of some cells for a solid substrate upon which to grow
has been known for many years and is termed “anchorage dependence” (Mac-
Pherson and Montagnier, 1964; Stoker et al., 1968). Loss of this phenotype is
usually associated with transformation to tumorigenicity. Placing normal an-
chorage-dependent cells on a semisolid substratum (in suspension culture)
causes them to assume a rounded morphology and prevents contact with a
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solid support. The result is inhibition of proliferation and arrest in the G1
phase of the cell cycle (Otsuka and Moskowitz, 1975). In an attempt to under-
stand why normal cells are dependent on proper anchorage for growth, sev-
eral researchers have studied separately the roles of cell shape and contact.
The pioneering studies of Folkman and co-workers (Folkman and Green-
span, 1975; Folkman and Moscona, 1978) first demonstrated that cell shape is
a fundamental regulator of proliferation. These investigators varied cell con-
formation from flat to nearly round by culturing endothelial cells on poly(2-
hydroxyethyl methacrylate) poly(HEMA)-coated surfaces. By changing the
thickness of the poly(HEMA) coating, they were able to control the degree of
adhesiveness and thus the extent of cell spreading. A direct correlation be-
tween degree of spreading and growth rate, as measured by DNA synthesis,
was observed. Hence, the surface adhesiveness can direct cell shape, which in
turn influences a cell’s ability to proliferate. Other aspects of growth control
may also be explained by such a phenomenon. For instance, density-depen-
dent or cell-to-cell contact inhibition of growth may result from changes in
shape due to overcrowding.

It is unlikely that cell shape is the sole determinant in growth control. In
the poly(HEMA) studies, the extent of cell contact with the substratum was
also a variable. Investigations by Penman and co-workers (Ben-Ze'ev et al.,
1980) have therefore extended Folkman’s studies to show that surface contact
as well as cell shape has important effects on proliferation. Furthermore,
these investigators revealed that most of the macromolecular metabolism in
the cell is responsive to cell configuration (Benecke et al., 1978, 1980; Farmer
et al., 1978). When anchorage-dependent fibroblasts were placed in suspen-
sion culture, DNA, RNA, and protein synthesis were all markedly inhibited.
After reattachment of these cells to a solid culture dish surface, protein syn-
thesis recovered rapidly. This recovery required only cell contact and was
shape insensitive. In contrast, the recovery of nuclear events (DNA, rRNA,
and mRNA synthesis) was much slower and depended on extensive cell
spreading.

We must emphasize that in all these experiments there was a continued
requirement for growth factors supplied as serum. It is likely that the mecha-
nisms that control growth involve synergy between mitogenic factors and cell
configuration. Certain cells proliferate in response to different growth factors
when their configuration is changed by culturing on different extracellular
matrices. Corneal epithelial cells grown on plastic respond to fibroblast
growth factor (FGF), but not to epidermal growth factor (EGF), whereas when
cultured on collagen the same cells respond to EGF (Gospodarowitz et al.,
1978). In this system plastic induces a rounder configuration than collagen.

Differentiation of a variety of cells, both i vivo and in culture, requires
intimate association with an extracellular matrix, not only to initiate phe-
notypic change, but also to maintain the differentiated state (for review see
Hay, 1981; Kleinman et al., 1981; Bissell et al., 1982). During early embryo-
genesis the interaction of primitive streak mesenchymal cells with the basal
laminae facilitates migration of these cells, which is necessary for formation of
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the primary tissues. Coincident with these migratory events, the cells undergo
major shape changes, which are believed necessary for expression of differ-
entiated functions (Hay, 1981).

The early embryo is not easily accessible for biochemical analysis. There-
fore, most of our conclusions concerning the importance of cell configuration
in differentiation have come from a limited number of cell culture model
systems. These systems have provided some interesting insights into how cells
respond to signals derived from changes in cell configuration. Benya and
Shaffer (1982, 1983) found that dedifferentiation of adult rabbit articular
chondrocytes, brought about by serial subcultivation in monolayer culture,
could be reversed if the cells were maintained in suspension. Other investiga-
tors have manipulated shape by culturing cells on surfaces coated with specific
extracellular matrices. The studies of Emerman, Pitelka, and collaborators
(Emerman and Pitelka, 1977; Emerman et al., 1977) first demonstrated that
isolated mammary epithelial cells maintained their differentiated characteris-
tics only when plated onto the appropriate collagen matrix. More recently,
Bissell and co-workers (Lee et al., 1985) showed that plating these cells on
collagen gels has a profound effect on expression of the milk protein casein.
In the case of differentiation of 3T3 preadipocytes to adipocytes, the presence
of fibronectin dramatically alters cell shape and subsequently inhibits
lipogenic gene expression (Spiegelman and Ginty, 1983). In these examples
and others cited recently by Bissell et al. (1982), a striking feature of these
cell-matrix interactions is an alteration in cell configuration with an attendant
change in gene expression.

2.2. Cytoskeletal Organization

A recurring theme in many of the investigations cited in Section 2.1 is
that changes in cell configuration, induced by different degrees of attachment
to various surfaces, may directly affect organization of the cytoskeleton, and
that it is through the cytoskeleton that changes in gene expression are
effected.

Anchorage-dependent cells having well-controlled growth adopt a flat-
tened morphology in culture and contain well-ordered arrays of actin-con-
taining microfilaments. However, transformed cells usually lack or have re-
duced levels of such “stress fibers” (Pollack ez al., 1975; Goldman et al., 1977).
Addition of fibronectin to transformed cells leads to increased spreading and
to reorganization of the microfilament bundles (Yamada et al., 1976; Aliet al.,
1977). Other experiments suggest a close relationship between fibronectin-
and actin-containing filaments. When cells were treated with actin-depoly-
merizing agents, i.e., cytochalasin B or D, there was a rapid release of fibro-
nectin from the cell surface (Mautner and Hynes, 1977; Ali and Hynes, 1977;
Kurkinen et al., 1978). Double-label immunofluorescence demonstrated a
close correspondence between fibronectin on the exterior of the cell and actin
bundles on the interior (Hynes and Destree, 1978). The present view is that
the cell attaches to a surface or its extracellular matrix at specific contact
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points called adhesion plaques (Geiger et al., 1984). In these regions the bun-
dles of actin filaments are connected to fibronectin across the cell membrane
by some as yet unidentified transmmembrane component(s). With this model in
mind, it is reasonable to propose that the extracellular matrix elicits its func-
tional response during growth and differentiation by directly reorganizing
the cytoskeleton.

As mentioned in Section 2.1, the role of the many growth factors and
hormones must be incorporated into any proposal for growth regulation.
Most of these factors, such as EGF or insulin, elicit their response by binding
to surface receptors (Shecter et al., 1978, 1979). Edelman (1976) was the first
to propose that the cytoskeleton may modulate the mobility of mitogen recep-
tors and thus affect the mitogen’s ability to promote DNA synthesis. Since
then several studies have tested this idea. The involvement of the microtubule
system in this model is supported by the demonstration that colchicine and
colcemid, drugs capable of depolymerizing microtubuies, enhance the initia-
tion of DNA synthesis in mitogenically stimulated cells (Teng et al., 1977;
Freidkin et al., 1979; Otto et al., 1979). Other studies suggested that micro-
tubule depolymerization alone was sufficient to initiate DNA synthesis (Mc-
Clain and Edelman, 1980). These studies however, were performed in medi-
um containing serum making it difficult to determine the contribution of
serum factors. Crossin and Carney (1981a) addressed this by performing
similar experiments in serum-free medium and showed that microtubule de-
polymerization early in the cell cycle was sufficient to initiate DNA synthesis.
Furthermore, they (Crossin and Carney, 1981b) found that microtubule sta-
bilization by taxol inhibits the initiation of DNA synthesis normally elicited by
thrombin and EGF. In a similar manner, studies have implicated the micro-
filament system in the transmission of growth factor signals. Maness and
Walsh (1982) demonstrated that cytochalasin D disrupted the actin structure
of 3T3 fibroblasts and prevented quiescent cells from entering S phase even
in the presence of serum growth factors. Microtubules and microfilaments
may act independently or may interact to coordinate growth control. The
possible involvement of the intermediate filaments has not been investigated
mainly because drugs that specifically disrupt such structures are not avail-
able.

Cytoskeletal organization is probably also important in mediating the
effects of extracellular matrix on cytodifferentiation. In particular, the micro-
filament system has been implicated in transmiting various cell configuration
signals. Benya and Shaffer (1983) demonstrated that dedifferentiated chon-
drocytes reexpress differentiation specific collagen when grown as monolayer
cultures in the preserice of cytochalasin B. During the differentiation of 3T3
preadipocytes, cells undergo a major morphological change, which is accom-
panied by a decrease in the actin cytoskeleton as visualized by immunofluores-
cence (Spiegelman and Green, 1980) or electron microscopy (Novikoff et al.,
1980). Spiegelman and Ginty (1983) showed that preadipocytes cultured on
fibronectin fail to disassemble actin filaments and fail to differentiate. They
further showed that addition of cytochalasin D reversed the inhibition of
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differentiation by fibronectin. Thus, extracellular matrix-induced changes in
gene expression can be strongly modulated by drugs that alter cytoskeletal
structure.

3. Regulation of Actin Gene Expression

Involvement of the cytoskeleton in control of growth and differentiation
suggests the possibility that such mechanisms may depend directly on the
expression of the cytoskeletal genes. This notion was particularly inspired by
the observation that depolymerization of microtubules specifically inhibits
expression of tubulin mRNA (Ben-Ze’ev et al., 1979b; Cleveland et al., 1981).

Growth stimulation of cultured cells is accompanied by an increase in cell
rounding and motility. Studies were initiated to investigate whether actin
gene expression was also changed in response to the configuration changes
accompanying growth. Pardee and co-workers (Riddle et al., 1979; Riddle and
Pardee, 1980) had found that the induction of actin synthesis occurred within
a few hours after activation of serum arrested 3T3 cells. They suggested that
this may be a specific marker for passage from G0 to G1 of the cell cycle. To
relate such regulation directly to cell configuration changes, we analyzed actin
gene expression in cells that were growth-arrested following suspension in
methocel (see Section 2.1). We could show that actin gene expression under-
goes unique regulatory responses with respect to suspension and to cell reat-
tachment (Farmer et al., 1983). Suspension of 3T3 cells caused a specific
reduction in actin synthesis, which greatly exceeded the overall inhibition of
protein synthesis (Fig. 1). Upon reattachment, protein synthesis recovered
rapidly to 80—-90% of control values, whereas in the same interval actin syn-
thesis was induced 200% above control values. The enhanced synthesis of
actin was maximal 4—8 hr after reattachment and returned to control values
by 17-24 hr, prior to initiation of DNA synthesis (Fig. 1). This response is
very similar to that observed for the stimulation of serum-arrested cells (Rid-
dle et al., 1979; Riddle and Pardee, 1980) and suggests that suspended 3T3
cells may also be arrested in the GO phase of the cell cycle. Our studies
revealed that the induction of actin synthesis is due to an increased level of
actin mRNA in the cytoplasm, as judged by in vitro translation (Fig. 2) and by
hybridization to a specific actin cDNA (Fig. 3).

Since these initial observations on growth regulation of actin synthesis,
several other reports have appeared in the literature confirming that in-
creased expression of actin is associated with the GO—G1 transition (Campisi et
al., 1984; Elder et al., 1984; Greenberg and Ziff, 1984; McCairns et al., 1984).
More important, some reports have indicated that such regulation is at a
transcriptional level and may be mediated by specific growth factors. Activa-
tion of quiescent AKR-2B mouse embryo cells with EGF resulted in a rapid
and specific induction of both B- and y-actin mRNA production, reaching
maximal levels 2—4 hr after stimulation. The response was transient, since the
levels of actin mRNA declined as cells entered S phase (Elder et al., 1984).
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Figure 1. Synthesis of actin at different times after the reattachment of suspended 3T3 cells. 3T3
fibroblasts suspended in Methocel for 8 days were allowed to reattach to a culture dish surface for
the times shown and were pulsed with [35S}methionine for 45 min. Cytoplasmic proteins (equiv-
alent to equal amounts of radioactivity) were analyzed on a 10% polyacrylamide SDS gel. The
relative rate of actin synthesis was quantitated by scanning the gels and is expressed as a percent-
age of total protein synthesis. The insert is the actin region of the gel used to derive these data. C,
control cells; S, suspended cells. Data are from Farmer ef al., 1983.

Nuclear runoff transcriptional assays revealed that mRNA accumulation is
preceded by an increase in actin gene transcription.

Greenberg and Ziff (1984) also noticed dramatic changes in actin gene
transcription in response to other growth factor signals. Within minutes of
administering growth factors [i.e., 15% calf serum; platelet derived growth
tactor (PDGF); FGF; or 12-0-tetradecanoylphorbol-13-acetate] to quiescent
3T3 cells, there was a large increase in transcription of actin and also of c-fos,
a protooncogene; c-fos transcription transiently increased more than 15-fold
by 15 min after stimulation, returning to its initial levels by 30 min. Actin gene
expression was more complex. An initial increase and subsequent decrease
paralleled that of c-fos. However, after 60 min actin transcription again in-
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Figure 2. Analysis of actin mRNA levels in 3T3 cells by in vitro translation. Equal amounts of
polyA+ RNA isolated from 3T3 cells maintained under different culture conditions were trans-
lated in a reticulocyte lysate in vitro system, and synthesized polypeptides were analyzed on a 10%
polyacrylamide SDS gel. E, endogenous background; C, control; S, suspension; 8, 8 hr after
reattachment. Data from Farmer et al., 1983.

creased, reaching a second peak at 2—4 hr before returning to the quiescent
level prior to initiation of DNA synthesis. This second peak of activity proba-
bly corresponds to the actin mRNA increases observed previously by others
(Farmer et al., 1983; Campisi et al., 1984; Elder et al., 1984; McCairns et al.,
1984). The very early response paralleling c-fos transcription is interesting
and certainly raises many important questions, which will be discussed later.
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lated from 3T3 cells maintained under different
culture conditions was analyzed by Northern
blot hybridization using an actin ¢cDNA clone.
Cs and Cyg, 5 and 10 pg, respectively, of control
RNA; S, 10 ug suspended-cell RNA; 8, 10 pg of
RNA from cells reattached for 8 hr.

) - Figure 3. Hybridization analysis of actin mRNA
. ” levels in 3T3 fibroblasts. Total cellular RNA iso-

Such a rapid response has recently been observed by Getz and co-workers (M.
Getz, personal communication) in their studies on the effect of EGF on actin
gene expression. It appears, therefore, that the specific stimulation of actin
transcription during the GO—G1 transition, initiated by various growth fac-
tors, is biphasic.

We have recently embarked on a study of growth regulation in vive using
liver regeneration as a model system and have also observed a biphasic change
in actin mRNA production (Fig. 4). Removal of two-thirds of the rodent liver
triggers a controlled regrowth, which involves stimulation of all the remaining
quiescent hepatocytes to leave GO and enter the cell cycle. DNA synthesis
occurs approx 24-36 hr after surgery. Analysis of actin mRNA levels at
various times after the hepatectomy revealed an initial peak of actin produc-
tion at 1-3 hr and the second peak at 12 hr (Fig. 4). This later change in actin
mRNA accumulation has also been observed by Friedman ez al., (1984). In
their studies, they stated that the increase was due to both transcriptional and
posttranscriptional regulatory mechanisms.

It is interesting that in most of the studies discussed here tubulin mRNA
levels did not change as a result of the GO—G1 transition. It is possible that if
tubulin mRNA levels do change, they do so at a much later stage of the cell
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Figure 4. Quantitation of actin and tubulin mRNAs during rat liver regeneration. Total RNA was
isolated from regenerating liver at different times (hr) after hepatectomy and equal amounts
were analyzed using the Northern blot hybridization procedure. The filter was hybridized first to
an actin cDNA (A) and then to a tubulin cDNA (B).

cycle, probably coincident with passage into S phase. This pattern of ex-
pression is particularly apparent during liver regeneration. Tubulin mRNAs
accumulate only 19—-36 hr after hepatectomy (Fig. 4). Since tubulin is not
expressed early, we suggest that the induction of actin gene expression is
specific and not simply a requirement for new overall cytoskeleton synthesis.
It is possible that there is a specific need early in the cell cycle for only the
microfilaments or just actin alone, but this is yet to be determined.

How growth factor signals are transmitted to the nucleus to initiate actin
and specific protooncogene transcription is presently of particular interest to
many investigators. The studies described here, which involve changes in cell
configuration, support the concept that the cytoskeleton plays a crucial role in
the mechanisms. A recent study comparing the response of 3T3 and 3T6
mouse fibroblasts to suspension culture provides even more support for this
hypothesis. 3T3 cells are more tightly growth regulated than 3T6 cells. 3T3
cells are more susceptible to contact inhibition of growth, grow to lower densi-
ties at confluence, and have a more normal spread fibroblast morphology
than 3T6 cells, which are considered minimally transformed. Mouse fibro-
blasts responded to suspension culture quite differently depending on their
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degree of growth regulation and expression of the transformed phenotype
(Wittelsberger et al.,, 1981). The inhibition of growth and macromolecular
metabolism was much less pronounced in the transformed cells. It is interest-
ing that we also observe a difference between 3T3 and 3T6 cells in the re-
sponse of actin synthesis to changes in cell configuration (Fig. 5). For exam-
ple, suspension culture caused a dramatic inhibition of actin synthesis in 3T3
cells, and subsequent reattachment initiated a rapid induction of actin syn-
thesis. The same culture manipulations with 3T6 cells had a significantly
diminished effect on actin synthesis.

Is it possible that the change in configuration of the microfilaments them-
selves is responsible for the regulation of actin gene expression? As men-
tioned previously, there is a precedent for the direct control of the cytoskele-
tal genes in response to the polymerization state of the corresponding
structural elements (Ben-Ze’ev et al., 1979b; Cleveland et al., 1981). Whether a
similar feedback mechanism exists for the microfilaments has yet to be thor-
oughly investigated. One study, by Tannenbaum and Godman (1983), dem-
onstrated that treatment of human hepatoma cells (HEp2) with cytochalasin
D induced an increase in actin production. These investigators have not pur-
sued this observation to determine whether such treatment alters actin gene
expression directly.
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Figure 5. Relative rate of actin synthesis during suspension and reattachment of 3T3 and 3T6
fibroblasts. Cells suspended for 3 days were allowed to reattach to a surface for 4 or 8 hr and were
pulsed with [35S]methionine for 30 min. (A) Equivalent amounts of radioactively labeled poly-
peptides were electrophoresed on a 10% polyacrylamide SDS gel. (B) Densitometric scan of gel
tracks C (dashed line) and 8 (solid line) corresponding to 3T3 and 3T6 cells.
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In the case of preadipocyte differentiation, as discussed earlier, it appears
that a change in cytoskeletal configuration is responsible for expression of
differentiated functions and is also controlled at the level of cytoskeletal pro-
tein gene expression. To investigate the temporal relation between adipocyte
morphological change and cytoskeleton synthesis, Spiegelman and Farmer
(1982) analyzed both parameters during differentiation. We observed that the
morphological change began 2-3 days after the culture reached confluence
and that 50% of the cells were affected after 4—5 days. However, decreased
actin and tubulin synthesis preceded this by at least 2 days. These decreases
were due to a specific reduction in the levels of actin and tubulin mRNAs in
the cytoplasm. The early occurrence of decreased cytoskeletal-protein syn-
thesis suggested that the subsequent biosynthetic events specific to adipocyte
differentiation may be influenced by alterations in the cytoskeleton. In fact,
Spiegelman and Ginty (1983) were able to show that there is an intimate role
for actin-containing structures in the differentiation process. In these studies
fibronectin prevented the breakdown of the microfilaments and inhibited
lipogenic gene expression, although actin gene expression was unaffected
This implies that the initial event in the adipocyte differentiation pathway is a
shutoff of actin and other cytoskeletal protein synthesis, which results in the
decay of the cytoskeleton, and this, in turn, facilitates lipogenic gene expres-
sion.

A very interesting recent study was performed by Gerstenfeld et al,
(1985) in which evidence was presented for a direct relationship between -
actin and fibronectin gene expression and determination of the phenotypic
characteristics of chicken fibroblasts and chondrocytes. These investigators
showed that treatment of these two cell types with Phorbol-12-myristate-13-
acetate (PMA) had opposite effects on cell morphology and -actin gene
expression. When fibroblasts are treated with PMA, they round up, form foci
of densely packed cells, and show decreased levels of mRNA coding for their
major actin isotype, B-actin. Similar treatment of floating sternal chondro-
cytes induces them to attach to the culture dish surface, to spread out, and to
switch the major expressed actin isotype from wy-actin to B-actin. The
chondrocytes also decrease expression of the cartilage-specific extracellular
matrix proteins, i.e., collagen type II, and start synthesizing collagen type I
and fibronectin. These studies suggest that B-actin gene expression is a phe-
notypic characteristic of cells with a dedifferentiated fibroblastic morphology.
Since such cells have stress fibers, it scems likely that B-actin is the major
component of these particular microfilament bundles.

4. Is Actin a Protooncogene?

The data described in Section 3 reveals that there is a correlation between
actin gene expression and the growth and differentiation state of cells. In-
creased actin mRNA production certainly is associated with the GO—G1 transi-
tion of cell growth, occurring both in culture and i vive. Furthermore, down-
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regulation of this gene coincides with terminal differentiation of a variety of
cells in culture (see Section 3) and in vive. This is particularly apparent during
the development of the liver (Friedman et al., 1984) and the brain (Bond and
Farmer, 1983).

This pattern of gene expression is also seen among a group of protoonco-
genes. Increased levels of the c-myc (Kelly et al., 1983; Campisi et al., 1984)
and c-fos (Greenberg and Ziff, 1984) transcripts are detected very soon after
activation of quiescent cells in culture. Interestingly, a recent study has also
shown that increased c-myc mRNA production accompanies the early stages
(within 1-3 hr) of rat liver regeneration (Makino et al., 1984). On the other
hand, c-myc expression was downregulated when F9 teratocarcinoma stem
cells (Campisi et al., 1984) were induced to terminally differentiate. Further-
more, both c-myc and c-myb mRNA expression was diminished during the
differentiation of certain hematopoietic stem cells (Westin et al., 1982a,
1982b; Craig and Bloch, 1984; Gonda and Metcalf, 1984). Thus, actin, c-myc,
c-myb, and c-fos gene expression is closely associated with the proliferative
state of cells.

Is it possible that expression of these genes is coordinately regulated and
involved in a common cellular function? In this regard, actin and c-myc share
another common feature, the involvement of a negative regulator of gene
expression. The induction of actin (Elder et al., 1984) and c-myc (Kelly et al.,
1983) expression by growth factors is potentiated significantly by cyclohexi-
mide. Such a superinduction can also occur independent of growth. In the
case of actin, Ringold et al., (1984) found that treatment of CHO cells with
cycloheximide alone induced a 2.5-fold increase in actin transcription. While
injection of cycloheximide into rats not only potentiated c-myc expression
during liver regeneration, it also increased c-myc expression in untreated rats
(Makino et al., 1984). These studies suggest that both actin and c-myc gene
expression is regulated by a very short-lived protein.

The close correlation between actin and protooncogene expression in the
early phases of cell growth raises the question of whether actin itself is a
protooncogene. It is interesting that the Gardner—Rasheed feline virus, desig-
nated v-fgr, encodes a fusion protein, a portion of which is homologous to a
128-amino-acid segment of actin (Naharro et al., 1984). This actin sequence is
fused to a protein-bearing extensive homology to the tyrosine-specific protein
kinase portion of v-yes. Whether the actin region of this oncogene is contrib-
uting to the transformation of the feline cells is not known. It is possible that
the aberrant actin segment directly causes disruption of the microfilaments.
Alternatively, the actin sequences may direct the tyrosine-specific kinase to
particular cytoskeletal target sites, or the actin region may not play any role in
the transformation.

However, a role for actin in maintaining normal cell growth has been
implicated from studies of clonal neoplastic cell lines derived by treatment of
human diploid fibroblasts with the chemical carcinogen 4-nitroquinolin-1-
oxide. The original transformed cell line, HUT-14, contained a mutant B-
actin that was initially identified by its abnormal electrophoretic behavior.
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The aberration was due to a single amino acid exchange of glycine to aspartic
acid at position 244 of the polypeptide (Leavitt and Kakunaga, 1980; Van-
derckhove et al., 1980). This biochemical change was accompanied by a subtle
reduction in incorporation of the variant $-actin into the detergent-insoluble
cytoskeleton of the HUT-14 cells. Actin was not the only protein change
observed in these cells; in fact, nearly 20% of the polypeptide species were
modulated during the neoplastic state (Leavitt et al., 1982b). Thus, it is possi-
ble that the mutation in B-actin may be a coincidence and may not contribute
to the transformed phenotype. However, later studies supported the evidence
that there is a role for the mutated B-actin in transformation. This conclusion
was derived from establishing subclones of the original HUT-14 cell line that
expressed a greater degree of anchorage-independent growth and tu-
morigenicity. These subclones were then injected into nude mice and formed
fibrosarcomas. From one fibrosarcoma a highly tumorigenic cell line,
HUT-14T, was derived. These cells expressed a more variant B-actin, which
differed from the original mutant polypeptide by an additional net negative
charge; it had a short half-life in the cell and a greatly diminished ability to
incorporate into the cytoskeleton (Leavitt et al. 1982a). Examination of sub-
clonal cells from intermediate stages of the HUT-14T derivation pathway
established a progression in expression of mutant B-actin: the more variant
the B-actin, the greater the degree of malignancy (Leavitt et al., 1982a). The
genes corresponding to these mutant and wild-type B-actins have been iso-
lated (Leavitt et al., 1984). It should now be possible, through DNA trans-
fection, to test whether a mutant B-actin alone is capable of transforming
cells.

Recently, Leavitt and collaborators (Leavitt et al., 1985) have also demon-
strated that an a-actin isoform is a transformation-sensitive marker for mouse
NIH 3T3 and Rat 2 cells. When these cells were transformed to tumorogeni-
city, either by exposure to carcinogenic chemicals or oncogenic DNA, the
accumulation of a-actin mRNA and a-actin synthesis was greatly inhibited.
These authors suggest that this transformation sensitive actin is the smooth
muscle a-isotype. However, they do state that they cannot exclude the pos-
sibility that it may be an as yet undefined a-actin isotype.

5. Mechanisms by Which Actin May Regulate Cell Growth and
Differentiation

It is apparent from these studies that actin plays a crucial role in the
control of cell growth and differentiation. Although the molecular basis of
this regulation is not clear, recent studies provide information to propose
some plausible working models.

Besides the apparent association of cell surface components with the
microfilaments at focal adhesion contacts (Geiger et al., 1984), it is likely that
most of the integral membrane proteins are linked to the underlying network
of cytoskeletal elements (Ben-Ze’ev et al., 1979a). The binding of growth
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factors to specific receptors may therefore trigger the growth response by first
altering cytoskeletal organization. A recent study demonstrated that addition
of PDGF to quiescent Balb/c-3T3 cells caused a rapid and reversible alteration
in the distribution of vinculin and actin (Herman and Pledger, 1985). Within
2-3 min after addition of PDGF, vinculin disappeared from the adhesion
plaques and accumulated in punctate spots in the perinuclear region. This
response was followed by disruption of actin-containing stress fibers. Vinculin
reappeared in adhesion plagues 60 min after treatment, whereas stress fibers
reformed only after 2—3 hr. These investigators also showed that this cyto-
skeletal reorganization was a specific response to PDGF and other compe-
tence-inducing growth factors. Factors required for progression through the
cell cycle (i.e., EGF and somatomedin C) did not elicit the response. In-
terestingly, EGF did cause a disappearance of vinculin from adhesion
plagues, only if the cells were pretreated with a low dose of PDGF that by itself
had no observable effect. This observation suggests that PDGF can sensitize
cells to the action of progression factors by imperceptibly destabilizing the
cytomatrix within adhesion plaques.

Fibroblasts transformed by Rous sarcoma virus have an altered distribu-
tion of vinculin. These cells express a transforming oncogene product,
pp60src, which is localized in the adhesion plaques (Rohrschneider, 1980).
pp60src is a tyrosine-specific kinase that phosphorylates vinculin (Sefton et al.,
1981). PDGF and EGF receptors also possess tyrosine-specific kinase ac-
tivities; pp60src, the growth factor receptors, and certain other protoon-
cogene products all phosphorylate a partially overlapping set of unidentified
cellular proteins at tyrosine residues (Heldin and Westermark, 1984).
Cytoskeletal proteins other than vinculin may be among the substrates for
such kinases. Thus, binding of a growth factor to its receptor may initiate
phosphorylation of specific actin-binding proteins. This single event, which
would lead to disruption of the microfilaments, may be the first step in the
transition from quiescence (G0) into G1. Differentiation may involve a similar
set of mechanisms, triggered by interaction of extracellular matrix proteins
with corresponding receptors. It will be interesting to determine whether, for
instance, the fibronectin receptor is also a tyrosine-specific kinase.

How the disorganization of cytoskeletal elements conveys information to
the nucleus is not clear. If the cytoplasmic filaments are attached to the nu-
cleus, then disruption of microfilaments may directly alter the configuration
of the nucleus. Alternatively, if the nucleus and cytoplasm compete for the
same pool of microfilament proteins, then changes in the polmerization state
of the cytoplasmic actin may dramatically affect nuclear actin function.

The existence of nuclear actin is now well established; however, the exact
conformational state of this actin is not known. A significant amount of nu-
clear actin can be extracted from oocytes in a nonpolymerized form (Clark
and Rosenbaum, 1979; Gounon and Karsenti, 1981). This feature may be
unique to such specialized cells. A series of ultrastructure studies combined
with biochemistry have recently revealed the presence of a nuclear matrix,
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which appears to be intimately involved in metabolic processes occurring in
the nucleus, i.e., DNA replication, RNA transcription and processing (for a
review see Berezney, 1983). A major protein associated with this structure is
actin (Capco et al., 1982). Recent studies suggest that the nuclear and
cytoplasmic matrices are physically associated as a result of the attachment of
intermediate filaments to the nuclear lamina (Fey et al., 1984). It is conceiv-
able, therefore, that extracellular signals are directed to the nucleus along a
converging system of cellular filaments. For instance, the microfilaments and
microtubules, which are in contact with the surface receptors, may transfer
their signals to the intermediate filaments, which in turn connect to the nu-
clear matrix.

An additional study implicates a direct involvement of nuclear actin in
the transcription of lampbrush chromosomes (Scheer et al., 1984). These
investigators microinjected actin-binding proteins and antiactin antibodies
into nuclei of viable oocytes of Pleurodeles waltii and demonstrated a selective
inhibition of transcription mediated by RNA polymerase II. They also
showed that extended meshworks of actin filaments appear in the vicinity of
the lampbrush chromosomes upon inactivation of transcription. It will be
important to repeat these experiments with somatic cells that have a defined
nuclear matrix.

It is likely that oocytes as well as somatic cells do have a nuclear matrix.
Such a structure is probably extremely dynamic, whereby actin and a variety
of other associated proteins undergo continuous gel—sol transitions. If the
matrix is in close association with chromatin (see Berezney, 1983, and Fey et
al., 1984) then such transitions may alter expression of transcriptionally active
genes. Interestingly, a recent report demonstrates that correct initiation of
transcription by RNA polymerase 1I in vitro requires a semipurified factor
that contains actin (Egly et al., 1984).

The very early induction of actin gene expression during the G0/G1
transition may be required to synthesize actin that is destined for the nucleus.
It is relevant that other protooncogene proteins expressed at this time are
nuclear associated. As discussed in Section 4, the early-induced proteins (ac-
tin, c-myc, ¢-myb, and c-fos) may serve a common function. In light of this
present discussion, such a function may involve association of the nuclear
matrix with active genes. A question that arises from such a notion is: what
would direct the GO/nuclear actin exclusively into the nucleus, after its trans-
lation in the cytoplasmic environment of microfilaments? A nuclear specific
actin-binding protein (fos, myc?) could be coordinately expressed with actin at
the GO/G1 period.

If there are different actin-containing structures in the cell, the existence
of only two nonmuscle actin proteins (§ and vy) would require that the actin-
binding proteins create the diversity. Further studies into the expression of
not only the actin genes, but also the actin-binding protein genes, during
growth and differentiation are necessary to determine whether this matrix
model is correct.
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The Actin Genes in
Caenorhabditis elegans

Michael Krause and David Hirsh

1. Introduction

The proliferation of research on Caenorhabditis elegans in 1974 included, as a
major point of focus, work related to myogenesis. C. elegans is an attractive
organism for such studies because the worm is amenable to both genetic and
biochemical dissection. As a result, there exists today a detailed description of
C. elegans muscle lineage and ultrastructure, a collection of mutants affecting
the ultrastructural organization of muscle, and numerous characterized
clones of genes encoding contractile proteins.

Motility in C. elegans is achieved by a striated body wall musculature that
runs the length of the worm just below the hypodermis (Sulston and Horvitz,
1977; Gossett et al., 1982). The embryonic and postembryonic lineages of all
95 adult body wall muscle cells are known (Sulston and Horvitz, 1977; Sulston
etal., 1983). Although the body wall musculature constitutes the predominant
muscle cell type, other muscle cells are found in C. elegans. Pharyngeal pump-
ing, which allows food to enter the gut, is due to 20 radially arranged muscle
cells surrounding the lumen. Additional muscles are involved in defecation,
peristalsis, hermaphrodite egg laying, and male copulation (Albertson and
Thomson, 1976; Sulston and Horvitz, 1977).

More than 22 genes, distributed on all six linkage groups, have been
identified by mutations that affect movement and muscle ultrastructure (Wa-
terston et al., 1980). The ultrastructural defects include misaligned thick and
thin filaments, filament paracrystals, irregular sarcomeric spacing, and abnor-
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mal thin and thick filament interdigitation (Mackenzie et al., 1978; Zengel and
Epstein, 1980a). The products of three of the genes have been identified. The
unc-15 I product is most likely paramyosin (Waterston et al., 1977). The unc-54
I product, representing the most thoroughly studied muscle locus in the
worm, is the major body wall muscle myosin heavy chain (MacLeod et al.,
1977a,b; Karn et al., 1984). The third locus represents an actin gene cluster
and is the focus of this chapter.

2. Genomic Organization

The cloning of the worm actin genes was simplified by the work of Kindle
and Firtel (1978), who had isolated a Dictyostelium discoidium actin cDNA clone.
This Dictyostelium clone, pDB1, could be used to isolate complementary se-
quences from a Lambda Charon-10—C. elegans genomic library because of the
evolutionary conservation of actin. Restriction maps of several recombinant
clones revealed four C. elegans actin genes in agreement with hybridization
data collected from genomic Southern blots.

Three of the actin genes are tightly clustered in a 12-kb segment of the
genome. The fourth actin gene is unlinked to the cluster (Fig. 1). A DNA
polymorphism exists adjacent to the three linked genes in C. elegans var.
Bristol and var. Bergerac, two interbreeding strains. The polymorphism, a
1600-bp insertion in the Bergerac strain, is due to the C. elegans transposable
element Tcl (Files et al., 1983; Rosenzweig et al., 1983; Liao et al., 1983). This
linked polymorphism was used as a phenotypic marker at the DNA level in
standard genetic crosses. The results of those crosses placed the cluster in a 2-
centimorgan region of linkage group V (Files et al., 1983). The DNA flanking
gene-4 was analyzed for polymorphisms in an attempt to genetically map the
fourth actin gene. No polymorphism was detected although the search ex-
tended approximately 40 kb to either side of gene-4.

Concurrent with the search for a gene-4-associated polymorphism was

Gene | Gene 2 Gene 3
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Figure 1. Genomic organization of the C. elegans actin genes. The direction of the arrow designat-
ing each gene indicates the direction of transcription.
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the development of a chromosomal in situ hybridization technique by Al-
bertson (D. Albertson, personal communication). Cloned unique DNA se-
quences flanking actin gene-4 were used in this technique to localize the gene
to the X chromosome (D. Albertson, personal communication). Data from
Southern blots comparing hermaphrodite (X/X) and male (X/O) DNA agree
with this assignment; hermaphrodites have twice as many gene-4 sequences
compared to males when normalized against the autosomal actin genes (L.
Donahue, personal communication).

The genomic organization of the C. elegans actin genes is unusual in that
clustered actin genes have been reported for only one other organism, Strong-
ylocentrotus purpuratus (Scheller et al., 1981). Of the 11 sea urchin actin genes,
two are within a 12-kb region of the genome and three are within a 30-kb
region. The remaining organisms with actin multigene families have dis-
persed genes. Drosophila, for example, has six actin genes distributed on three
of the four linkage groups (Fyrberg et al., 1981).

It is tempting to speculate that the clustering of the actin genes in the
worm reflects a coordinate regulation of these genes either temporally, spa-
tially, or both. Several instances of coordinately expressed gene clusters exist,
such as the chorion genes in the silkmoth and in Drosophila and the histone
genes in the sea urchin (Cohn et al., 1976; Spradling et al., 1980; Jones and
Kafatos, 1980). On the other hand, cases have been found in which tightly
clustered genes are not coordinately expressed. Examples include the human
globin genes and the Dictyostelium M-4 region genes (Kimmel, 1984).

No differences in the temporal expression of the four C. elegans have yet
been detected. There is, however, evidence (discussed in Section 8) suggesting
a coordinate regulation of gene-1 and gene-3. In addition, there appear to be
spatial differences in the expression of at least one gene of the cluster and of
actin gene-4. It remains to be seen whether these differences are a conse-
quence of the cluster—singlet arrangement of the genes rather than simply
coincidence.

Although the actin genes of Drosophila are dispersed in the genome, a
cluster of muscle-related genes has been described (Karlik et al., 1984). The
88F subdivision of the Drosophila chromosome includes an actin gene, two
tropomyosin genes, and three as yet unidentified myofibrillar protein-coding
regions. Apropos to this, the myo-3 gene of C. elegans, which encodes a body
wall muscle myosin, has been mapped to a region adjacent to the actin gene
cluster (Miller, 1985). This region also contains the sup-3 locus, an allele-
specific suppressor of the major body wall myosin gene, unc-54. It may be that
the clustering of this group of C. elegans muscle genes is related to a coordina-
tion of their expression.

3. Sequence Analysis

Coding and flanking regions of a gene are helpful in understanding gene
regulation. For actin, sequence data are also valuable for making comparisons
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to the numerous actins or actin gene sequences from other organisms. Such
comparisons address questions pertaining not only to expression but to actin
function and evolution as well.

The dogma that emerged from studies on vertebrate actins is that there
are cell-specific actin isoforms and, therefore, a cell-specific expression of
actin genes (Vandekerckhove and Weber, 1978a,b). The most general distinc-
tion of actin isoforms is the differentiation between muscle and cytoplasmic
actins. Each of these two actins has specific amino acid residues at several
positions characteristic of the isoform. It was of interest to see whether C.
elegans, comprised of both muscle and nonmuscle cells, shared these sequence
distinctions with the vertebrates. As many of the diagnostic residues are lo-
cated in the amino-terminus of the protein, the initial sequencing efforts
focused on the 5’ ends of each gene (Files et al., 1983). Translation of the
coding sequence showed that, like Drosophila, worm muscle and nonmuscle
actin isoforms could not be distinguished by the diagnostic amino acid resi-
dues found in vertebrates (Fyrberg et al., 1981). Subsequently, all four C.
elegans actin genes were sequenced in their entirety. Rather than reiterate the
sequence reported elsewhere (Wild and Hirsh, 1985), the gene sequences are
compared schematically (Fig. 2).

Comparison of the nucleotide sequences from the four genes reveals a
remarkable conservation. Genes-1 and -3 are identical within the coding re-
gion as well as in 26 of 27 bp preceding the translational start codon. The
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Figure 2. Nucleotide sequence comparison of C. elegans actin genes. All genes are compared to
gene-1. Open boxes indicate regions of complete homology; vertical lines indicate single nu-
cleotide differences; stippled boxes indicate regions of nonhomology. Positions in which nu-
cleotide changes result in amino acid substitutions are indicated by solid triangles. Introns are
shown in boxes above each gene with the intron length indicated in bp.
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nucleotide sequence of gene-2 is 96% homologous to that of gene-1 or -3;
gene-4 is 94% homologous to gene-1 or -3 (Wild and Hirsh, 1985).

The homology among the four genes is even greater at the amino acid
level. Only 3 of the 35 nucleotide substitutions in gene-2 relative to gene-1 or
-3 result in amino acid changes (Table 1). All three amino acid changes are
conservative. Although gene-4 shows the least homology to gene-1 or -3 at the
nucleotide level, only one nucleotide difference results in an amino acid
substitution.

All four actin genes contain introns (Fig. 2) (Wild and Hirsh, 1985).
Genes-1, -2, and -3 share introns interrupting amino acid codon 64, while all
four genes have an intron interrupting codon 324. The introns at both posi-
tions are small, ranging in size from 48 bp to 55 bp. In addition to the
conservation of intron position, genes-1 and -3 have homologous intron se-
quences with two exceptions, a 1-bp insertion and a single base change, both
in the 3’ intron of gene-3. Gene-4 has two uniquely positioned introns, one
2081-bp intron between codons 19 and 20 and another 45-bp intron between
codons 264 and 265.

There are two other conspicuous intron-related sequences associated
with the C. elegans actin genes. Both genes-1 and -3 have consensus 3’ intron
splice sequences just upstream (-28) of the initiator AUG. If these sequences
demark a bona fide intron, then the putative promoter sequences of these two
genes (Table 2) would be spliced out. Each of these two genes have been
sequenced for at least 800 bp 5’ to the translational start site. Introns in the 5’
untranslated region have been reported for many actin genes, including those
of Drosophila, sea urchins, and chickens (Fyrberg et al., 1981; Shott-Akhurst et
al., 1984; Patterson et al., 1984). In addition, alternative splicing of 5’ introns
has been demonstrated to juxtapose different promoter sequences upstream
of a myosin light-chain coding region (Nabeshima et al., 1984). Although 5’
consensus intron splice sites can be found upstream of genes-1 and -3, their
use in intron excision would not result in the juxtaposition of consensus
promoter sequences upstream of the initiator methonine for either gene.
There is no evidence to suggest that alternative splicing is involved in the
expression of the C. elegans actin genes.

Typical eukaryotic promoter sequences (CAAT and TATA) are found
upstream of most of the C. elegans genes sequenced to date (Benoist and

Table 1. Amino Acid Substitutions in C. elegans
Actin Genes

Amino acid position

4 152 262
Gene-1 and -3 - Glu Val Met
Gene-2 Asp Ile Leu

Gene-4 Glu Val Leu
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Chambon, 1981; Corden et al., 1980; Kramer et al., 1985; Blumenthal et al.,
1984). Three of the four actin genes have such sequences at the appropriate
spacing 5’ to the start of translation (Table 2). Actin gene-2 is the exception. A
TATA box with poor homology to the consensus sequence is found at posi-
tion -41. The absence of a consensus TATA sequence in front of gene-2 may
be significant in that gene-2 transcripts are relatively low in abundance (dis-
cussed in Section 4).

Genes-1, -3, and -4 have one or more polyadenylation signal sequences
(AATAAA) at variable positions downstream of the termination of translation
(Proudfoot and Brownlee, 1976; Wild and Hirsh, 1985). Again, gene-2 is the
exception (Table 2). No such sequence is found in the 420 bp examined 3’ to
the gene-2 termination codon. A search of this region failed to reveal any
putative 5 intron splice junctions, suggesting that an intron-mediated jux-
taposition of a polyadenylation signal is unlikely. The sequence AATAA does
occur 145 nucleiotides downstream from the ochre codon and may serve as
the polyadenylation signal for this gene. Although rare, AATAA sequences
have been implicated as signal sequences for both an Oxytricha and yeast actin
gene (Kaine and Spear, 1982; Ng and Abelson, 1980). This sequence is also
present downstream from the open reading frame of the C. elegans trans-
poson, Tcl (Rosenzweig et al., 1983).

In Drosophila and mammals the differential use of 3’ polyadenylation sites
downstream of some myofibrillar protein coding regions results in multiple
transcripts from a single gene (Falkenthal et al., 1985; Nadal-Ginard et al.,
1985). Although we are unsure which polyadenylation signal is recognized
downstream of the C. elegans actin genes, the homogenous transcript lengths
suggest the use of only one.

The sequence identity of genes-1 and -3 points to a recent duplication or
gene conversion event involving these two genes. The phenomena of meiotic
recombination and gene conversion in tandemly repeated genes have been
implicated as important mechanisms leading to both convergent and diver-
gent evolution of gene families (Nagylaki and Petes, 1982; Klein and Petes,
1981). It is unclear how applicable these arguments are to the C. elegans actin
genes. The extreme evolutionary conservation of actin gene sequences across
species suggests that there are severe enough constraints on the protein prod-
uct that cluster-enhanced gene conversion would be an insignificant mecha-
nism for maintaining homogeneity. Similarly, the multifunctional domains of
actin might limit the degree of tolerable divergence. The fusion of two or
more slightly diverged actin sequences via gene conversion or recombination
to generate a widely different gene product might be lethal. This considera-
tion makes it difficult to interpret the importance of clustering on actin gene
sequences in general.

Gene-2 has 96% nucleotide homology to genes-1 and -3. The 35-bp sub-
stitutions are predominantly in the third base (wobble) positions and dis-
tributed throughout the gene. This suggests that divergence of gene-2 rela-
tive to genes-1 and -3 is due to genetic drift rather than recombination-based
mechanisms. This is somewhat surprising in view of the location of gene-2
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within the cluster. It is interesting that approximately 10% of the nucleotide
substitutions in gene-2 result in amino acid changes. Such a high rate of
amino acid substitutions relative to gene-4 could be explained if gene-2 repre-
sents an insignificant member of the C. elegans actin gene family. The selective
constraints on an insignificant protein product might be reduced. Recall that
gene-2 lacks conventional 5" and 3’ control sequences (Wild and Hirsh, 1985)
in addition to giving rise to the least abundant actin transcript.

Gene-4 is the least related of the four actin genes by the criteria of
nucleotide sequence and intron position. This implies that the separation of
gene-4 from the cluster primordium was a relatively ancient event and that
interchromosomal conversion events are rare. Since both genes-2 and -4 share
a leu codon for amino acid 262, it would appear that the ancestral lineage of
these two genes is closer than that of genes-1 or -3 and gene-4.

The relationship of gene organization, sequence, and intron position
among actin genes, in the context of actin gene evolution, has been well
reviewed by Buckingham and Minty (1983). A few points made by these
authors are worth reiterating in considering the evolution of C. elegans actin
genes. First, the size of actin gene families tends to expand with increasing
organism complexity. Yeast has one actin gene, Drosophila six, and chickens
more than seven (Ng and Abelson, 1980; Fyrberg et al., 1981; Cleveland et al.,
1980). C. elegans, with four actin genes, fits this pattern. Second, C. elegans and
Drosophila both have striated muscle, yet neither organism has the charac-
teristic vertebrate muscle and cytoplasmic actin isoform distinctions. These
distinctions may, therefore, reflect an evolutionary split between the pro-
tostomes and deuterostomes unrelated to functional differences in the pro-
tein itself. Finally, the C. elegans actin genes have a relatively small number of
introns. This, in conjunction with the shared position of one of the introns
with soybeans, supports the notion that the evolution of genes is accompanied
by a net loss of introns (Fyrberg et al., 1981).

4. Transcription

There are three size classes of actin transcripts in C. elegans regardless of
whether total or polyA RNA is analyzed. The sizes of the transcripts, based on
glyoxal gels, are 1450, 1550, and 1650 nucleotides. Gene-specific probes sub-
cloned from the 3’ untranslated region of each gene have been used to dis-
tinguish the transcripts (Fig. 3).

Each gene gives rise to a unique size of transcript. The 1450 class is
comprised of transcripts from both genes-1 and -2; the 1550 class is com-
prised of gene-3 transcripts; the 1650 class is comprised of gene-4 transcripts.
These sizes are in agreement with the relative sizes predicted from the se-
quencing data.

It is difficult to quantitate accurately the relative abundance of each tran-
script. The small and variable lengths of the gene-specific probes (Fig. 3)
result in different and variable efficiencies of hybridization and cannot be
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used to accurately reflect relative amounts. Estimates of transcript levels must
rely, therefore, on whole gene probes. For genes-3 and -4 this is not a problem
as each gene gives rise to a unique-sized transcript. Gene-1 and -2 transcripts,
however, are the same size, making it difficult to determine the relative contri-
bution of each of these genes to the 1450-nucleotide-size class of actin tran-
scripts. Given these caveats, we estimate that transcripts from genes-1, -3, and
-4 are all approximately equal in abundance. Gene-2 transcripts are clearly
the least abundant. These estimates are based on total RNA isolated from
whole worms and do not reflect spatial differences in transcript distribution.

A convenient way of mapping transcriptional start sites for most genes is
to assay S1 nuclease sensitivity of 5’ gene restriction fragments hybridized to
complementary transcripts. The high degree of sequence conservation
among the four actin genes of the worm, in conjunction with the short 5’
leader sequences, makes S1 mapping difficult. A unique 5’ gene fragment was
available for gene-4. The results of the gene-4 S1 experiments placed on the
transcriptional start at nucleotide -41.

An attempt was made to map the 5’ ends of genes-1 and -3 with Sl
nuclease. Recall that these two genes are identical in sequence within the
coding region as well as in 26 of 27 uncleotides upstream of the initiator AUG.
The result of the S1 mapping for these two genes was a unique start site at
nucleotide -24. This could indicate that both genes share a common start site
even though they differ with respect to the locations of CAAT and TATA
sequences (Table 2). An alternative explanation exists. Both genes-1 and -3
have a consensus 3’ intron splice sequence ending at position -22. If this splice
site 1s used, and the intron is bigger than 800 bp, the 5’ restriction fragment
used for the S1 experiment would not span the intron sequence, resulting in a
fortuitous start site at approximately -24.

The temporal expression of the C. elegans actin genes was examined by
Northern blot analysis. Total RNA was isolated and analzyed from mixed-
stage embryos, gravid adults, and at 12-hr intervals between these two ex-
tremes. No fluctuations were detected in the relative amounts of the four
actin transcripts. As the embryo population was asynchronous, temporal fluc-
tuations of transcript abundance associated with early aspects of myogenesis
would not be detected. Total worm RNA preparations also fail to address
spatial differences in transcript abundances.

One method of examining the spatial distribution of transcripts is tissue
dissection and subsequent RNA isolation. C. elegans, because of its small size,
makes tissue dissection a tedious task. Nonetheless, Blumenthal et al. (1984)
were able to separate intestines, gonads, and body walls in an attempt to
localize vitellogenin gene transcripts. As a control for the dissection, an actin
cDNA clone was used to probe Northern blots of the isolated RNAs. Actin
transcripts were abundant in both the gonad and body wall preparations, as
expected. Surprisingly, intestinal preparations had a paucity of actin message
despite a well-defined brush border (N. Wolf, personal communication). The
localization of individual actin transcripts could not be determined since the
cDNA clone cross-hybridized to all four actin transcripts.
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In situ hybridization is another approach to the study of tissue-specific
expression. Although the resolution of current methods is limited in C. ele-
gans, available techniques have yielded information on the spatial distribution
of actin transcripts. Using a cross-hybridizing probe from the coding region
of actin gene-3, Edwards and Wood (1983) demonstrated a quantitative dif-
ference in expression. The relative amounts of actin message in different
tissues were, in decreasing abundance; body wall, pharynx, gonad, and intes-
tine. The low level of actin transcripts in the intestine is in agreement with the
dissection experiments discussed in this section.

Embryonic actin gene expression was also examined using squashed
zygotes to circumvent eggshell impermeability (Edwards and Wood, 1983). A
threefold increase in actin message was observed between 2 and 6 hr of
development. This time period encompasses most of embryonic development
up to the 550-cell stage. The first stages of myogenesis occur at about the 400-
cell stage (Gossett et al., 1982).

We have also used in situ hybridization to whole worm squashes in an
attempt to examine the spatial distribution of the actin transcripts. The meth-
od used is a modification of several previously described procedures but is
based on that reported by Edwards and Wood (1983). Hybridization patterns
observed with nonspecific actin gene probes are shown in Fig. 4. The pattern
of hybridization is the same for probes derived from the coding region of
each of the four actin genes. Each probe hybridizes intensely to lateral regions
of the animal which is coincident with body wall muscle. Hybridization to the
gonad is also detected with the heaviest distribution of grains being in the
distal arm. Only slight hybridization is detected in the intestine. These results
are expected and in agreement with the earlier work cited above in this
section.

Although the predominant hybridization of the actin probes is seen in the
position expected for body wall muscle, the optics of in situ preparations do
not allow a direct correlation to be made. To demonstrate that lateral bands
result from body wall muscle cell hybridization, a A-phage clone of part of the
unc-54 gene, which encodes a body wall muscle specific myosin heavy chain,
was used (Karn et al., 1984). Hybridization with this probe was localized spe-
cifically to the lateral regions of the animal analogous to that seen for the actin
probes.

Individual members of actin multigene families are usually differentially
expressed, either temporally, spatially, or both. At least 4 of the 17 Dic-
tyostelium discoidium actin genes show differential expression during the life-
cycle (McKeown and Firtel, 1981). All six of the actin genes of Drosophila show
a distinct temporal or spatial pattern of expression (Fyrberg et al., 1983). The
tissue specificity of vertebrate actin isoforms implies that there is at least a
spatial regulation of actin gene expression (Vandekerckhove and Weber,
1978a,b). It seems that the actin genes of C. elegans are also differentially
expressed, at least spatially.

In quantitative terms, there are different levels of actin message in differ-
ent tissues. For example, the level of actin message in adult intestinal cells is
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Figure 4. In situ hybridization. An $35-labeled probe subcloned from the coding region of actin
gene-1 was hybridized to actin message in a partially dissected worm preparation. The specimen
was viewed with bright field (A) and epifluorescence (B) to visualize autoradiographic grain
distribution and DAPI staining, respectively. Tissue designations are BWM, body wall muscle; G,
gonad; I, intestine. Autoradiographic exposure was for 3 days.
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very low relative to body wall muscle cells. Moreover, actin gene-2 transcripts
are present in low abundance relative to the three other actin messages in total
RNA preparations. This low abundance might reflect tissue-specific ex-
pression. Alternatively, the low abundance may result from the absence of
conventional 5’ controlling sequences (Table 2). Certainly, the former pos-
sibility is the more interesting. It is possible that gene-2 encodes a pharyngeal-
specific actin isoform. A pharyngeal-specific myosin has been demonstrated
in C. elegans (Zengel and Epstein, 1980b).

There is genetic evidence that gene-1 and gene-3 encode body wall mus-
cle actins (see Section 7). If separate muscle and cytoplasmic actin isoforms are
encoded for in C. elegans, then gene-2 and/or gene-4 must be cytoplasmic
actin genes. One would expect the cytoplasmic actin message to be relatively
abundant suggesting that gene-4 is a more likely candidate than gene-3 for
the cytoplasmic actin gene. If genes-1 and -3 encode body wall muscle actin
and gene-4 encodes cytoplasmic actin, the implications on tissue-specific iso-
forms is significant. The amino acid sequences derived from C. elegans actin
gene-1 and -4 differ by only one residue at position 262 (Wild and Hirsh,
1985). This amino acid substitution (met to leu) is conservative and seems, a
priori, to be too subtle to account for functional differences between muscle
and cytoplasmic actin. This implies that tissue-specific actin isoforms may be
functionally mterchangeable. Evidence for the incorporation of a chicken
cardiac muscle actin into the cytoskeleton of transformed fibroblasts (Gun-
ning et al., 1984) as well as incorporation of injected brain actin into sar-
comeres (McKenna et al., 1985) suggests that vertebrate isoform substitutions
are possible.

5. Translational Products

One advantage of studying actin gene expression is that actin is an abun-
dant cellular constituent and therefore amenable to biochemical analysis. Al-
though the study of C. elegans actin isoforms is not extensive, information
does exist about the translational products of the actin genes (Landel, 1983).

Depending on the method of solubilization, C. elegans has two or three
actin isoforms. These proteins have been identified as actin because of their
molecular weight, acidic pI, and DNAse affinity. Homogenization of whole
worms by sonication results in two actin isoforms detected by two-dimensional
gel electrophoresis, termed A and C in order of descending pl (Fig. 5). A
third isoform of intermediate pl, termed B, can be resolved when homoge-
nization is accomplished by boiling whole worms in SDS.

In order to resolve the discrepancy in isoform number, actin mRNA was
hybrid-selected by DN A—cellulose affinity chromotography (Noyes and Stark,
1975; Childs et al., 1979) and translated in vitro (C. Landel, Ph.D. dissertation).
Three isoforms, with properties identical to isoforms A, B, and C, are ob-
served (Fig. 5). This suggests that the absence of isoform B from sonicated
worm preparations is due to insolubility of isoform B-dependent cytostruc-



Figure 5. C. elegans actin isoforms. Two-dimensional gel electrophoresis was used to separate
actin isoforms. Sonication extracts (A) yield isoforms A and C: boiling SDS extracts (B) yield
isoforms A, B, and C. Panel (C) is an autoradiograph of in vitro translation products of hybrid
selected actin message; isoforms A, B, and C are detected.
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tures in this method of extraction. A correlation has not yet been made be-
tween the three actin isoforms and the four actin genes.

It was of interest to determine which of the three isoforms represented
cytoplasmic actin. Presumably the predominant actin isoform in unfertilized
eggs is cytoplasmic. The availability of temperature-sensitive spermatogenesis
mutants in C. elegans makes oocyte isolation feasible. Only isoform C could be
detected when oocytes, from a spermatogenesis mutant, were labeled in vivo
with S35 and analyzed for actin isoform content (Fig. 6). Presumably, isoform
C represents a cytoplasmic actin although this classification need not exclude
the participation of isoform C in muscle structures as well. If gene-4 encodes
cytoplasmic actin, then isoform C must be comprised, at least in part, of the
product of gene-4.

6. Identification of Actin Mutants

Mutations are valuable for understanding both gene regulation and gene
product function iz vivo. For this reason, we were interested in characterizing
C. elegans actin mutants. The search for actin mutants was simplified by the
genetic mapping of the actin gene cluster. This allowed efforts to be concen-
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Figure 6. C. elegans oocyte actin isoforms. S35-labeled proteins were isolated from oocytes from a
temperature-sensitive spermatogenesis mutant and separated by two-dimensional gel elec-
trophoresis. Only actin isoform C is detected.



166 Michael Krause and David Hirsch

trated on only 1 of the 20 available genetic loci that were actin candidates
because of their effect on muscle cytoarchitecture.

Adjacent to the three clustered actin genes is a site of insertion of the
transposon Tcl in the Bergerac, but not the Bristol, strain of C. elegans (Files et
al., 1983). This strain-specific insertion results in a polymorphic actin re-
striction fragment pattern when comparing Southern blots of genomic DNAs
cut with a variety of restriction enzymes. We were able to determine the
approximate map position of the actin gene cluster by following the segrega-
tion of the polymorphism in two and three factor crosses (Hirsh et al., 1982).

The 2-centimorgan region containing the cluster of actin genes was also
the interval containing a locus in which mutations caused an uncoordinated
phenotype. The locus was defined by five mutations (st15, st22, st94, st119,
st120) isolated and characterized by Waterston et al. (1984) in a search for
dominant mutations affecting movement. In addition to dominance, these
mutants share a similar disorganization of body wall muscle thin filaments
and a high intragenic reversion frequency.

All five dominant mutations show the same pattern of body wall muscle
disorganization with the degree of severity increasing in homozygous com-
pared to heterozygous animals (Waterston et al., 1984). The nomally ordered
sarcomeric arrays are only occasionally discernible in the mutants. In addi-
tion, there is a characteristically irregular distribution of large patches of thin
filaments in each muscle cell. Polarization and electron microscopy have been
used to confirm the filament disorganization and reveal that there are also
thin filaments at oblique angles to the normal muscle lattice (Waterston et al.,
1984).

Although all five dominant mutations cause severe body wall muscle
defects, only one, st15, has an effect on pharyngeal muscle organization. In
stl15 homozygotes, the radially oriented myofilaments of the posterior phar-
yngeal bulb are interrupted by circumferential thick and thin filaments (Wa-
terston et al., 1984). This abnormality causes an inefficient maceration of
ingested bacteria resulting in intact bacteria in the intestinal lumen. The slow
growth rate of these animals may result from this feeding abnormality (Wa-
terston et al., 1984).

Only three of the five mutations are homozygous viable; st119 and st120
abort as first-stage larvae when homozygous. All three homozygous viable
mutants have high intragenic reversion frequencies when compared to other
C. elegans genes in which reversion has been studied (Waterston et al., 1984). A
high intragenic reversion frequency is indicative of loss of function mutations
implying that the original dominant mutations were the result of a toxic gene
product. The coincident map position of the actin gene cluster and the five
dominant mutations suggested a mechanism by which a high-reversion fre-
quency could be explained. Namely, if the dominant mutations were actin
gene lesions, unequal recombination or gene conversion between the tandem,
nearly homologous genes could lead to repair or elimination of a toxic
product.

Relatively large (greater than 200 bp) genomic rearrangements resulting
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from these corrective mechanisms can be detected on Southern blots. Assum-
ing that the dominant mutations were in fact actin mutations, revertants of
the three homozygous viable mutants were screened for rearrangements in
the actin gene cluster. The initial screen of six sz15 revertants identified one
revertant, RW2246, which had an abnormal actin gene restriction fragment
pattern (Landel, 1983). The subsequent screening of 67 additional revertants
vielded three more events associated with DNA rearrangements. One,
RW2580, is a revertant of si22. The remaining two, RW2458 and RW2487,
are revertants of st94.

We assume that the five dominant mutations are indeed actin gene de-
fects resulting in toxic gene product production because actin gene cluster
rearrangements are associated with 4 of the 73 reversion events examined.
The basis for reversion in the 69 revertants lacking detectable actin gene
rearrangements is unclear. It seems likely that many are the result of non-
sense mutations or small deletions or insertions that eliminate the toxic gene
product. Alternatively, correction of the gene lesion could be accomplished by
gene conversion. The high degree of sequence homology among the three
clustered genes would make conversion events difficult to detect. It is also
possible that reversion could occur by second-site events. The lack of phe-
notype associated with the revertants precludes the opportunity to map these
events genetically (Waterston et al., 1984).

7. Actin Gene Organization in Revertants of Actin Mutants

The actin gene cluster of the four revertants associated with DNA rear-
rangements is diagramatically represented in Fig. 7. The schematic results
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gions involved in the rearrangements.
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from restriction maps of the revertant DNAs in conjunction with hybridiza-
tion data using a variety of small DNA probes from the unique sequences
which are interspersed among the actin genes. The resolution of this ap-
proach is limited to the available restriction sites and probes for any given
region, and therefore, the break points indicated for the recombination
events are only approximate. For simplicity, the hybrid genes have been des-
ignated in the following discussions by the numbers involved in the fusion.
The gene contributing the 5" most sequences is listed first.

Two of the revertants, RW2458 and RW2580, are accompanied by an
insertion and a deletion respectively (Fig. 7) (Landel et al., 1984). RW2458 has
a 500-bp insertion in the gene-1 region. Although the exact point of insertion
is unknown, it has been localized to the 3" region of the gene. It is assumed
that the insertion leads to reversion by reducing or eliminating a mutant toxic
gene-1 product. This implies that the original mutant, st94, is an allele of
gene-1. Likewise, the 600-bp deletion in RW2580 affects only gene-3, and by
the same argument, st22 is an allele of gene-3.

The remaining two revertants are accompanied by rearrangements that
involve more than one gene (Landel et al., 1984). RW2246 contains a deletion
that fuses the 5’ end of gene-2 with the 3’ end of gene-3 (Fig. 7). The 2/3
hybrid gene would be expected to be regulated as gene-2 because it retains the
gene-2 promoter region. Presumably the original mutation was within the
deleted region, making it impossible to determine whether the original muta-
tion, s¢15, is an allele of gene-2 or -3.

Gene-2 encodes a protein with three amino acid substitutions when com-
pared with either gene-1 or -3. All three codons for these substitutions are 5’
to a unique gene-2 restriction site. Preliminary evidence suggests that the
unique restriction site is retained in the 2/3 hybrid gene. That is, the protein
product encoded by the 2/3 hybrid gene is identical to the normal gene-2
product. The maintenance of a gene-2 product may reflect a vital and func-
tionally significant role for the three amino acid differences.

The fourth revertant, RW2487, is associated with a complex rearrange-
ment of the actin gene cluster (Fig. 7). The 5’ ends of genes-1 and -2 have
been inverted in addition to a fusion between gene-3 and the gene occupying
the former gene-2 site (Landel et al., 1984). The result is a pair of hybrid
genes: a 2/1 hybrid in the normal gene-1 position and a 1/3 hybrid in the
normal gene 3 position. It has not been determined whether the 2/1 hybrid
retains all three of the gene-2-specific amino acid codons.

Two of the four revertants, RW2246 and RW2487, result in a physical
reduction of the actin gene cluster to two rather than three genes. The other
two revertants, RW2458 and RW2580, presumably result in a functional re-
duction to two genes. The phenotypic differences between all four revertants
and wild-type animals are subtle (Waterson et al., 1984). This implies that
there is a degree of reiteration of actin gene function in C. elegans. This is not
surprising in light of the identical nucleotide sequence for genes-1 and -3
(Wild and Hirsh, 1985). In each revertant, the remaining functional gene pair
that is retained is comprised of a gene-2-like copy and either gene-1 or -3.
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8. Transcription in Revertants

The four revertants associated with actin gene cluster rearrangements
provide an excellent opportunity to study gene regulation at the transcrip-
tional level. Northern blot analysis of RNA isolated from the four revertants,
when hybridized with a nonspecific actin probe, shows that each revertant has
an abnormal transcriptional pattern (Figs. 8 and 9). Gene-specific probes (Fig.
3) were used to identify individual transcripts and correlate the genomic
rearrangements with the abnormal transcriptional patterns. 'The results of the
revertant transcriptional patterns are summarized in Table 3. It should be
noted that the transcriptional pattern seen in gravid adults is probably due to
the embryonic content of these animals rather than a reflection of changes in
adult steady-state levels of actin transcripts. If this is true, then the changes in
. transcript abundance are indicative of regulatory difference between embry-
onic and postembryonic stages. Although the nature of this difference is
unknown, the independent fluctations in transcript levels derived from the
actin gene cluster suggest that these genes need not not be uniformly
expressed.

The revertant RW2458 contains a 500-bp insertion in the gene-1 region
(Fig. 7). This insertion is derived partially, if not entirely, from the 3’ end of
actin gene-3 based on gene-3-specific probe hybridization patterns. The antic-
ipated effect of an intragenic insertion would be an abnormally sized gene-1
transcript, yet a transcript of normal gene-1 size is detected in this revertant.
The abundance of this gene-1 transcript, however, fluctuates during develop-
ment (Fig. 10). RW2458 mixed-staged embryos and gravid adults have near-
wild-type levels of gene-1 transcripts relative to the other three actin tran-
scripts. RW2458 larval stages show a dramatic decrease in gene-1 transcript
abundance. As Northern blots reflect steady-state levels of transcripts, it is
unclear whether the temporal fluctuation is due to a change in the rate of
gene-1 transcription or a change in the stability of the transcript. The size and
abundance of gene-2 and -4 transcripts appear normal.

Two other aspects of the revertant RW2458 are noteworthy. First, the
abundance of gene-3 transcripts is elevated above wild-type levels throughout
development (Fig. 10). Second, RW2458 animals have a fifth, low abundant,
actin transcript of about 900 nucleotides in length (Fig. 11). This transcript
hybridizes to the gene-3-specific probe, suggesting that the insertion of
gene-3 3’ sequences has resulted in a truncated hybrid gene transcript.

The transcriptional pattern of RW2580, which has a 600-bp deletion
covering part of the 3’ end of gene-3, is predictable. The 1550-size class,
corresponding to gene-3, is absent (Fig. 9). A truncated gene-3 transcript has
not been detected. The remaining transcripts all appear normal.

The revertant RW2246 is associated with a fusion of genes-2 and -3
(Landel et al., 1984). The 2/3 hybrid gene, having gene-2 5’ sequences, would
be expected to be regulated as gene-2. This is indeed the case. The level of
transcript abundance of the 2/3 hybrid gene is comparable to wild-type
gene-2 levels. The 2/3 hybrid transcript size is indistinguishable from that of
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Figure 8. Comparison of wild-type (N2) and revertant (RW2246, RW2458, RW2487) actin tran-
scripts. Total RNA was isolated from zygotes, larvae (24 hr), and gravid adults (60 hr). The RNA
was separated by glyoxal gel electrophoresis, transferred to nitrocellulose (Northern blot), and
hybridized with an actin gene-coding region subclone that cross-hybridizes to all four actin gene
sequences.
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Figure 9. Comparison of wild-type (N2) and
RW2580 actin transcripts. Total RNA was iso-
lated from mixed-stage N2 animals and embry-
onic and midlarval-stage RW2580 animals.
Northern blots of the RNA samples were probed
with a cross-hybridizing actin gene clone.
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Table 3. Wild-Type (N2) and Revertant Transcript Levelseb

Probe

Gene-1 Gene-2 Gene-3 Gene-4

N2 E +++ + +++ +++
L +++ + +++ +++

A +++ + +++ +++

RW2458 E ++ + ++++ +++
L + + ++++ +++

A ++ + ++++ +++

RW2580 E +++ + 0 +++
L +++ + 0 +++

A ND ND ND ND

RW2246 E +++ 0 + +++
L +++ 0 + +++

A +++ 0 + +++

RW2487 E ++ ND ++++ +++
L + ND ++++ +++

A ++ ND ++++ +++

<E, embryos; L, larvae; A, adult.
®ND, not determined; 0, not detected.

wild-type gene-3. This is as expected since the variation in size of the four
actin transcripts is due principally to differences in the lengths of the 3’
untranslated regions of each gene (Wild and Hirsh, 1985). No transcript is
detected with the gene-2-specific probe as this region is deleted in RW2246.

The sizes of the transcripts from genes-1 and -4 are normal in RW2246,
but the amounts are not. It seems, by circumstantial evidence, that both
gene-1 and gene-4 transcript levels are elevated in this revertant throughout
embryonic and postembryonic stages. The implications of such an event for
regulation of the four actin genes are significant, and their discussion, there-
fore, should await further proof.

The actin gene cluster rearrangement associated with RW2487 is compli~
cated and results in two hybrid genes. The development pattern of actin
transcripts, however, is indistinguishable from that of RW2458. The 2/1
hybrid gene shows variable levels of transcript during development (Fig. 8).
The RW2487 embryonic and gravid adult levels resemble wild-type gene-1
abundance, whereas RW2487 midlarval levels show a reduction to wild-type
gene-2 levels. As in RW2458, this temporal fluctuation may reflect changes in
either transcriptional rate or transcript stability. Gene-4 transcript levels ap-
pear unaffected.

The actin gene transcription patterns of the revertants, although com-
plex, are informative. Two revertants, RW2246 and RW2487, result in hybrid
genes under the presumptive control of a possibly inefficient gene-2 promot-
er (Table 2). In both revertants there is a reduction of the 2/X hybrid gene
transcript abundance to wild-type gene-2 levels at all postembryonic stages of
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2458 TOTAL RNA
Mid-larval Adult

Figure 10. Temporal fluctuations of actin gene-1 transcripts in RW2458. Total RNA was isolated
from either zygotic, midlarval, or adult-stage RW2458 animals. Northern blot lanes of the RNA
samples were bissected. Each half was probed with either a gene-1-specific probe (pCeA103) or a
cross-hybridizing actin gene clone (pCeA7).
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NORTHERN BLOT ANALYSIS OF RW2458

¢ 2

GENE 4

GENE | GENE 2 GENE 3

Figure 11. Actin transcript composition of midlarval RW2458 RNA. Total RNA was isolated from
midlarval RW2458 animals. Replica Northern blot lanes were bissected. Each half was probed
with either a gene-specific probe (pCeA103, 203, 303, 403) or a cross-hybridizing actin gene clone
(pCeA4). Arrows indicate the size of a novel actin transcript in this revertant.

development (assuming that gravid adult patterns are a reiteration of embry-
onic steady states). The two revertants differ with regard to hybrid transcript
levels in embryos. In RW2246 the abundance is again reduced to wild-type
gene-2 levels. In contrast, RW2487 embryos have a hybrid gene transcript
abundance comparable to that of a normal gene-1. A simple model of tran-
script regulation to explain these results is difficult to construct. It may be that
the 3’ sequence differences between the two hybrid genes are responsible for
the temporal differences in their expression. Two revertants, RW2458 and
RW2487, show a clear increase in the abundance of gene-3 (RW2458) and
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-1/3 (RW2487) transcripts. There is also evidence that RW2246 increases
gene-1 transcript abundance in conjunction with a decrease in gene-2/3 levels.
Recall that genes-1 and -3 encode identical protein products. These results
suggest that genes-1 and -3 can reciprocally compensate for each other tran-
scriptionally. Because the increase in the compensatory transcript abundance
is not temporally coincident with the deficient transcript (RW2458 and
RW2487 embryos), it seems that regulation between these two genes is depen-
dent on factors other than transcript abundance. The control of tubulin gene
transcription has been shown to be regulated by tubulin monomer concentra-
tions in a variety of systems (Cleveland et al., 1981; Ben-Ze’ev et al., 1979;
Weeks et al., 1977). It may be that a similar control mechanism is involved in
the regulation of the C. elegans actin genes.

The preliminary results of RW2580 are an apparent contradiction to this
conclusion. Gene-3 contains a 600-bp deletion in gene-3. One would expect
that gene-1 transcripts levels would increase to compensate for the absence of
an intact gene-3. The abundance of gene-1 transcripts, relative to gene 4, is
not elevated to RW2580. This raises an important point about the revertant
transcriptional analysis. The internal standard for transcript abundance is
gene-4 as it is unlinked to the rearranged cluster. This does not mean that
gene-4 is unaffected, transcriptionally, by the rearrangement. In fact, the
level of gene-4 transcripts may be elevated in the revertant RW2246. A similar
situation may exist in RW2580; that is, both genes-1 and -4 might be elevated
in abundance so that their relative amounts appear unchanged.

The other possibility is that both revertants, RW2246 and RW2580, have
normal gene-1 and -4 transcript levels. This would imply that the compen-
satory regulation between genes-1 and -3 is unidirectional rather than re-
ciprocal. That is, gene-3 transcript abundance can be increased in response to
deficient or defective gene-1 transcripts, but the inverse is not true. If this is
the case, then gene-1 transcripts would presumably have an increased trans-
latability to compensate for the lack of a gene-3 protein product. Such a
mechanism of interactive regulation among the two genes seems overly com-
plicated and therefore unlikely.

9. Future Prospects

The revertants of actin mutants have provided, and will continue to
provide, information on the mechanism underlying the developmental reg-
ulation of the C. elegans actin genes. One would also like to know the cause of
the original mutations. As the resolution of the genetic mapping for the
mutants does not distinguish between the three actin genes in the cluster, the
search for the site of the mutations becomes a formidable task. The revertants
can circumvent this problem by limiting the search to a small region or single
gene. Sequencing these defined regions will allow us to correlate directly
specific DNA lesions with their phenotypic defects. This approach can pro-
vide insight into aspects of both gene regulation and protein function. Hope-
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fully, we will be able to expand and expedite this approach by combining in
vitro site-directed mutagenesis with transformation to reintroduce mutant
gene copies and study their effects in vivo. The advantage of C. elegans for
such studies is that severe body wall muscle defects can be tolerated and
inherited thus allowing one to study a broad range of muscle component
mutations.
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Implications of Microtubule Polarity
for Microtubule Function

Ursula Euteneuer

1. Introduction

Microtubules (MTs) and actin filaments have an intrinsic molecular polarity
based on the unipolar stacking of their asymmetrical subunits. Filament polar-
ity is believed to be important for many cellular activities. For example, the
interaction of actin and myosin that produces shortening of the sarcomere in
striated muscle depends on the correct vectorial orientation of actin filaments
relative to myosin. While a convenient polarity marker for actin has been
available for over 20 years, similar biochemical tools became available for M T's
only a few years ago. The purpose of this paper is to summarize some obser-
vations on the relation between MT polarity and MT involvement in cellular
motility. For more complete accounts of M T biochemistry and physiology, the
reader is referred to recent overviews and monographs (Roberts and Hyams,
1979; DeBrabander and DeMey, 1980; Gunning and Hardham, 1982; Sakai
et al., 1982; Dustin, 1984; McKeithan and Rosenbaum, 1984).

2. Background and Methods for Determining MT Polarity

MTs are cylindrical cell organelles with a diameter of about 25 nm. They
are assembled from asymmetrical subunits, the aB-tubulin dimer which is the
functional subunit in MT assembly (Stephens, 1970; Fine, 1971; Everhart,
1971; Feit et al., 1971). The globular monomers that form the dimer have a
molecular weight of about 50,000 daltons each (based on amino acid composi-
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tion; Valenzuela et al., 1981; Lemischka and Sharp, 1982) and a diameter of
approximately 4 nm. The organization of subunits within the MT wall can be
seen in electron microscope images of negatively stained preparations (Fig. 1;
Amos and Klug, 1974). Within a MT, the dimers are aligned into protofila-
ments, 13 of which are required to form a MT in most cells (Ledbetter and
Porter, 1964; Tilney et al., 1973), but exceptions to this rule are known (Bur-
ton et al., 1975; Chalfie and Thomson, 1982). The precise arrangement of the
aB-dimers in the MT can be deduced from optical diffraction patterns, which
show all dimers to be oriented unidirectionally (Fig. 2; Amos and Klug, 1974;
Amos, 1979). The structural polarity of MTs is believed to be important for

Figure 1. Bovine brain tubulin assembled into microtubules in the presence of 2 pg/ml taxol and
negatively stained with uranyl acetate. Beaded protofilaments can be recognized in most parts of
the microtubules. Bar, 0.1 pm. (Micrograph kindly provided by M. Schliwa.}

Figure 2. (a) Electron micrograph (taken by H. P. Erickson) of a negatively stained microtubule.
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